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The aspiration for producing algal biofuel is motivated by the desire to replace
conventional petroleum fuels, produce fuels domestically, and reduce greenhouse gas
emissions. Although, in theory, algae have the potential to produce a large amount of
petroleum fuel substitutes and capture carbon emissions, in practice, profitable algal
biofuel production has proven quite challenging. This dissertation characterizes the
production pathways for producing petroleum fuel substitutes from algae and evaluates
constraints on algal biofuel production. Chapter 8 provides a summary of the entire
dissertation.
The first chapter provides a framework for reporting the production of renewable
diesel from algae in a consistent way by using data that are specific and by presenting
information with relevant metrics. The second chapter presents a review of analytical
tools (i.e., microscopy, spectroscopy, and chromatography) that can be used to analyze
the structure and composition of intermediate products in an algal biofuel production
pathway.
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In chapters 3 through 6, the energy return on investment, water intensity, and
financial return on investment are presented for three cases: 1) an Experimental Case in
which data were measured during five batches of algal biocrude production with a
combined processed volume of about 7600 L, 2) a hypothetical Reduced Case that
assumes the same energy output as the Experimental Case, with reduced energy and
material inputs, and 3) a Highly Productive Case that assumes higher energy outputs than
the Experimental Case, with reduced energy and material inputs, similar to the Reduced
Case.
For all three cases, the second-order energy return on investment was determined to
be significantly less than 1, which means that all three cases are energy negative. The
water intensity (consumption and withdrawal) for all cases was determined to be much
greater than that of conventional petroleum fuels and biofuels produced from nonirrigated crops. The financial return on investment was also found to be significantly less
than 1 for all cases, indicating production would be unprofitable. Additionally, it was
determined that large-scale algal biofuel production would be constrained by the
availability of critical energy and material inputs (e.g., nitrogen and carbon dioxide).
The final part of this dissertation presents a first-principles thermodynamic analysis
that represents an initial attempt at characterizing the thermodynamic limits for algal
biofuel production. In that analysis, the energy, entropy, and exergy is calculated for
each intermediate product in the algal biofuel production pathway considered here.
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Based on the results presented in this body of work, game-changing technology and
biotechnology developments are needed for sustainable and profitable algal biofuel
production.
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Algae
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ABSTRACT
Recently, algae have received significant interest as a potential feedstock for renewable
diesel (such as biodiesel), and many researchers have attempted to quantify this potential.
Some of these attempts are less useful because they have not incorporated specific values of
algal lipid content, have not included processing inefficiencies, or omitted processing steps
required for renewable diesel production. Furthermore, the associated energy, materials,
and costs requirements are sometimes omitted. The accuracy and applicability of these
estimates can be improved by using data that are more specific, including all relevant
information for renewable diesel production, and by presenting information with more
relevant metrics.
To determine whether algae are a viable source for renewable diesel, three questions
that must be answered are: 1) how much renewable diesel can be produced from algae, 2)
what is the financial cost of production, and 3) what is the energy ratio of production? To
help accurately answer these questions, we propose an analytical framework and associated
nomenclature system for characterizing renewable diesel production from algae. The three
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production pathways discussed in this study are the transesterification of extracted lipids,
thermochemical conversion of algal biomass, and conversion of secreted algal oils. The
nomenclature system is initially presented from a top-level perspective that is applicable to
all production pathways for renewable diesel from algae. Then, the nomenclature is
expanded to characterize the production of renewable diesel (specifically, biodiesel) from
extracted algal lipids in detail (cf. Appendix 1B). The analytical framework uses the
presented nomenclature system and includes three main principles: using appropriate
reporting metrics, using symbolic notation to represent unknown values, and presenting
results that are specific to algal species, growth conditions, and product composition.
Abbreviations
General:
NREL
National Renewable Energy Lab
FROI
Financial Return on Investment
EROI
Energy Return on (Energy) Investment
LHV
Lower Heating Value
Products:
RD
BD
BC
GM
HM
LM
L
SL
UL
SUL
FAME
TAG

Renewable Diesel
Biodiesel
Biocrude
Grown Mass
Harvested Mass
Lysed Mass
Lipids
Separated Lipids
Useful Lipids
Separated Useful Lipids
Fatty Acid Methyl Ester
Triacylglycerol

Processes:
G
P

Growth
Processing
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R
H
CL
S
T
PP

Refining
Harvesting
Cell Lysing
Separations
Transesterification
Post-processing

Efficiency:
proc
ref
harv
cellys
sep
trans
post

Processing
Refining
Harvesting
Cell Lysing
Separations
Transesterification
Post-processing

Composition:
LF
Lipid Fraction
ULF
Useful Lipid Fraction
TAGF
Triacylglycerol Fraction
Conversion Factors (dimensionless):
GMCF – Grown mass conversion factor [-]
BCCF – Biocrude conversion factor [-]
HMCF – Harvested mass conversion factor [-]
LMCF – Lysed mass conversion factor [-]
SLCF – Separated lipids conversion factor [-]
SULCF – Separated useful lipid conversion factor [-]
FAMECF – Fatty acid methyl ester conversion factor [-]
Units
𝐿 – Liter
𝐿𝐺 – Liters of growth volume
𝐿𝑅𝐷 – Liters of renewable diesel
𝑔 – Gram
𝑑 - Day
𝐽 – Joule
$ – US Dollars
Pa – Pascals
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Nomenclature
𝑃 – Productivity
𝑀 – Mass
𝑉 – Volume
𝑡𝑐 – Cultivation time
𝜑 – Efficiency
𝐶̃ – Cost for a processing step (in units of dollars per liter of renewable diesel)
𝑐̃ – Cost for a processing step (in units of dollars per kg of product)
𝐶 – Cost of intermediate product (in units of dollars per liter of renewable diesel)
𝑐 – Cost of intermediate product (in units of dollars per kg of product)
𝐸� – Energy requirement for a processing step (in units of joules per liter of renewable
diesel)
𝑒̃ – Energy requirement for a processing step (in units of joules per kg of product)
𝐸 – Energy requirement for intermediate product (in units of joules per liter of renewable
diesel)
𝑒 – Energy requirement for intermediate product (in units of joules per kg of product)
𝐹𝑅𝑂𝐼 – Financial return on investment
𝐸𝑅𝑂𝐼 – Energy return on (energy) investment
ρ – Density
See Appendix 1A for a complete list of symbols
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INTRODUCTION
Overview
Currently there is a global effort to develop alternative transportation fuels. Dozens of
biological feedstock sources have been suggested to meet this effort and the success of their
implementation has varied. In this paper, we discuss algal oil, which has been touted as a
potential feedstock for renewable diesel production. Specifically, we present a framework
for reporting renewable diesel production from algae. Algae are an extremely diverse
group of organisms, and it is not surprising that different species of algae produce different
compounds that could be used as alternative fuel feedstock. Five commonly studied algal
components or products useful for alternative fuels are: lipids for petroleum fuel
substitutes, carbohydrates for ethanol, hydrogen, methane via biomass gasification, and
biomass for direct combustion, anaerobic digestion, or thermochemical conversion.[2-11]
The conversion pathways that are available (i.e., biochemical conversion, thermochemical
conversion, and transesterification) for producing algae-based-fuel (e.g., biodiesel,
methane, hydrogen, electricity, etc.) have been outlined.[12, 13] The framework presented
here is focused on characterizing the production of renewable diesel from algae. The term,
“renewable diesel” is defined as a substitute for conventional diesel fuel that is derived
from renewable resources (e.g., biodiesel).[14-16] Renewable diesel fuels are produced by
upgrading a renewable oil material, which is referred to as biocrude, and can be produced
from a variety of feedstock and production pathways. It is possible that non-diesel fuels
could be produced from algal biocrude by alternative refining techniques. Although this
study presents a framework for reporting the production of renewable diesel fuel from
algae, it is expected that similar methods can be used to report other algal fuels.
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The use of algae for alternative fuels has been studied globally by researchers for
several decades. The United States’ National Renewable Energy Laboratory (NREL)
conducted an 18 year research effort, the Aquatic Species Program, which investigated the
use of algae for biodiesel.[2] Dozens of other research and industry groups have conducted
algae-to-biofuel studies during the time of the Aquatic Species Program and since its
conclusion in 1996.
There are multiple production pathways that are being researched for renewable diesel
production from algae. Categorically, these include: 1) transesterification of extracted
algal lipids, 2) thermochemical conversion of algal biomass, and 3) conversion of secreted
algal oils (i.e., ‘milking’). Each of these pathways is discussed in greater detail in the
following sections. The reporting framework presented here provides a way to compare
results, not only from within the same production pathway, but also among different
production pathways.
In general, the potential of algae-derived renewable diesel to be a suitable alternative
fuel is dependent on the answers to three questions: 1) how much renewable diesel can be
produced, 2) what is the financial cost of production, and 3) what is the energy ratio of
producing renewable diesel? In this study, the amount of renewable diesel that can be
produced is evaluated with respect to the cultivation volume and growth duration, and is
therefore expressed in units of g/(L-d). Different metrics could be used for evaluating the
amount of renewable diesel that can be produced on a national or global scale, such as the
total land, water, and nutrients required to produce enough renewable diesel to satisfy the
United States’ liquid fuels demand. In addition, evaluating the amount of renewable diesel
that can be produced at the national or global level requires the consideration of other
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factors, such as environmental impacts, resource availability, and infrastructure
renovations, which are not specifically addressed in this study. However, the three
questions listed above are critical for evaluating the potential of an alternative fuel to make
a significant contribution to energy supply. Many variables influence the evaluation of
each of these questions and it is important to establish a systematic approach to determine
the answers.
Although great progress has been made regarding the use of algae for renewable diesel,
the field is relatively young. Consequently, some ambiguity remains about the best way to
report research results. In turn, it is easy to misinterpret published results because the
nomenclature varies. Furthermore, because an explicit reporting method has not been
established, researchers are at risk of inaccurately estimating the potential for algae as a
renewable diesel feedstock by accidentally omitting important processing inefficiencies.
Finally, due to the lack of standardization, it is difficult for researchers to integrate results
from multiple sources. The following section illuminates the inconsistencies discussed
here.
Reporting Variability and Inconsistency
The advantages of a particular species, growth environment, or conversion technology
depend on the impact it has on the entire production pathway. Said differently, the
fundamental interest is in the total energy, materials, and cost balances for renewable diesel
production. To enable systems level analyses, when reporting results associated with
individual processing steps (e.g., growth, harvesting, refining, etc.), it would be ideal to use
metrics that are compatible with the other steps. Using compatible metrics is also
important, but more complicated, if renewable diesel production from algae is integrated
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into a multi-product facility, in which waste streams of one product are used for another.
Multi-product industrial facilities like this are not specifically considered in this study.
To illustrate the variability in reporting methods, Table 1-1 and Table 1-2 list results
from several algae-based renewable diesel studies pertaining to how much renewable diesel
can be produced and the financial cost of production. The data presented are specific to the
production of biodiesel via transesterification of extracted lipids (as opposed to the other
production pathways, all of which are discussed below). Each symbol listed in Table 1-1
and Table 1-2 (e.g., 𝑃𝐺𝑀 , 𝜑𝑠𝑒𝑝 , 𝐶̃𝑇 , etc.) is defined in Appendix 1A and discussed in more

detail in the following sections (cf. Figure 1-2 and Figure 1-7). These tables illustrate the

variety of reporting methods used in the field, but do not encompass or represent all algaebased renewable diesel research that has been published. For most categories shown, there
is a wide range of results. For instance, the estimated cost of producing algal “oil” (or
lipids) varies from $39 to $209 per barrel across the studies. Additionally, there are
different metrics used to report results within the same category. For example, biomass
productivity is commonly reported in terms of kg/(m2-d) or kg/(L-d) (where m2 refers to the
growth media surface area and L refers to the growth media volume), which can lead to
ambiguities.[17] Both metrics can provide valuable data, and both should be reported when
possible. In addition, some studies use metrics to report results that do not include enough
information to adequately characterize the potential of algae as a renewable diesel
feedstock. For example, the lipid fraction is often used to evaluate the potential of different
algal species.[2, 17-19] As discussed below, the lipid fraction lacks the specificity needed
to evaluate the impact of that species, growth condition, and type of lipids produced on the
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entire production pathway.[17] Finally, in most of the studies shown, several steps in the
production pathway are omitted entirely.
Due to these inconsistencies, it is difficult to accurately determine the potential of
algae-derived renewable diesel on a systems level. Additional standardization is needed
within the field so that communication among researchers is less ambiguous. To address
this problem, we outline three production pathways for algae-derived renewable diesel,
present a nomenclature system for reporting results, and propose a framework for
characterizing the potential of algae as a source for renewable diesel production. The
nomenclature system is presented as a top-level analysis that is applicable to all three of the
production pathways. The utility of this nomenclature system is illustrated in Appendix 1B
by expanding it to include the detailed production steps for one of the production pathways
(namely, transesterification of extracted algal lipids). A detailed expansion of the other
production pathways (thermochemical conversion of algal biomass and conversion of
secreted algal oils) can be conducted similarly.
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Table 1-1. Reported research results associated with algae-derived renewable diesel productivity.
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Table 1-2. Reported research results associated with algae-derived renewable diesel cost.
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Table 1-3. Financial costs, energy requirements, and return on investment for renewable diesel
production. * The equations shown are alternative ways to report the cost and energy
requirements for renewable diesel.

TOP-LEVEL ALGAE-DERIVED RENEWABLE DIESEL PRODUCTION PATHWAY
This section presents the top-level nomenclature system for reporting productivity, cost, and
energy requirements for producing algae-derived renewable diesel, all of which are based on the
production pathway flow diagram in Figure 1-1. The nomenclature system is necessary for
reporting results within the analytical framework that is subsequently presented.
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Figure 1-1. Renewable diesel production can be represented in simplified form as three phases:
growth, processing, and refining.
Productivity
First, the renewable diesel productivity, 𝑃𝑅𝐷 , in grams per liter of growth volume per day,
can be written as,
1-1

𝑀

𝑃𝑅𝐷 = 𝑅𝐷 = 𝑃𝐺𝑀 ∙ 𝜑𝑝𝑟𝑜𝑐 ∙ 𝜑𝑟𝑒𝑓
𝑉 ∙𝑡
𝐺 𝑐

�𝐿

𝑔

𝐺 ∙𝑑

�

where 𝑀𝑅𝐷 is the mass of renewable diesel produced, 𝑉𝐺 is the algal growth volume, 𝑡𝑐 is the

cultivation period, and 𝑃𝐺𝑀 is the grown (algal) mass productivity (g of dry algal biomass/(L-d)).
In this proposed nomenclature system, “productivity” is a volumetric measure, based on the

growth volume (𝑉𝐺 ). Although areal productivity is important for many studies [10, 13, 20-22],

to determine how much renewable diesel can be produced, volumetric productivity is also a

critical measure. It is important to specify the dry weight measurement method used, and it is
best to measure organic dry weight (i.e., by removing inorganic solids). The processing
efficiency, 𝜑𝑝𝑟𝑜𝑐 , can be defined as the mass of biocrude, 𝑀𝐵𝐶 , that is obtained by a processing
method divided by the amount of (dry) grown mass, 𝑀𝐺𝑀 , that was present in the growth
13

medium prior to processing (g biocrude/g grown mass), as shown in Equation 1-2. The dry
grown mass is calculated as the algal concentration (g/L) multiplied by the growth volume (L).
𝑀

𝜑𝑝𝑟𝑜𝑐 = 𝑀 𝐵𝐶

1-2

𝐺𝑀

[−]

The refining efficiency, 𝜑𝑟𝑒𝑓 , is defined as the amount of renewable diesel, 𝑀𝑅𝐷 , that is

produced from an associated amount of biocrude, 𝑀𝐵𝐶 , which can be expressed as,
𝜑𝑟𝑒𝑓 =

1-3

𝑀𝑅𝐷
𝑀𝐵𝐶

[−]

Cost
A similar top-level cost analysis of algae-derived renewable diesel production can also be
created. The cost of renewable diesel 𝐶𝑅𝐷 , in dollars per liter, can be written as,
𝐶𝑅𝐷 = 𝑐𝑅𝐷 ∙ ρRD = 𝐶̃𝐺 +𝐶̃𝑃 + 𝐶̃𝑅

1-4

$

�𝐿 �
𝑅𝐷

where 𝐶̃𝐺 , 𝐶̃𝑃 , and 𝐶̃𝑅 are the cost of growth, processing, and refining, in dollars per liter of

renewable diesel. A tilde (~) is used to differentiate the cost of a production step (i.e., growth,
processing, or refining), from the cost of a product (i.e., grown mass, biocrude, or renewable
diesel). In Equation 1-4, 𝑐𝑅𝐷 is the cost of producing renewable diesel per kg of renewable

diesel, where the lower-case “𝑐” denotes a cost on a per mass basis. Thus, the product of 𝑐𝑅𝐷

and the density of renewable diesel, ρRD , is equal to the cost of producing renewable diesel per

liter. The units used in Equation 1-4 are adopted because many products are priced by volume,
rather than by mass.
Each cost on the right-hand-side of Equation 1-4 can be expanded. For instance, the cost of
growing algal biomass, 𝐶̃𝐺 , in dollars per liter of renewable diesel, can be expanded as,
1-5

𝐶̃𝐺 = 𝑐̃𝐺 ∙ GMCF ∙ ρRD

$

�𝐿 �
𝑅𝐷

In Equation 1-5, 𝑐̃𝐺 is the cost of growing algal biomass, in dollars per kg of (dry) grown mass,
and ρRD is the density of renewable diesel (kg/L). GMCF is the grown mass conversion factor,
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which is the amount of dry biomass that must be grown in order to produce an associated mass of
renewable diesel. Conversion factors, such as GMCF, are dependent upon the subsequent
production efficiencies, and the GMCF is defined as,
GMCF = 𝜑

1-6

1

𝑝𝑟𝑜𝑐

kg

� kgGM � ∙ 𝜑
BC

1

kg

�kg BC �
RD

𝑟𝑒𝑓

The cost of the processing phase, 𝐶̃𝑃 , in dollars per liter of renewable diesel can likewise be
expanded as,
1-7

𝐶̃𝑃 = 𝑐̃𝑃 ∙ BCCF ∙ ρRD

$

�𝐿 �
𝑅𝐷

where 𝑐̃𝑃 is the cost of the processing phase in dollars per kg of biocrude and BCCF is the
biocrude conversion factor, which is defined as,

BCCF = 𝜑

1-8

Finally, the refining cost can be expressed as,

1

𝑟𝑒𝑓

𝐶̃𝑅 = 𝑐̃𝑅 ∙ ρRD

1-9

kg

�kg BC �
RD

$

�𝐿 �
𝑅𝐷

where 𝑐̃𝑅 is the cost of refining in dollars per kg of refined product (i.e., renewable diesel).

It may also be useful to report cost results on a mass basis. The products of the production

phases are grown mass, biocrude, and renewable diesel. The cost of producing these products
can be expressed as shown in Table 1-3. Two expressions for the cost of producing renewable
diesel on a mass basis (dollars per kg of renewable diesel) are also included in Table 1-3. The
financial return on investment, 𝐹𝑅𝑂𝐼𝑅𝐷 , can be expressed as,
1-10

𝐹𝑅𝑂𝐼𝑅𝐷 =

𝑅𝑅𝐷 +𝑅𝐶𝑃
𝐶𝑅𝐷

[−]

where 𝑅𝑅𝐷 is the revenue generated by renewable diesel, 𝑅𝐶𝑃 is the revenue generated from co-

products, and 𝐶𝑅𝐷 is the cost of producing renewable diesel. Each of these terms is measured in
units of $/(L-d), however the units could be adjusted for batch processing as needed. If
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additional processing is required for co-products (e.g., converting the biomass co-product to
fuels or chemicals), the associated processing costs should be included in the denominator of
Equation 1-10.
Equations 1-4 – 1-9 and those listed in Table 1-3 demonstrate the difference between the cost
of production steps, which are denoted with a tilde (e.g., cost of growth, 𝑐̃𝐺 ), and the cost of
products, which do not include a tilde (e.g., the cost of grown mass, 𝑐𝐺𝑀 ).

Energy
It is important to determine the financial cost and the energy ratio associated with producing
renewable diesel from algae. In general, the financial and energy costs should be directly
related. However, the economics of energy production includes many variables that can skew
this relationship.[23, 24] The energy required to produce renewable diesel (direct and indirect),
𝐸𝑅𝐷 , in joules per liter, can be calculated as,
1-11

𝐸𝑅𝐷 = 𝑒𝑅𝐷 ∙ 𝜌𝑅𝐷 = 𝐸�𝐺 + 𝐸�𝑃 + 𝐸�𝑅

𝐽

�𝐿 �
𝑅𝐷

where 𝐸�𝐺 , 𝐸�𝑃 , and 𝐸�𝑅 are the energy requirements (direct and indirect) for the growth,

processing, and refining production steps in joules per liter of renewable diesel. The energy
required to produce a kg of renewable diesel is defined as 𝑒𝑅𝐷 . Allocating direct and indirect

energy requirements for energy production systems have been presented in previous studies.[2533] The energy required to produce renewable diesel, 𝐸𝑅𝐷 , can be calculated using the methods
described by Mulder and Hagens (2008).[25]

Each of the terms on the right-hand-side of Equation 1-11 can be further expanded as,
1-12
1-13

𝐸�𝐺 = 𝑒̃𝐺 ∙ GMCF ∙ 𝜌𝑅𝐷

𝐸�𝑃 = 𝑒̃𝑃 ∙ BCCF ∙ 𝜌𝑅𝐷
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𝐽

�𝐿 �
𝑅𝐷

𝐽

�𝐿 �
𝑅𝐷

1-14

𝐽

𝐸�𝑅 = 𝑒̃𝑅 ∙ 𝜌𝑅𝐷

�𝐿 �
𝑅𝐷

where 𝑒̃𝐺 , 𝑒̃𝑃 , and 𝑒̃𝑅 are the energy requirements of each production step (growth, processing,

and refining) per kg of output product (grown mass, biocrude, and renewable diesel,

respectively). As done for the financial cost of each product, the energy costs can be evaluated
on a per mass basis (joules per kg of product) as shown in Table 1-3.
Based on the framework by Mulder and Hagens, the second-order energy return on
investment for renewable diesel, 𝐸𝑅𝑂𝐼𝑅𝐷 , can be defined as,
1-15

𝐸𝑅𝑂𝐼𝑅𝐷 =

𝐸𝐶𝑅𝐷 +𝐸𝐶𝐶𝑃
𝐸𝑅𝐷

=

𝐿𝐻𝑉∙𝜌𝑅𝐷 +𝐸𝐶𝐶𝑃
𝐸𝑅𝐷

[−]

where 𝐸𝐶𝑅𝐷 is the energy content of renewable diesel, 𝐸𝐶𝐶𝑃 is the energy content of co-

products, and 𝐸𝑅𝐷 is the energy required (direct and indirect) to produce renewable diesel. Also
in Equation 1-15, 𝐿𝐻𝑉 is the lower heating value of renewable diesel (J/kg) and 𝜌𝑅𝐷 is the

renewable diesel density (kg/L). If additional energy is required to produce the final form coproducts, this energy requirement should be included in the denominator of Equation 1-15.

PRODUCTION PATHWAYS
The three production pathways listed above are presented in more detail in this section, and
displayed in Figure 1-2 through Figure 1-4. Within each pathway diagram, several different
technology options are listed for each conversion process needed to advance from one level of a
production pathway to the next. More research is needed to identify the most advantageous
technology for each conversion step. Also, different algal species may require different
conversion technology choices. Therefore, the selection of algal species and efficient processing
technologies for renewable diesel production are inter-related.
Each pathway is segmented into the three production phases listed in Figure 1-1 (i.e., growth,
processing, and refining). All of the production steps within each phase impact the efficiency,
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cost, and energy requirement for that phase. In this regard, the pathways shown here can be
further expanded to include additional sub-level production steps, and can be tailored to
accommodate other production methods. The degree to which a pathway is segmented into
discrete steps, and the categories that are used to group the steps, is somewhat arbitrary and left
to the discretion of the practitioner.

Transesterification of Extracted Lipids
Figure 1-2 is a flow chart showing the main processes that are required to produce biodiesel,
a form of renewable diesel, from extracted algal lipids, which is the most commonly-investigated
of the three pathways presented here. After algae are grown in an open pond, photobioreactor, or
fermentor (i.e., heterotrophic growth), the algae are harvested from the growth medium. After
harvesting, the lipids are extracted from the algal cells. This extraction generally consists of a
lysing process to rupture the cells followed by a separation of the lipids from the other biomass.
Alternatively, direct solvent extraction can be conducted to extract lipids, although it may be
unfeasible on the industrial scale. Additional separations may be required to obtain only the
lipids that are specifically useful for biodiesel production. These lipids are referred to as useful
lipids, and are discussed in more detail below. Once the useful lipids have been separated, they
are converted to fatty acid methyl esters (FAME) via transesterification. Biodiesel is a term that
we use to refer to a composition consisting mainly of fatty acid methyl esters that complies with
standard fuel specifications. There is also potential for producing valuable co-products, such as
glycerol, protein, or biomass. The biomass co-product could be converted to fuels (via anaerobic
digestion or gasification) or used to produce electricity (via direct combustion). A more detailed
discussion of the intermediate products in this production pathway is provided in Appendix 1B.
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Figure 1-2. The production of algal biodiesel via transesterification of algal lipids contains
several steps, and each step can be accomplished with various technologies. † Mechanical
damage includes French press, bead beater, mortar and pestle, etc. *At this resolution, it is not
clear which lipids will be useful for biodiesel production, therefore these lipids could be an
assortment or of a single type (cf. Figure 1-8). ** Biodiesel is a type of renewable diesel. a [3440] b [12, 41-46] c [39, 43, 47] d [39, 45, 48-52]
Thermochemical Biomass Conversion
Thermochemical conversion of algal biomass is another processing method that can be used
to produce renewable diesel, and the associated production pathway is shown in Figure 1-3.
After the algae are grown, they are harvested, and in some cases dried (depending on the
thermochemical conversion process applied). Biomass is the substrate for thermochemical
conversion, and therefore the entire algal cell undergoes conversion. The most common
thermochemical conversion processes are liquefaction, pyrolysis, and gasification with
subsequent Fischer-Tropsch conversion.

19

Figure 1-3. The production of renewable diesel by thermochemical conversion of algal biomass
contains several production steps and many thermochemical conversion processes exist. †
Harvesting may or may not include complete drying, depending on the thermochemical
conversion process. *Co-products composition depends on the conversion process used. a [3440] b[12, 45, 49, 53-64], c[12, 45, 53, 58, 60] d[39, 45, 48-52]
Each of these processes converts algal biomass to products that can potentially be converted
to renewable diesel. Liquefaction converts high molecular weight organic compounds to low
molecular weight oils at temperatures around 250 – 350 °C, high pressure (0.5 – 20 MPa), and
often with the aid of a catalyst.[12, 45, 49, 53, 54, 56, 65, 66] Pyrolysis is defined as the
conversion of high molecular weight organic compounds to oil under high temperature (~480 –
700 °C), in the absence of oxygen, and under operating pressures of ~0.1 – 0.5 MPa.[49, 60, 6567] Algae may also be converted to syngas by gasification, which could then be converted to
biocrude by the Fischer-Tropsch process.[10, 61-64, 68-72] The co-products of each
thermochemical conversion process vary, and can include gases, aqueous liquids, and solid char.
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Following thermochemical conversion, the oils (i.e., biocrude) are separated from the
conversion products (usually by solvent extraction with chloroform or dichloromethane)[12, 45,
53, 58, 60], and may be refined into renewable diesel. There is also potential for the production
of valuable co-products with thermochemical algal biomass conversion. For instance, the
gaseous product contains methane and the solid char residue could be used as a combustion fuel
or soil additive.

Conversion of Secreted Algal Oils
Another method that has been explored for renewable diesel production is the collection and
conversion of secreted algal oils (sometimes called milking). The aim of this method is to use
genetically modified organisms (GMO) that secrete oils into the growth medium. The
production of renewable diesel from secreted algal oils is the least mature of the three production
pathways presented here. Much of the work in this area to date is proprietary. As a result, the
feasibility of this production pathway is unclear. The increased cost of engineering a suitable
organism and maintaining a monoculture may be offset by a reduction in processing cost
required to produce renewable diesel, as compared to the lipid extraction and thermochemical
conversion production pathways shown above. The most general steps required for producing
renewable diesel from secreted algal lipids are shown in Figure 1-4.
The first processing step required in this production pathway is the separation of secreted oil
from the growth medium. The term “oils” is used here rather than “lipids” because the exact
composition of the secreted products is not yet known. As a result, secondary separations may
be required to recover oils that are specifically useful for refining into renewable diesel
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Figure 1-4. The production of renewable diesel from algal oil that is secreted into the growth
medium is a relatively new approach. *In this process, the algal culture often consists of
genetically modified organisms.[73-81]
FRAMEWORK PRINCIPLES
In this section, a proposed framework is presented that uses the nomenclature developed in
this work (specifically, for transesterification of algal lipids as detailed in Appendix 1B). The
framework is based on three principles: using strong reporting metrics, using symbolic notation
to include unknown values, and ensuring that results are presented consistently. Each of these
principles is discussed in detail below.
Strong Metrics
First, results should be reported with the strongest metric possible. The strength of a metric
refers to the amount of information relevant to renewable diesel production that it contains. For
instance, the metric “triacylglycerol per dry weight” is stronger than “lipid per dry weight”
because it includes additional information about the composition of the lipids. Similarly, the
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biodiesel productivity, 𝑃𝑅𝐷 , is a stronger metric than lysed mass productivity, 𝑃𝐿𝑀 , and this
concept is illustrated in Figure 1-6.

The scope of a particular study determines the amount of information that is obtained, and
the associated reporting metric. Figure 1-5 illustrates how metric strength increases as the
breadth of information conferred by the metric increases. It does not include all relevant metrics
for renewable diesel production from algae. For example, a primary study may focus on
determining the amount of CO2 required for large scale algal cultivation, a subset of the
“Materials Consumed for Growth” metric.
Figure 1-6 lists the productivity, cost, and energy requirements associated with each
intermediate product in the production pathway (specifically, transesterification of algal lipids)
in order of metric strength.

23

Figure 1-5. Metric strength increases as the amount of information that the metric contains
increases. It is important that results are consistent in algal species and growth conditions and
include all relevant inputs and processing steps. It is assumed for this figure that renewable
diesel (specifically, biodiesel) can only be made from triacylglycerol, rather than all lipids.

24

Figure 1-6. The productivity, cost, and energy requirements associated with producing each
intermediate product can be written as an inverted pyramid, with the strongest metrics
representing the entire production pathway. The subscripts on the left-hand-side of the equations
are renewable diesel (RD), fatty acid methyl esters (FAME), separated useful lipids (SUL), lysed
mass (LM), harvested mass (HM), and grown mass (GM). The overall units for these equations
are g/L-d, $/𝐿 , and 𝐽/𝐿 for the productivity, cost, and energy equations, respectively. (Recall
that the tilde denotes a processing step cost or energy requirement and that this nomenclature is
specific to transesterification of algal lipids.)
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Use of Symbolic Notation
The second principle for the proposed characterization framework is that results from studies
with limited scope can be reported with strong metrics by including unknown information in
symbolic notation. There are two main advantages of presenting information in this manner: 1)
it ensures that results are not taken out of context, thus helping to avoid incomplete estimates for
the potential of renewable diesel from algae, and 2) it explicitly identifies the areas where
additional data are needed to complete the production pathway analysis. In addition, using
symbolic notation enables results to be incorporated into systems-level analyses more directly.
The nomenclature used in this section is described in detail in Appendix 1B.
To demonstrate reporting results with unknowns in symbolic notation in an example, the
triacylglycerol productivity, 𝑃𝑇𝐴𝐺 , of a culture can be expressed as,
1-16

𝑃𝑇𝐴𝐺 =

𝑀𝑇𝐴𝐺
𝑉𝐺 ∙𝑡

= 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝

�𝐿

𝑔

𝐺 ∙𝑑

�

where 𝑃𝐺𝑀 is the grown mass productivity and the efficiencies are defined in Appendix 1B.
Note that triacylglycerol is a subset of useful lipids, and therefore the separations
efficiency, 𝜑𝑠𝑒𝑝 , can be evaluated as,
1-17

𝜑𝑠𝑒𝑝 = 𝐿𝐹 ∙ 𝜑𝑠𝑒𝑝𝐿 ∙ 𝑇𝐴𝐺𝐹 ∙ 𝜑𝑠𝑒𝑝𝑇𝐴𝐺

[−]

where 𝑇𝐴𝐺𝐹 is the triacylglycerol fraction, which is the fraction of lipids that are triacylglycerol
(g triacylglycerol/g lipid), and 𝜑𝑠𝑒𝑝𝑇𝐴𝐺 is the efficiency with which the triacylglycerol can be

separated from the other lipids. These terms have been substituted for the useful lipid fraction,
𝑈𝐿𝐹, and useful lipid separations efficiency, 𝜑𝑠𝑒𝑝𝑈𝐿 , of Equation 1-33. In a situation where a

researcher may not have all of the above information, the results could be reported in symbolic
notation. For instance, in a study by Richmond et al., Nannochloropsis salina was produced at a
rate of 24.5 g/m2-day with a lipid fraction of about 16% in a pond with 0.12 m depth.(cf.
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Sheehan et al., 1996, p.191)[2] This information translates to a triacylglycerol productivity that
can be reported as,
1-18

24.5

𝑃𝑇𝐴𝐺 = 0.12∙1000 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 0.16 ∙ 𝜑𝑠𝑒𝑝𝐿 ∙ 𝑇𝐴𝐺𝐹 ∙ 𝜑𝑠𝑒𝑝𝑇𝐴𝐺

𝑃𝑇𝐴𝐺 = 0.033 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝𝐿 ∙ 𝑇𝐴𝐺𝐹 ∙ 𝜑𝑠𝑒𝑝𝑇𝐴𝐺
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Leaving the triacylglycerol fraction, 𝑇𝐴𝐺𝐹, in symbolic form helps to avoid using the terms

“lipid” and “triacylglycerol” synonymously. Furthermore, leaving the processing efficiencies in
symbolic notation clarifies that the triacylglycerol productivity, 𝑃𝑇𝐴𝐺 , is dependent on the
processing methods.

To further illustrate the use of symbolic notation, renewable diesel productivity, 𝑃𝑅𝐷 , can be

used to present the results for heterotrophic growth of Chlorella protothecoides presented by Li
et al. (2007).[82] The 8,000 L growth volume used in that study produced an algal density of

14.2 g/L with a lipid fraction, 𝐿𝐹, of 44.3%, and 98% of the lipids were converted to FAME via
transesterification. The cultivation period was 8.33 days, yielding a grown mass productivity,
𝑃𝐺𝑀 , of 1.70 g/(L-d). However, the transesterification efficiency was not reported on a mass-

basis, the harvesting efficiency was not reported, and post-processing was not conducted.

Therefore, these values can be best represented in symbolic notation and the renewable diesel
productivity in the study by Li et al. can be reported as,
1-19

𝑃𝐵𝐷 = 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝 ∙ 𝜑𝑡𝑟𝑎𝑛𝑠 ∙ 𝜑𝑝𝑜𝑠𝑡
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𝑃𝐵𝐷 = 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝐿𝐹 ∙ 𝜑𝑠𝑒𝑝𝐿 ∙ 𝑈𝐿𝐹 ∙ 𝜑𝑠𝑒𝑝𝑈𝐿 ∙ 𝜑𝑡𝑟𝑎𝑛𝑠 ∙ 𝜑𝑝𝑜𝑠𝑡

or

= 1.70 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 1 ∙ 0.443 ∙ 1 ∙ 1 ∙ 1 ∙ 𝜑𝑡𝑟𝑎𝑛𝑠 ∙ 𝜑𝑝𝑜𝑠𝑡
𝑃𝐵𝐷 = 0.75 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑡𝑟𝑎𝑛𝑠 ∙ 𝜑𝑝𝑜𝑠𝑡
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In Equation 1-19, the cell lysing efficiency, 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 , lipid separation efficiency, 𝜑𝑠𝑒𝑝𝐿 , and the

useful lipid separation efficiency, 𝜑𝑠𝑒𝑝𝑈𝐿 , were assumed to be unity because the lipid fraction

was determined from the amount of lipid separated, thus already containing the lysing and lipid
separations efficiency, and all extracted lipids were used for the production of FAME. For this
calculation, it is also assumed that the lipid fraction remains constant throughout harvesting and
lysing. The validity of that assumption is not known (cf. Chapter 2, Appendix 2C).
Similarly, symbolic notation can be used to report financial and energy costs. For example,
Schenk et al. (2008) cite the cost of producing algal oil (between $126 and $209 US(2008)/bbl or
between $0.79 and $1.31 US(2008)/L) based on Seambiotic Inc. biomass growth and harvesting
costs of $0.34/kg of dry algae (i.e., harvested dry mass). The algae in that study were reported to
have a lipid fraction, 𝐿𝐹, of 24%. Schenk et al. assumed no additional processing cost.[19] We
suggest that the cost of producing renewable diesel from this biomass is aptly characterized by
Equation 1-20, which is,
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$

𝐶𝑅𝐷 = 𝑐𝑅𝐷 ∙ ρRD = 𝐶̃𝐺 +𝐶̃𝐻 + 𝐶̃𝐶𝐿 + 𝐶̃𝑆 + 𝐶̃𝑇 + 𝐶̃𝑃𝑃
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To evaluate Equation 1-20, the growth and harvesting processing costs can be combined to
obtain an expression for the cost of harvested (algal) mass. Combining Equations 1-5 and 1-41,
the processing costs of growing and harvesting algal biomass in dollars per liter of renewable
diesel, 𝐶̃𝐺 + 𝐶̃𝐻 , can be expanded as,
1-21

$

𝐶̃𝐺 + 𝐶̃𝐻 = 𝐶𝐻𝑀 = 𝑐̃𝐺 ∙ GMCF ∙ ρRD + 𝑐̃𝐻 ∙ HMCF ∙ ρRD
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where 𝐶𝐻𝑀 represents the cost of harvested (algal) mass (i.e., grown and harvested) per liter of

renewable diesel. Equation 1-21 reduces to,
1-22

1
𝐶̃𝐺 + 𝐶̃𝐻 = (𝑐̃𝐺 ∙ 𝜑

ℎ𝑎𝑟𝑣

+ 𝑐̃𝐻 ) ∙ HMCF ∙ ρRD

and the cost of harvested (algal) mass per kg, 𝑐𝐻𝑀 , is,
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𝑐𝐻𝑀 = (𝑐̃𝐺 ∙ 𝜑

1-23
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Equation 1-23 is useful to illustrate the distinction between 𝑐̃𝐻 , which is the cost of the

harvesting process per kg of harvest mass, and 𝑐𝐻𝑀 , which is the total cost of producing

harvested mass (which includes growth costs). Equation 1-21 can therefore be written more
concisely as,
$

𝐶̃𝐺 + 𝐶̃𝐻 = 𝐶𝐻𝑀 = 𝑐𝐻𝑀 ∙ HMCF ∙ ρRD
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$

Equation 1-24 can be populated with the data reported by Schenk et al. (𝑐𝐻𝑀 = 0.34 [𝑘𝑔] and
𝑘𝑔

𝜌𝑅𝐷 = 0.92 [ 𝐿 ]), and the cost of producing harvested (algal) dry mass per liter of renewable

diesel can be calculated as,

$

𝐶̃𝐺 + 𝐶̃𝐻 = 𝐶𝐻𝑀 = 0.34 ∙ HMCF ∙ 0.92
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Evaluating the lipid fraction, 𝐿𝐹, as 24% in HMCF and reducing yields,
𝐶̃𝐺 + 𝐶̃𝐻 = 1.31 ∙ 𝜑
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Then, using the cost of the transesterification process per liter of FAME produced (i.e., 𝑐̃𝐹𝐴𝑀𝐸 ∙
ρRD ) to be about $0.13 US(2008)/L [83], the total cost of producing algae-derived renewable
diesel (combining Equation 1-26 with Equation 1-20) can be expressed as,

1-27

𝐶𝑅𝐷 = 1.31 ∙ 𝜑

1

𝑐𝑒𝑙𝑙𝑦𝑠

∙𝜑

1

𝑠𝑒𝑝

∙𝜑

1

𝑡𝑟𝑎𝑛𝑠

∙𝜑

1

𝑝𝑜𝑠𝑡

+ 𝐶̃𝐶𝐿 + 𝐶̃𝑆 + 0.13 ∙ 𝜑

1

𝑝𝑜𝑠𝑡

+ 𝐶̃𝑃𝑃

$

�𝐿 �
𝑅𝐷

Using symbolic notation can also improve the consistency of reporting results associated
with the net energy ratio for producing algal renewable diesel. For example, Benemann and
Oswald (1996) present an energy analysis for fuel inputs required for growing and harvesting
algae and report the energy requirement for producing harvested algal biomass, 𝑒𝐻𝑀 , of between
0.924 and 1.202 kJ/kg (note, 𝑒̃𝐺𝑀 ∙ 𝜑

1

ℎ𝑎𝑟𝑣

+ 𝑒̃𝐻 = 𝑒𝐻𝑀 , where 𝜑ℎ𝑎𝑟𝑣 is assumed to be 1. cf.
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Appendix 1B).[83] Therefore, as described in detail in Appendix 1B, using 𝑒𝐻𝑀 = 1.202 kJ/kg,
the energy required for growing and harvesting per liter of renewable diesel, 𝐸�𝐺 + 𝐸�𝐻 , can be

approximated as,
1-28

𝐸�𝐺 + 𝐸�𝐻 = 1.202 ∙ HMCF ∙ 𝜌𝑅𝐷

𝑘𝐽

�𝐿 �
𝑅𝐷

Using this value, a 𝐿𝐻𝑉 of renewable diesel to be 41 MJ/kg [84], and the density of renewable
diesel, 𝜌𝑅𝐷 , as 0.92 kg/L in the energy return on energy investment (Equation 1-15) yields,
1-29

41,000∙0.92+𝐸𝐶𝐶𝑃
� 𝑆 +𝐸�𝑇 +𝐸�𝑃𝑃
𝐶𝐿 +𝐸

𝐸𝑅𝑂𝐼𝑅𝐷 = 1.202∙𝐻𝑀𝐶𝐹∙0.92+𝐸�

[−]

Combining Equation 1-28 and 1-53 produce the denominator of Equation 1-29. One can see that
the EROI is dependent upon the energy requirements of all processing steps, and additional data
are needed to accurately assess these terms. The energy ratio is also dependent on the allocation
of indirect energy requirements. For example, Clarens et al. (2010) include the energy
embedded in nutrients (including CO2) in their life cycle analysis, which yields a growing and
harvesting energy requirement of 22,710 kJ/kg of harvested algae.[29] This result is three orders
of magnitude greater than the estimate provided by Benemann and Oswald that is used in
Equation 1-29. Lardon et al. (2009) have also conducted a net energy balance for renewable
diesel (specifically, algal biodiesel), and have also used a unique set of system boundaries.[85]

Reporting Consistency
The third principle for the characterization framework is that results associated with
renewable diesel production from algae should be reported consistently. Consistent refers to
presenting results that are specific (to algal species, growth conditions, and product
composition), inclusive (of all inputs and processing steps), and that consider the energy,
materials, and cost associated with all relevant production pathway steps.
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Specific Results
Due to the scope of a particular study, some reported results are not explicit with respect to
algal species, growth conditions, or product composition.[12, 50, 60, 86-92] As a result of the
variety amongst algal species, even within a single genus, it is important that the characteristics
of one alga are not mixed with those of another for analytical calculations. The energy, cost, and
materials required for production typically vary with species. This lack of specificity in the
results of many studies limits their utility.
It is also important to be specific when citing results that are dependent upon growth
conditions. Combining results for the maximum lipid fraction (g lipid/g algal mass) of a
particular alga (often obtained under nutrient deficient conditions) with the maximum growth
rate of that alga (generally obtained under nutrient replete conditions) introduces an
inconsistency in the resulting lipid productivity. This practice is misleading because growth rate
and lipid production are generally inversely related [2].
There are several different metrics that are often used to evaluate algal biofuel potential
including lipid content, neutral lipid content, triacylglycerol content, etc. If these terms are
improperly used as synonyms, comparisons among various results are not direct comparisons.
For instance, the terms “oil” or “algae oil” are frequently used for reporting results without
defining the chemical composition of these substances. These terms have been used to refer to
algal lipids, biodiesel, and even ethanol. The lack of specificity regarding these metrics
needlessly limits the value of the published results.
Finally, neglecting to distinguish among types of biofuels can also introduce ambiguity in
analyses. For example, ethanol contains about 70% of the energy content per volume of
biodiesel.[84, 93]
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Inclusive Results
Many studies specifically addressing the production of renewable diesel from algae could be
more widely useful if they included information encompassing more of the production pathway.
[19, 58, 84, 86, 92, 94-97] While the scope of a study determines the breadth of information
available, it is useful to rigorously place the work in the context of the entire production
pathway. As suggested by Griffiths and Harrison (2009), this benefit is particularly true for
studies that include information regarding the products of interest in algal cultures for biodiesel
production (i.e., lipids or triacylglycerol).[17] For example, if a researcher evaluates the impact
of different nutrients on lipid production, the results for that study are most useful if they provide
more information than simply the lipid fraction, 𝐿𝐹, of the cultures.

It is also important to include information about all relevant parts of the production pathway

due to the variability of algal cultures. Downstream processing studies have been conducted to
evaluate the efficiency of processing algae or “algae oil,” without including relevant information
about the algal species, lipid content, or oil composition.[94, 95] Since growth rate, lipid
content, and lipid composition can vary widely depending on species or growth conditions [2,
17, 18, 98-106] the processing efficiencies determined for one alga or one composition of “algae
oil” may differ from those associated with different algae or oil compositions. The resources
required for production may also vary depending on species.[56] Including the algal species
and/or the composition of the tested algal oil would reduce these inconsistencies.
Also, there is a significant discrepancy among costs on a lab scale, pilot scale, and
commercial scale and among results obtained for short term versus long term experiments.
Correlating data among these scales and time frames is challenging, and the scalability of algal
production for biofuels is an ongoing area of research. To advance this research area, which is
critical for producing accurate estimates of the potential of algae for renewable diesel, it is
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valuable to be as specific about the growth volume and time period as possible because the
cultivation scale can impact growth characteristics.[2, 19]
Finally, several systems-level analyses have calculated estimates for the total land area (for
open ponds) or growth volume (for bioreactors) required to cultivate enough microalgae needed
to produce a specified amount of diesel fuel substitute (such as to satisfy the United States’ diesel
consumption).[19, 86-88, 107] Other studies present estimates for the total financial cost of
producing “algae oil” in terms such as dollars per barrel.[2, 19, 34, 83, 86, 89, 96, 107]
However, some of these analyses, including some analyses listed in Table 1-1 omit important
pieces of the production pathway, leading to inconsistent results.

Energy, Materials, and Cost Balances
The third way to improve reporting consistency is by considering the energy, materials, and
cost requirements for each production process. These requirements are relevant for specific
studies conducted by primary researchers (e.g., energy required to grow a culture) and especially
for systems-level researchers who characterize the potential for algae-based biofuel. In fact, the
two are directly linked. Without energy, materials, and cost information associated with primary
studies of individual processes, it is impossible to compile the energy balance of the entire
production pathway.
There are numerous primary studies on algal growth, lipid composition, and processing
methods.[2, 17, 18, 20, 21, 58, 99, 101-103, 105, 108-111] The impact of many primary studies
could potentially be increased with the inclusion of energy, cost, and material requirements. For
instance, if a study on the lipid fraction of different algal species includes the amount of energy,
materials, and cost required to produce the lipid, its results could be more broadly interpreted.
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Information that is not relevant or not known can be presented in symbolic notation, as suggested
above, to enable the use of strong reporting metrics.
It is also important that top-level analyses of renewable diesel produced from algae address
the energy, materials, and cost requirements for renewable diesel production consistently.
Significant inconsistencies can arise when the requirements for entire production steps are
omitted or oversimplified. Several systems-level analyses have been published for renewable
diesel from algae (primarily biodiesel), each with a different amount of information regarding
energy, cost, and material requirements.[2, 19, 34, 49, 56, 83, 86, 89, 96, 107, 112] These
systems-level cost analyses provide good outlines for conducting cost estimates, but sometimes
lack specificity to algal species or growth conditions, and may omit some required processing
steps. Processing efficiencies and resource requirements may depend on the algal species and
composition.[19, 34, 35, 56, 94]

CONCLUSION
For the field of algae-derived renewable diesel to progress, the community of researchers
needs to provide accurate answers to the three questions: 1) how much renewable diesel can be
produced, 2) how much will this renewable diesel cost, and 3) what are the energy requirements
for production? We have proposed a framework and associated nomenclature system for
characterizing the potential of algae for renewable diesel that outlines a method for presenting
consistent, widely interpretable results. This framework consists of three principles: using strong
metrics, using symbolic representation for unknown information, and presenting results that are
consistent and include all relevant information. Widespread use of common nomenclature and a
consistent reporting framework by primary researchers would allow systems-level analysts to
integrate the results of primary research into estimates for the potential of algae for renewable
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diesel. In turn, widespread use of a framework by systems-level analysts would lead to more
accurate and informative estimates, which are valuable for researchers and policy makers.
Accurate and informative estimates of the potential of renewable diesel will help researchers
focus their efforts on the most pressing problems and help policy makers make appropriate
decisions about funding and resource allocation related to algal biofuel development.
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APPENDIX 1A: GLOSSARY OF SYMBOLS AND ASSOCIATED UNITS
Productivity
𝑃𝐺𝑀 – Grown mass productivity �𝐿

𝑔

𝐺 ∙𝑑

�

𝑃𝐻𝑀 – Harvested mass productivity �𝐿
𝑃𝐿𝑀 – Lysed mass productivity �𝐿

𝑔

𝐺 ∙𝑑

�

𝑔

𝐺 ∙𝑑

�

𝑃𝑆𝐿 – Total separated lipids productivity �𝐿

𝑔

𝐺 ∙𝑑

𝑃𝑆𝑈𝐿 – Separated useful lipids productivity �𝐿
𝑃𝑇𝐴𝐺 – Triacylglycerol productivity �𝐿

𝑔

𝐺 ∙𝑑

�

�

𝑔

𝐺 ∙𝑑

�

𝑃𝐹𝐴𝑀𝐸 – Fatty acid methyl esters productivity �𝐿

𝑃𝐵𝐷 – Biodiesel productivity �𝐿

𝑔

𝐺 ∙𝑑

�

𝑃𝑅𝐷 – Renewable diesel productivity �𝐿

𝑔

𝐺 ∙𝑑

𝑔

𝐺 ∙𝑑

�

�

𝑀𝑅𝐷 – Renewable diesel mass [𝑔]
𝑀𝐵𝐶 – Biocrude mass [𝑔]
𝑀𝐺𝑀 – Grown algal mass [𝑔]
𝑀𝑆𝑈𝐿 – Separated useful lipid mass [𝑔]
𝑀𝐿𝑀 – Lysed algal mass [𝑔]
𝑀𝑇𝐴𝐺 – Triacylglycerol mass [𝑔]
𝑉𝐺 – Volume of growth medium [𝐿]
𝑡𝑐 – cultivation time [𝑑]
𝜑𝑝𝑟𝑜𝑐 – Processing efficiency [-]
𝜑𝑟𝑒𝑓 – Refining efficiency [-]
𝜑ℎ𝑎𝑟𝑣 – Harvesting efficiency [-]
𝜑𝑐𝑒𝑙𝑙𝑦𝑠 – Cell lysing efficiency [-]
𝜑𝑠𝑒𝑝 – Overall separations efficiency [-]
𝜑𝑠𝑒𝑝𝐿 – Total lipid separations efficiency [-]
𝜑𝑠𝑒𝑝𝑈𝐿 – Useful lipid separations efficiency [-]
𝜑𝑠𝑒𝑝𝑇𝐴𝐺 – Triacylglycerol separations efficiency (from total lipids) [-]
𝜑𝑡𝑟𝑎𝑛𝑠 – Transesterification efficiency [-]
𝜑𝑝𝑜𝑠𝑡 – Post-processing efficiency [-]
𝐿𝐹 – Lipid fraction [-]
𝑈𝐿𝐹 – Useful lipid fraction [-]
𝑇𝐴𝐺𝐹 – Triacylglycerol fraction [-]

36

Costs
Processing costs per liter of renewable diesel produced:
$
𝐶̃𝐺 – Cost of growth � �
𝐿𝑅𝐷

$
𝐶̃𝑃 – Cost of processing �𝐿 �
$

𝑅𝐷

𝐶̃𝑅 – Cost of refining �𝐿 �
𝑅𝐷

$
𝐶̃𝐻 – Cost of harvesting �𝐿 �
𝑅𝐷

$
𝐶̃𝐶𝐿 – Cost of cell lysing �𝐿 �
𝑅𝐷

$

𝐶̃𝑆 – Cost of separations �𝐿 �
𝑅𝐷

$
𝐶̃𝑆𝐿 – Cost of total lipid separations �𝐿 �
𝑅𝐷

$
𝐶̃𝑆𝑈𝐿 – Cost of useful lipid separations �𝐿 �
$
𝐶̃𝑇 – Cost of transesterification �𝐿 �

𝑅𝐷

𝑅𝐷

$
𝐶̃𝑃𝑃 – Cost of post-processing �𝐿 �
𝑅𝐷

Processing costs per kg of intermediate product produced by that process:
$

𝑐̃𝐺 – Cost of growth per kg of grown (algal) mass �𝑘𝑔
$

𝑐̃𝑃 – Cost of processing per kg of biocrude �𝑘𝑔 �
𝐵𝐶

𝐺𝑀

�

$

𝑐̃𝑅 – Cost of refining per kg of renewable diesel �𝑘𝑔 �
𝑅𝐷

$

𝑐̃𝐻 – Cost of harvesting per kg of harvested (algal) mass �𝑘𝑔
$

𝑐̃𝐶𝐿 – Cost of cell lysing per kg of lysed (algal) mass �𝑘𝑔 �

𝐻𝑀

𝐿𝑀

�
$

𝑐̃𝑆 – Cost of overall separations per kg of separated useful lipid �𝑘𝑔
$

𝑐̃𝑆𝐿 – Cost of total lipid separations per kg of separated lipid �𝑘𝑔 �

𝑆𝑈𝐿

𝑆𝐿

�
$

𝑐̃𝑆𝑈𝐿 – Cost of useful lipid separations per kg of separated useful lipid �𝑘𝑔
𝑐̃𝑇 – Cost of transesterification per kg of FAME produced �𝑘𝑔
$

$

𝐹𝐴𝑀𝐸

𝑐̃𝑃𝑃 – Cost of post-processing per kg of renewable diesel �𝑘𝑔 �
𝑅𝐷

Cost of intermediate products per liter of renewable diesel:
$

𝐶𝐺𝑀 – Cost of grown mass �𝐿 �
𝑅𝐷

$

𝐶𝐵𝐶 – Cost of biocrude mass �𝐿 �
𝑅𝐷
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�

𝑆𝑈𝐿

�

$

𝐶𝐻𝑀 – Cost of harvested mass �𝐿 �
𝑅𝐷

$

𝐶𝐿𝑀 – Cost of lysed mass�𝐿 �
𝑅𝐷

$

𝐶𝑆𝑈𝐿 – Cost of separated useful lipids �𝐿 �
𝑅𝐷

$

𝐶𝐹𝐴𝑀𝐸 – Cost of fatty acid methyl esters �𝐿 �
𝑅𝐷

$

𝐶𝑅𝐷 – Cost of renewable diesel �𝐿 �
𝑅𝐷

Cost of intermediate products per kg:
$

𝑐𝐺𝑀 – Cost of grown mass �𝑘𝑔

𝐺𝑀

$

�

𝑐𝐵𝐶 – Cost of biocrude mass �𝑘𝑔 �
𝐵𝐶

$

𝑐𝐻𝑀 – Cost of harvested mass �𝑘𝑔
$

𝑐𝐿𝑀 – Cost of lysed mass �𝑘𝑔 �
𝐿𝑀

𝐻𝑀

$

𝑐𝑆𝐿 – Cost of separated lipid �𝑘𝑔 �
𝑆𝐿

�
$

𝑐𝑆𝑈𝐿 – Cost of separated useful lipid �𝑘𝑔

𝑆𝑈𝐿

�

𝑐𝐹𝐴𝑀𝐸 – Cost of fatty acid methyl esters �𝑘𝑔

$

𝐹𝐴𝑀𝐸

�

$

𝑐𝑅𝐷 – Cost of renewable diesel (equivalent to the cost of post-processed mass) �𝑘𝑔 �
Energy
𝐽

𝐿𝐻𝑉 – Lower heating value �𝑘𝑔�

𝐸𝑅𝑂𝐼𝑅𝐷 – Energy return on energy investment for renewable diesel [-]

Energy requirements for processing per kg of renewable diesel produced:
𝐽
𝐸�𝐺 – Energy for growth � �
𝐿𝑅𝐷

𝐽
𝐸�𝑃 – Energy for processing �𝐿 �
𝐽

𝑅𝐷

𝐸�𝑅 – Energy for refining �𝐿 �
𝑅𝐷

𝐽
𝐸�𝐻 – Energy for harvesting �𝐿 �
𝑅𝐷

𝐽
𝐸�𝐶𝐿 – Energy for cell lysing �𝐿 �
𝑅𝐷

𝐽
𝐸�𝑆 – Energy for overall separations �𝐿 �
𝑅𝐷

𝐽
𝐸�𝑆𝐿 – Energy for total lipids separations �𝐿 �
𝑅𝐷
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𝑅𝐷

𝐽
𝐸�𝑆𝑈𝐿 – Energy for useful lipids separations �𝐿 �
𝑅𝐷

𝐽

𝐸�𝑇 – Energy for transesterification �𝐿 �
𝐽

𝑅𝐷

𝐸�𝑃𝑃 – Energy for post-processing �𝐿 �
𝑅𝐷

Energy requirements for processing per kg of product:
𝐽

𝑒̃𝐺 – Energy for growth per kg of grown mass �𝑘𝑔

𝐺𝑀

𝐽

�

𝑒̃𝑃 – Energy for processing per kg of biocrude �𝑘𝑔 �
𝐵𝐶

𝐽

𝑒̃𝑅 – Energy for refining per kg of renewable diesel �𝑘𝑔 �
𝑅𝐷

𝐽

𝑒̃𝐻 – Energy for harvesting per kg of harvested mass �𝑘𝑔
𝐽

𝑒̃𝐶𝐿 – Energy for cell lysing per kg of lysed mass �𝑘𝑔 �

𝐻𝑀

𝐿𝑀

�
𝐽

𝑒̃𝑆 – Energy for separations per kg of separated useful lipids �𝑘𝑔

𝑆𝑈𝐿

�

𝐽

𝑒̃𝑆𝐿 – Energy for total lipids separations per kg of separated lipids �𝑘𝑔 �
𝑆𝐿

𝐽

𝑒̃𝑆𝑈𝐿 – Energy for useful lipids separations per kg of separated useful lipids �𝑘𝑔

𝑒̃ 𝑇 – Energy for transesterification per kg of FAME �𝑘𝑔

𝐽

𝐹𝐴𝑀𝐸

�

𝑆𝑈𝐿

�

𝐽

𝑒̃𝑃𝑃 – Energy for post-processing per kg of renewable diesel �𝑘𝑔 �
𝑅𝐷

Energy requirements for intermediate products per liter of renewable diesel produced:
𝐽

𝐸𝐺𝑀 – Energy required for grown mass �𝐿 �
𝐽

𝐸𝐵𝐶 – Energy required for biocrude �𝐿 �

𝑅𝐷

𝑅𝐷

𝐽

𝐸𝐻𝑀 – Energy required for harvested mass �𝐿 �
𝐽

𝐸𝐿𝑀 – Energy required for lysed mass �𝐿 �

𝑅𝐷

𝑅𝐷

𝐽

𝐸𝑆𝑈𝐿 – Energy required for separated useful lipids �𝐿 �
𝑅𝐷

𝐽

𝐸𝐹𝐴𝑀𝐸 – Energy required for fatty acid methyl esters �𝐿 �
𝐽

𝐸𝑅𝐷 – Energy required for renewable diesel �𝐿 �
𝑅𝐷

Energy requirements for intermediate products per kg :
𝐽

𝑒𝐺𝑀 – Energy required for grown mass �𝑘𝑔
𝐽

𝑒𝐵𝐶 – Energy required for biocrude �𝑘𝑔 �
𝐵𝐶

𝐺𝑀

�
𝐽

𝑒𝐻𝑀 – Energy required for harvested mass �𝑘𝑔

𝐻𝑀

�
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𝑅𝐷

𝐽

𝑒𝐿𝑀 – Energy required for lysed mass �𝑘𝑔 �
𝐿𝑀

𝐽

𝑒𝑆𝑈𝐿 – Energy required for separated useful lipids �𝑘𝑔

𝑆𝑈𝐿

𝑒𝐹𝐴𝑀𝐸 – Energy required for fatty acid methyl esters �𝑘𝑔

�

𝐽

𝐹𝐴𝑀𝐸

�

𝐽

𝑒𝑅𝐷 –Energy required for renewable diesel (equivalent to post-processed mass) �𝑘𝑔 �

Conversion Factors (dimensionless)
GMCF – Grown mass conversion factor [-]
BCCF – Biocrude conversion factor [-]
HMCF – Harvested mass conversion factor [-]
LMCF – Lysed mass conversion factor [-]
SLCF – Separated lipids conversion factor [-]
SULCF – Separated useful lipid conversion factor [-]
FAMECF – Fatty acid methyl ester conversion factor [-]
Other:

𝑘𝑔

ρRD – Renewable diesel density� 𝐿 �
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𝑅𝐷

APPENDIX 1B. DETAILED ILLUSTRATION OF NOMENCLATURE FOR PRODUCING ALGAL
BIODIESEL VIA TRANSESTERIFICATION OF EXTRACTED LIPIDS
In this Appendix, details of the reporting nomenclature are presented for the production of
biodiesel from extracted algal lipids via transesterification to demonstrate the utility of the
reporting framework. Biodiesel is a type of renewable diesel and Figure 1-2 presents the general
pathway for producing algal biodiesel via transesterification of extracted lipids. This pathway
can also be envisioned as the progression of intermediate products, as shown in Figure 1-7. The
composition of the intermediate products shown might be dynamic, as with any biological
system.
The product(s) of each step in the production pathway, shown in Figure 1-7, are often
complex mixtures of compounds. As a result, the content of each intermediate product may be
reported according to the quantity of lipid (all types), neutral lipid, triacylglycerol, hydrocarbon,
or FAME present. Thus, it is important to define these terms. Figure 1-8 outlines a basic
classification of lipids and Figure 1-9 provides the chemical structure for a triacylglycerol, a
phospholipid, and a FAME. Lipids are broadly defined as naturally produced molecules that are
insoluble in water and often characterized as cellular compounds that can be extracted by an
organic solvent (e.g., chloroform).[83] As described by Hu et al., (2008) lipids include polar
lipids, neutral lipids, and several additional compounds. Polar lipids, including glycolipids and
phospholipids, are a major component in biological membranes.[98] These compounds contain a
polar head and non-polar tails that are fat-soluble fatty acids. Neutral lipids, or simple lipids,
include non-polar glycerolipids, hydrocarbons, and waxes. A common neutral lipid in
microalgae is triacylglycerol (also called triglyceride, TAG, or TG), which is formed as an
energy storage product. Triacylglycerol is comprised of a glycerol backbone and three saturated
or unsaturated fatty acids. The length and saturation of the fatty acids varies for different algal
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species.[98] Triacylglycerol produced by microalgae is of particular interest because it is very
well suited for biodiesel production due to long fatty acid chains that are often between 16 and
18 carbon atoms in length (i.e., C:16 – C:18, similar to those comprising petroleum diesel).[2,
98] Also, triacylglycerol does not contain phosphorus or other elements that could complicate
biodiesel refining. Some neutral lipids are hydrocarbons, which are defined as molecules
consisting exclusively of hydrogen and carbon, and are found in several algal species,
specifically Botryococcus braunii.[99, 113] Fatty acid methyl esters (FAME), the main
components of biodiesel, are produced from lipids via transesterification.[48] The term “useful
lipid” is used to refer to the lipids that are compatible with downstream production processes.
Generally, triaclyglycerol is considered the most useful lipid for biodiesel production.
Conversely, phospholipids might complicate refining due to the phosphorus and nitrogen content
of the polar head groups, which could prevent them from being used to produce biodiesel. It is
not clear which lipids will be useful for industrial scale algal biodiesel production, so
triacylglycerol is singled out in some following examples to emphasize the need to be specific
about the type of algal lipids that are produced.
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Figure 1-7. There are several intermediate products in the algal biodiesel production pathway.
*The total separations efficiency includes the lipids separations efficiency and the useful lipids
separation efficiency.

Figure 1-8. There are several classifications of lipids, some of which are shown here, including
neutral and polar lipids. Transesterification is a process that produces fatty acid methyl esters,
the major constituent of biodiesel, from lipids.
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Figure 1-9. The chemical structures for a triacylglycerol (specifically, glyceryl trioleate), a
phospholipid (specifically, phophotidylcholine (PC)), and a fatty acid methyl ester (FAME)
(specifically, methyl oleate) are shown. Fatty acid methyl esters can be produced from
triacylglycerol or phospholipids by transesterification.
Productivity Nomenclature
Equation 1-1 can be used to calculate renewable diesel productivity (specifically biodiesel),
𝑃𝑅𝐷 , which is the rate that renewable diesel can be produced per volume of growth medium, 𝑉𝐺 .
This equation can be expanded to be specific to the production of algal biodiesel from extracted
lipids as shown in Equation 1-30.
𝑀

1-1
1-30

𝑀

𝑃𝑅𝐷 = 𝑉 𝐵𝐷
= 𝑃𝐺𝑀 ∙ 𝜑𝑝𝑟𝑜𝑐 ∙ 𝜑𝑟𝑒𝑓
∙𝑡
𝐺 𝑐

�𝐿

𝑔

𝐺 ∙𝑑

�

𝑃𝑅𝐷 = 𝑉 𝑅𝐷
= 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝 ∙ 𝜑𝑡𝑟𝑎𝑛𝑠 ∙ 𝜑𝑝𝑜𝑠𝑡
∙𝑡
𝐺 𝑐

�𝐿

𝑔

𝐺 ∙𝑑

�

As defined above, 𝑃𝐺𝑀 is the grown (algal) mass productivity (g of dry algal biomass/(L-d)),

𝑀𝑅𝐷 is the mass of renewable diesel produced, 𝑉𝐺 is the algal growth volume, and 𝑡𝑐 is the

cultivation period. The efficiencies listed in Equation 1-30, 𝜑ℎ𝑎𝑟𝑣 , 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 , 𝜑𝑠𝑒𝑝 , 𝜑𝑡𝑟𝑎𝑛𝑠 , and

𝜑𝑝𝑜𝑠𝑡 , are the harvesting, cell lysing, separations, transesterification, and post-processing

efficiencies respectively (cf. Figure 1-2 and Figure 1-7). As shown in Figure 1-2, the harvesting,
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cell lysing, and separations efficiencies are included in the processing phase, and thus the
processing efficiency for this pathway can be defined as,
𝜑𝑝𝑟𝑜𝑐 = 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝

1-31

[−]

Similarly, the refining phase includes transesterification and post-processing, so the refining
efficiency can be expressed as,
𝜑𝑟𝑒𝑓 = 𝜑𝑡𝑟𝑎𝑛𝑠 ∙ 𝜑𝑝𝑜𝑠𝑡
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[−]

Each efficiency term is defined as the mass of the output product divided by the mass of the
input product for that step (cf. Figure 1-7). For example, the harvesting efficiency is defined as
the amount of harvested dry mass, 𝑀𝐻𝑀 , divided by the amount of dry grown algal biomass in

the growth medium, 𝑀𝐺𝑀 . The product of harvesting may often be an algal slurry with high

water content (often about 90% water). The harvested dry mass, 𝑀𝐻𝑀 , is therefore the algal
concentration of that product (g/L) multiplied by the harvested volume (L). The cell lysing
efficiency is the lysed dry mass, 𝑀𝐿𝑀 , divided by the harvested dry mass, 𝑀𝐻𝑀 .

The separations process may require multiple steps, as shown in Figure 1-7. Therefore, the

separations efficiency, 𝜑𝑠𝑒𝑝 , is defined as the mass of useful lipids separated, 𝑀𝑆𝑈𝐿 , divided by

the lysed dry mass, 𝑀𝐿𝑀 . Thus, the separations efficiency incorporates the lipid fraction, 𝐿𝐹, the
efficiency with which the lipids can be extracted, 𝜑𝑠𝑒𝑝𝐿 , the useful lipid fraction, 𝑈𝐿𝐹, and the
efficiency with which the useful lipids can be recovered, 𝜑𝑠𝑒𝑝𝑈𝐿 , as shown in Equation 1-33.

The lipid fraction, 𝐿𝐹, is defined as the mass of lipids divided by the lysed mass, and the useful

lipid fraction, 𝑈𝐿𝐹, is defined as mass of useful lipids divided by the mass of the total separated
lipids.
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𝜑𝑠𝑒𝑝 =

𝑀𝑆𝑈𝐿
𝑀𝐿𝑀

= 𝐿𝐹 ∙ 𝜑𝑠𝑒𝑝𝐿 ∙ 𝑈𝐿𝐹 ∙ 𝜑𝑠𝑒𝑝𝑈𝐿 [−]

For clarity, Equation 1-33 can be written in terms of the units for each variable as,
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1-34

�𝜑𝑠𝑒𝑝 � ≡

𝑘𝑔𝑆𝑈𝐿
𝑘𝑔𝐿𝑀

𝑘𝑔

≡ 𝑘𝑔 𝐿 ∙
𝐿𝑀

𝑘𝑔𝑆𝐿
𝑘𝑔𝐿

𝑘𝑔

∙ 𝑘𝑔𝑈𝐿 ∙
𝑆𝐿

𝑘𝑔𝑆𝑈𝐿
𝑘𝑔𝑈𝐿

[−]

where the subscripts refer to separated useful lipids (SUL), lysed mass (LM), lipids (L), total
separated lipids (SL), and useful lipids (UL). Variations of this nomenclature can be defined for
different production pathways. For instance, for separations processes that accomplish lysing
and separations in one step (e.g., solvent extraction), the cell lysing efficiency can be assumed to
be 1 and the lipid separations efficiency, 𝜑𝑠𝑒𝑝𝐿 , can be evaluated as the mass of lipids recovered
divided by the harvested (algal) mass used. The subsequent useful lipid separations can then be
accounted for with the useful lipid separations efficiency, 𝜑𝑠𝑒𝑝𝑈𝐿 .

The terms “separated lipids” and “separated useful lipids” are used explicitly to differentiate

the associated productivities, 𝑃𝑆𝐿 and 𝑃𝑆𝑈𝐿 , from the term “lipid productivity”, which has been

used in the literature to characterize the rate at which algae accumulate lipids within the growth
media.[2, 17, 105, 106, 108] The separated lipid productivity and separated useful lipid
productivity, on the other hand, indicate the rates at which lipids can be produced from algae
including processing efficiencies.
During transesterification, the fatty acids are separated from the lipid backbone (glycerol for
triacylglycerol and polar head groups for polar lipids) and the fatty acids acquire a methyl group
(from methanol, which is added during transesterification), to become FAME.[48, 50] Thus, the
mass of FAME produced by transesterification will differ from the mass of the lipids used for
transesterification, a change reflected in the transesterification efficiency. The post-processing
efficiency refers to the mass of renewable diesel produced, 𝑀𝑅𝐷 , divided by the amount of

FAME that was produced via transesterification, 𝑀𝐹𝐴𝑀𝐸 . The post-processing efficiency can be

greater than 1, depending on post-processing steps and additives, which could increase the total
mass of the renewable diesel produced (i.e., processing swell).
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The productivity of each intermediate product can be expressed similarly to the renewable
diesel productivity shown in Equation 1-30 and are shown in Figure 1-6.

Cost Nomenclature
The financial cost of renewable diesel production, 𝐶𝑅𝐷 , in dollars per liter was defined above
in Equation 1-4 as,
1-4

$

𝐶𝑅𝐷 = 𝑐𝑅𝐷 ∙ ρRD = 𝐶̃𝐺 +𝐶̃𝑃 + 𝐶̃𝑅

�𝐿 �
𝑅𝐷

and can be expanded for this production pathway as,
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𝐶𝑅𝐷 = 𝑐𝑅𝐷 ∙ ρRD = 𝐶̃𝐺 +𝐶̃𝐻 + 𝐶̃𝐶𝐿 + 𝐶̃𝑆 + 𝐶̃𝑇 + 𝐶̃𝑃𝑃

$

�𝐿 �
𝑅𝐷

where 𝐶̃𝐺 , 𝐶̃𝐻 , 𝐶̃𝐶𝐿 , 𝐶̃𝑆 , 𝐶̃𝑇 , and 𝐶̃𝑃𝑃 refer to the processing costs of growth, harvesting, cell lysing,
separations, transesterification, and post-processing per liter of renewable diesel respectively.

Recall, a tilde (~) is used to differentiate the cost of a production step (i.e., growth, processing, or
refining), from the cost of a product (i.e., grown mass, biocrude, or renewable diesel). Also, the
lower-case “𝑐” in Equations 1-4 and 1-35 denotes a cost on a per mass basis. The terms in
Equation 1-4 can be equated to those in Equation 1-35 as,
$

𝐶̃𝐺 = 𝐶̃𝐺
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�𝐿 �
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𝐶̃𝑃 = 𝐶̃𝐻 + 𝐶̃𝐶𝐿 + 𝐶̃𝑆
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𝐶̃𝑅 = 𝐶̃𝑇 + 𝐶̃𝑃𝑃
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$

$

�𝐿 �

�𝐿 �
𝑅𝐷

𝑅𝐷

The cost of growth was defined above as,

$

𝐶̃𝐺 = 𝑐̃𝐺 ∙ GMCF ∙ ρRD

1-5

�𝐿 �
𝑅𝐷

and in this pathway the grown mass conversion factor, GMCF, can be expressed as,

1-39

GMCF = 𝜑

1

ℎ𝑎𝑟𝑣

∙𝜑

1

𝑐𝑒𝑙𝑙𝑦𝑠

∙𝜑

1

𝑠𝑒𝑝

∙𝜑

1

𝑡𝑟𝑎𝑛𝑠

∙𝜑

1

𝑝𝑜𝑠𝑡

kg

� kgGM �
RD

To clarify, GMCF is written in terms of the units of each term in Equation 1-39 as,
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[GMCF] ≡

𝑘𝑔𝐺𝑀
𝑘𝑔𝑅𝐷
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𝑘𝑔𝐻𝑀

𝑘𝑔

𝑘𝑔

𝑘𝑔𝑆𝑈𝐿

∙ 𝑘𝑔𝐻𝑀 ∙ 𝑘𝑔 𝐿𝑀 ∙ 𝑘𝑔
𝐿𝑀

𝑆𝑈𝐿

𝐹𝐴𝑀𝐸

∙

𝑘𝑔𝐹𝐴𝑀𝐸
𝑘𝑔𝑅𝐷

Similarly, the cost of harvesting per liter of renewable diesel, (𝐶̃𝐻 ), can be written as,
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$

𝐶̃𝐻 = 𝑐̃𝐻 ∙ HMCF ∙ ρRD

�𝐿 �
𝑅𝐷

where 𝑐̃𝐻 is the cost of the harvesting process per kg of harvested (algal) dry mass (the tilde

indicates a processing step cost) and HMCF is the harvested mass conversion factor. The HMCF
is the amount of harvested (algal) dry mass needed to produce an associated amount of
renewable diesel, and for this pathway it is defined as,
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HMCF = 𝜑

1

𝑐𝑒𝑙𝑙𝑦𝑠

∙𝜑

1

𝑠𝑒𝑝

∙𝜑

1

𝑡𝑟𝑎𝑛𝑠

The relationship between GMCF and HMCF is thus,
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GMCF = 𝜑

1

ℎ𝑎𝑟𝑣

∙𝜑

1

kg

� kgHM �

𝑝𝑜𝑠𝑡

RD

∙ HMCF

The cell lysing, separations, transesterification, and post-processing costs can be expanded
similarly. For instance, the cost of lysing algal biomass per liter of renewable diesel can be
written as,
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$

𝐶̃𝐶𝐿 = 𝑐̃𝐶𝐿 ∙ LMCF ∙ ρRD

�𝐿 �
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where 𝑐̃𝐶𝐿 is the cost of the cell lysing process per kg of lysed dry mass and LMCF is the lysed

mass conversion factor, which can be expressed as,
1-45

LMCF = 𝜑
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𝑠𝑒𝑝

∙𝜑

1

𝑡𝑟𝑎𝑛𝑠

∙𝜑

1

𝑝𝑜𝑠𝑡

kg
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The LMCF is the amount of lysed algal biomass needed to produce an associated amount of
renewable diesel. Continuing this process, Equation 1-46 presents the separations cost, 𝐶̃𝑆 ,
which might include multiple separation steps (cf. Figure 1-7).
1-46

𝐶̃𝑠 = 𝑐̃𝑆 ∙ SULCF ∙ ρRD
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$

�𝐿 �
𝑅𝐷

In Equation 1-46, 𝑐̃𝑆 is the separations cost per kg of separated useful lipids and SULCF is the
separated useful lipids conversion factor, which can be written as,
1-47

SULCF = 𝜑

1

𝑡𝑟𝑎𝑛𝑠

∙𝜑

1

𝑘𝑔
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𝑅𝐷

Since many studies extract an assortment of lipids that might or might not be useful (sometimes
called “algal oil”), it is worth expanding the separations cost to account for the difference
between lipids and useful lipids, as shown in Equation 1-48.
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𝐶̃𝑆 = 𝐶̃𝑆𝐿 + 𝐶̃𝑆𝑈𝐿 = �𝑐̃𝑆𝐿 ∙ SLCF ∙ ρRD � + �𝑐̃𝑆𝑈𝐿 ∙ SULCF ∙ ρRD �

$

�𝐿 �
𝑅𝐷

In Equation 1-48, 𝐶̃𝑆𝐿 is the cost of separating all lipids from the other biomass and 𝐶̃𝑆𝑈𝐿 is the

subsequent separations cost to isolate useful lipids (cf. Figure 1-7). The cost of the initial lipid
separations per kg of total separated lipids is 𝑐̃𝑆𝑆𝐿 and the cost of separating useful lipids from the
total lipids per kg of separated useful lipids is 𝑐̃𝑆𝑈𝐿 . Finally, SLCF is the separated lipid

conversion factor, which is the mass of separated lipids needed to produce an associated amount
of renewable diesel, and can be written as,
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The transesterification cost, per liter of renewable diesel, can be represented as,
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$
𝐶̃𝑇 = 𝑐̃ 𝑇 ∙ FAMECF ∙ ρRD �𝐿 �
𝑅𝐷

with 𝑐̃𝑇 being the cost of transesterification in dollars per kg of FAME. The FAME conversion

factor, FAMECF, can be defined as,
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FAMECF = 𝜑

1

𝑝𝑜𝑠𝑡

�

𝑘𝑔𝐹𝐴𝑀𝐸
𝑘𝑔𝑅𝐷

�

Finally, the cost of post-processing, 𝐶̃𝑃𝑃 , can be written as,
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$

𝐶̃𝑃𝑃 = 𝑐̃𝑃𝑃 ∙ ρRD

�𝐿 �
𝑅𝐷

where 𝑐̃𝑃𝑃 is the cost of post-processing per kg of biodiesel that is produced.
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It might be convenient for cost analyses to be reported in units of dollars per kg of
intermediate product, as shown in Table 1-4. Each of these equations can be conceptualized as
the sum of the cost for producing the input product of that processing step (per kg of the output
product) and the cost of the processing step (per kg of the output product). For example, the cost
of FAME, per kg of FAME, is the cost of producing separated useful lipids (per kg of FAME, a
unit conversion that requires 𝜑𝑡𝑟𝑎𝑛𝑠 ) plus the cost of transesterification (per kg of FAME).

Multiple examples of this cost nomenclature were presented above in “Framework Principles”,
“Symbolic Notation”.
Table 1-4. Intermediate product costs and energy requirements for the transesterification of
algal lipids production pathway.

Energy Consumption Nomenclature
The energy required to produce renewable diesel, 𝐸𝑅𝐷 , was defined in Equation 1-11 as,

1-11

𝐸𝑅𝐷 = 𝐸�𝐺 + 𝐸�𝑃 + 𝐸�𝑅

which can be expanded for this production pathway as,
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𝐽

�𝐿 �
𝑅𝐷

𝐸𝑅𝐷 = 𝐸�𝐺 + 𝐸�𝐻 + 𝐸�𝐶𝐿 + 𝐸�𝑆 + 𝐸�𝑇 + 𝐸�𝑃𝑃
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𝐽
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𝑅𝐷

where 𝐸�𝐺 , 𝐸�𝐻 , 𝐸�𝐶𝐿 , 𝐸�𝑆 , 𝐸�𝑇 and 𝐸�𝑃𝑃 are the energy requirements for growth, harvesting, cell
lysing, separations, transesterification, and post-processing per liter of renewable diesel

respectively (cf. Figure 1-1 and Figure 1-2). Recall the tilde indicates the energy cost of a
processing step. The terms in Equation 1-11 can be equated to those in Equation 1-53 as,
1-54
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𝐸�𝐺 = 𝐸�𝐺

𝐽
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𝐸�𝑃 = 𝐸�𝐻 + 𝐸�𝐶𝐿 + 𝐸�𝑆

𝐸�𝑅 = 𝐸�𝑇 + 𝐸�𝑃𝑃

𝐽

𝐽
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𝑅𝐷

As shown above, a top-level definition of the EROI associated with renewable diesel
production (not including capital energy expense), 𝐸𝑅𝑂𝐼𝑅𝐷 , can be defined as,
1-15

𝐸𝑅𝑂𝐼𝑅𝐷 =

𝐿𝐻𝑉∙𝜌𝑅𝐷 +𝐸𝐶𝐶𝑃
𝐸𝑅𝐷

[−]

where 𝐿𝐻𝑉 is the lower heating value of renewable diesel (J/kg), 𝜌𝑅𝐷 is the renewable diesel

density (kg/L), 𝐸𝐶𝐶𝑃 is the energy content of co-products, and 𝐸𝑅𝐷 is the total energy required to
produce renewable diesel per liter (J/L). If additional energy is required for producing the coproducts, it should be included in the denominator of Equation 1-15. Each of the energy
consumption terms in Equation 1-15 can be broken down into sub-categories of energy expenses.
The accuracy of the final result depends greatly on the specificity and level of inclusion used
when calculating the energy cost of each sub-category. For example, Benemann and Oswald
(1996) provide a template for calculating the growth energy, 𝐸�𝐺 , in large scale production

facilities by including energy for mixing, water supply, and nutrient supply.[83] Additional
detail can be afforded for studies with a smaller scope. It would be appropriate if primary
researchers report the energy associated with their analyses, such as the energy required for
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growth per liter of renewable diesel, 𝐸�𝐺 , in great detail. Practically, this information may be

most effectively reported as,

𝐽

𝐸�𝐺 = 𝑒̃𝐺 ∙ GMCF ∙ 𝜌𝑅𝐷
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where 𝑒̃𝐺 is the energy required for growth per kg of grown (algal) dry mass, 𝜌𝑅𝐷 is the

renewable diesel density (kg/L), and GMCF is the grown mass conversion factor, as defined in
Equation 1-39. The GMCF might be unknown, and therefore left in symbolic notation, as

discussed further in “Symbolic Notation”, below. In a similar way, the other terms in Equation
1-53 can be defined as,
1-58
1-59
1-60
1-61
1-62

𝐽

𝐸�𝐻 = 𝑒̃𝐻 ∙ HMCF ∙ 𝜌𝑅𝐷
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𝐽

𝐸�𝐶𝐿 = 𝑒̃𝐶𝐿 ∙ LMCF ∙ 𝜌𝑅𝐷
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𝐸�𝑆 = 𝑒̃𝑆 ∙ SULCF ∙ 𝜌𝑅𝐷

𝐸�𝑇 = 𝑒̃ 𝑇 ∙ FAMECF ∙ 𝜌𝑅𝐷
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𝐸�𝑃𝑃 = 𝑒̃𝑃𝑃 ∙ 𝜌𝑅𝐷
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where 𝑒̃𝐻 , 𝑒̃𝐶𝐿 , 𝑒̃𝑆 , 𝑒̃ 𝑇 , and 𝑒̃𝑃𝑃 are the energy requirements for each production step (harvesting

(H), cell lysing (CL), separations (S), transesterification (T), and post-processing (PP)) per kg of
the output of that production step (harvested dry mass, lysed dry mass, separated useful lipids,
FAME, and biodiesel, respectively). Note, again, that the tilde indicates a processing step cost.
To be consistent, the separations energy requirement can be expanded as,
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𝐸�𝑆 = 𝐸�𝑆𝐿 + 𝐸�𝑆𝑈𝐿 = �𝑒̃𝑆𝐿 ∙ SLCF ∙ 𝜌𝐵𝐷 � + �𝑒̃𝑆𝑈𝐿 ∙ SULCF ∙ 𝜌𝐵𝐷 �

𝐽

[𝐿 ]
𝐵𝐷

where the subscripts “𝐿” and “𝑈𝐿” refer to the total lipid separations step and the useful lipid
separations step, respectively (cf. Figure 1-2). It may be more convenient to report energy
consumption on a mass basis for each intermediate product, as shown in Table 1-4.
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2. Analytical Tools for Evaluating Intermediate Algal Biofuel Products
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INTRODUCTION
As shown in Chapter 1, the production of biofuel from algae requires several growth and
processing steps. The biofuel yield is dependent on the initial algal biomass composition,
processing conversions and efficiencies, and changes to the biomass composition that can occur
during production. It is therefore important to have a suite of analytical tools that can provide
the necessary information to monitor the intermediate products in an algal biofuel production
53

pathway. This chapter describes many of the most relevant analysis tools for evaluating the
intermediate products of renewable diesel production. Although renewable diesel production is
considered specifically, it is expected that many of the analytical tools could be used to evaluate
intermediate products of other algal biofuel products (i.e., biogas, ethanol, biomass for
electricity, and hydrogen). Furthermore, it is anticipated that the tools presented here could also
be applied to analysis the production of pharmaceutical and nutraceutical products from algae.
The following sections outline the information that can be obtained from each of the analysis
tools listed in Table 2-1 and provide general discussions of the advantages, disadvantages, and
limitations of each of these tools for applications related to renewable diesel production. In
addition to presenting first-hand results for most analytical tools, several literature references are
also provided.
Table 2-1. Analysis tools available to characterize intermediate products of renewable diesel
production from algae.
Microscopy

Spectroscopy

Chromatography

Other

1. Light (LM)
2. Scanning Electron (SEM)

3. Transmission Electron (TEM)

1. UV-Vis Spectrophotometry
2. Raman

3. Infrared (IR)
4. Nuclear Magnetic Resonance (NMR)

1. High Performance Liquid (HPLC)
2. Thin Layer (TLC)

3. Gas (GC)

1. Mass Spectrometry
2. Solvent Lipid Extraction

3. Dry Weight Measurements

In several cases, methods were developed specifically for applying the analytical tools to the
algal biofuel production pathway. Specifically, methods were developed for applying microRaman spectroscopy, 13C nuclear magnetic resonance spectroscopy, thin layer chromatography,
and electron microscopy.[114-116] Although each of these methods is described briefly in this
chapter, they are discussed in greater detail in published journal articles, which are included as
Appendices 2A through 2C.
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MICROSCOPY
Microscopy provides researchers with mostly qualitative information about algal cell
structure, and is therefore generally most useful for analyzing the upstream products of
renewable diesel production (e.g., algal cultures, harvested algae, and lysed algae). As discussed
in the sections below, light microscopy and scanning electron microscopy are usually applied to
obtain information about the external structure of algal cells and transmission electron
microscopy is applied to obtain internal structural information. There are several additional
microscopy methods, such as atomic force microscopy, that have potential applications for the
production of renewable diesel from algae, but are omitted from this review.

Light Microscopy
Light Microscopy (LM) is usually a quick and inexpensive technique for analyzing algal cell
structure. With a few exceptions, the information obtained with LM is qualitative. The three
main forms of light microscopy are transmission, reflection, and fluorescence. In transmission
LM, commonly referred to as “bright field” microscopy, a sample is illuminated from the bottom
and viewed through magnification lenses from above. The image seen is the light that passes
through the specimen. Diagrams of bright field microscopes are available from several
resources.[117-119] In reflected LM, often referred to as “epi-illumination”, the user views light
that is reflected from the sample and returns to the eyepiece. Fluorescence microscopy,
described below, can be used to identify compounds of interest in a sample. A stain with known
fluorescent properties is usually added to a sample and binds to the compound(s) of interest. The
sample is illuminated with an excitation light source and the resulting fluorescence is measured
to identify the targeted compound.
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Light microscopy is a diffraction limited technique, which means that the resolution of LM is
physically limited by the incident light wavelength. The spatial resolution, 𝑟, can be
approximated as,
2-1

0.6 𝜆

𝑟 = 𝜂 sin 𝜃

where 𝜆 is the incident light wavelength (~400 – 800 nm for LM), 𝜂 is the specimen’s local

diffraction index, and 𝜃 is the half angle of the focal cone of light. A small spatial resolution

corresponds to high resolving power. The wavelength can be increased (increasing 𝑟) by using a
monochromatic light source in the near infra-red region and the half angle can be increased with
a lens, resulting in greater magnification.
There are many specialized variations of LM that can be applied for different applications.
For instance, Table 2-2 lists several common variations of LM that can be used to provide
slightly different information. Bright field, differential interference contrast (DIC), and
fluorescence microscopy are discussed in detail in this section.
Table 2-2. Light Microscopy Variations
Light Microscopy Type
1. Bright Field
2. Differential Interference Contrast (DIC)
3. Fluorescence
4. Stereomicroscopy
5. Confocal
6. Polarized Light

References
[117-119]
[119-121]
[119, 122, 123]
[124]
[119, 125]
[119, 126]

Bright field microscopy (i.e., transmission LM) is the most common form of LM and the
easiest to apply. A sample is simply placed on to a microscope slide or into a culture dish,
illuminated, and the transmitted light is collected and viewed from above the sample. There are
several approaches to improving the diagnostic value of bright field microscopy, for example by
staining. Staining, as the name suggests, is a method that uses a stain to identify components of
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interest in a sample and there are many bright field stains. For example, Sudan stains are a class
of in vivo lipid and lipysome stains that can be used to identify the location of lipids in algal
cultures.[127, 128] This capability is potentially useful for renewable diesel researchers during
growth, harvesting, and lysing processes.
Differential interference contrast (DIC) is a LM variation that is used to increase the contrast,
and thus visibility, in transparent microscopy samples. It works well for organisms that live in
aqueous environments, and many algal samples can be imaged with transmission DIC.
However, like other transmission LM techniques, DIC is not useful for thick samples. DIC
increases contrast of a sample through the use of a phenomenon called interferometry. Two
beams of polarized light are focused onto the sample. The two rays pass through the sample a
few hundred nanometers apart. The phase of each ray will be altered depending on the local
optical density of the specimen. When the rays pass through locations with different optical
densities, the rays will become out of phase with one another. The rays are then focused and
recombined into one ray. Due to the difference in phase of the two rays which passed through
the sample, when they are recombined at the same polarization, interference occurs. The amount
of interference that occurs depends on the magnitude of the phase difference between the two
transmitted rays, which is dependent upon the optical density difference of the adjacent locations
(a few hundred nanometers apart) where the rays passed through the sample. Therefore the
resulting image effectively maps the optical density gradient of a sample and the resulting image
acquires a three dimensional aspect.[120, 121] The main advantage of DIC microscopy is that
the user is able to discern three-dimensional features that may otherwise be difficult to resolve or
faint in appearance. Figure 2-1 demonstrates an example of the difference between bright field
LM imaging and differential interference contrast imaging (taken on a Leica DMLB
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microscope). Additional examples of the information afforded by using differential interference
contrast can be found in the literature and online microscopy references.[84, 128-131]
A

B

Figure 2-1. Light microscopy of Chlorella vulgaris A) Optical light microscopy image at 40X
B) DIC light microscopy image at 40X (Scale NA)
Fluorescence microscopy is another useful LM technique for imaging algal cells.
Fluorescence microscopy is conducted with a labeling molecule (i.e., marker, dye, or
flourophore) that binds to compounds of interest and acts as a fluorescent stain to identify those
compounds. The phenomenon of fluorescence occurs when excited electrons (excited by
absorption of a monochromatic light source) relax to lower energy levels and photons are
emitted. The emitted fluorescent light contains less energy (i.e., larger wavelength) than the
excitation light. An optical wavelength filter is used to select only the light emitted by the
fluorescing stain and the image can therefore be used to locate the stain and associated
compound(s) of interest. The advantage of fluorescence microscopy is that it enables
composition analysis whereas transmission and reflection microscopy only provide structural
information.[123] In addition, many available fluorescent stains can be used with living samples
(i.e., vital stains).
A stock solution of a vital stain can be added directly to liquid algal cultures to produce the
desired final working solution, specified in µg of the dry dye per mL of the culture. Many
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fluorescent dyes will fade from exposure to laboratory lighting or the excitation lamp.[132]
Anti-fade compounds can be used to alleviate fading or the samples can be imaged soon after
being stained (~20 minutes) to insure strong fluorescence. Biological samples may contain an
inherent level of auto-fluorescence and controls can be imaged to evaluate the magnitude of
auto-fluorescence. Generally, fluorescent stains will produce a much stronger signal than autofluorescence and can be added to algal samples to serve as biomarkers for several biological
compounds. For example, lipids can be stained with Nile Red (CAS 7385-67-3) and DNA can
be stained with DAPI (CAS 28718-90-3). To stain proteins, it may be necessary to fix the
sample in glutaraldehyde fixative, a step that is not generally required for imaging stained lipids.
Figure 2-2 displays an optical and fluorescence microscopy image of Neochloris
oleoabundans that was stained with Nile Red (Fisher Scientific # 15174450) and imaged using a
Leica DM IRBE inverted microscope. The bright spots shown in plot B of Figure 2-2
correspond to the fluorescence of lipid droplets, and the final working solution of Nile Red was
50 µg per mL of culture. Spectrophotometric techniques can be used to quantify the amount of
fluorescence that each sample produces. With standardized preparation methods, calibrated
correlations can be determined to relate the fluorescence level to the content of the compound of
interest. For instance, several researchers have used Nile Red fluorescence as a method for
quantifying the lipid content of algal samples.[2, 43, 99, 108, 110, 132-137] Generally, it has
been shown that there is a linear correlation between the fluorescence intensity and the lipid
content of an algal sample.[43, 108, 133, 136, 137] While most of the previous studies of lipid
content in algae have used Nile Red as a fluorescent stain, additional reagents and stains such as
BODIPY (boron-dipyromethene) have also been used.[138, 139] Thus, fluorescence microscopy
can be used to characterize many of the intermediate products in renewable diesel production

59

from algae. In addition to indicating lipid content, fluorescence also has the potential to be used
as a qualitative evaluation of cell lysis by identifying the location of lipids (with respect to other
cell materials) before and after a lysing process is applied.
A

B

Figure 2-2. LM and fluorescence LM of Neochloris oleoabundans A) Optical light microscopy
image at 100X with DIC B) Fluorescence microscopy image using a green fluorescent protein
filter, Nile Red dye, a Hg excitation lamp, and 10 second exposure time at 100X. (Scale NA)
Transmission Electron Microscopy
Transmission electron microscopy (TEM) is an analysis method that is particularly useful for
obtaining information about the internal structure of biological samples. TEM has been applied
to algal samples in numerous studies to analyze a wide range of cell structures ranging from lipid
bodies to nuclei to external scales.[131, 140-145] In TEM, electrons are emitted in what is
called an “electron gun” and the electrons are directed toward the sample by an accelerating
voltage that is applied between the electron gun (the anode) and a cathode target. Accelerating
voltages are commonly on the order of ~80 keV, however TEM’s with accelerating voltages of
several million eV have been developed. The electron source can be a heated tungsten filament,
field emission tip, or a Lanthanum Hexaboride cathode. The transmitted electrons create an
image on a fluorescent screen and a CCD camera collects the resulting image. The transmitted
electrons interact with the specimen, and are deflected according to the diffraction index of the
transmission location. For bright field TEM imaging, the contrast is determined by the
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diffraction of electrons by different parts of the material. Generally, biological samples need to
be stained with a metallic compound in order to produce adequate contrast, as discussed below.
Diagrams of a TEM can be found in several resources.[146, 147]
Like LM, TEM is diffraction limited and the resolution is governed by Equation 2-1, above.
However, the electron wavelength, 𝜆𝑒 , is related to the magnitude of the accelerating voltage, 𝑉,

according to,
2-2

𝜆𝑒 =

1.23 𝑛𝑚
√𝑉

At 80 keV, the electron beam has a wavelength of about 0.04 nm which is about 2 x 104 times
smaller than the wavelength of incident light used in bright field microscopy. However, due to
complications associated with spherical lens aberration the electron beam is unable to be focused
into a wide focal cone and must be focused through a small aperture. As a result, the focal cone
half angle is reduced to less than 1° which results in about a 50X decrease in resolving power.
The combination of increased resolving power by the small electron wavelength (~2 x 104 times)
and decreased resolving power (~50 times) results in an approximate resolving power
improvement of about 400 times as compared to the light microscope.[146] It should be noted
that relativistic considerations need to be made when considering electron wavelengths, and
interested readers can find information on these topics in additional resources.[147]
For biological samples, sample preparation for TEM is a very complicated and time
consuming process. Generally speaking, sample preparation for TEM is more involved than for
any other analysis tool presented in this review and the procedure has evolved over the last
several decades resulting in numerous protocols that can be used.[131, 146, 148-150] For algal
samples, the important preparation steps are:
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1) Fix cells in a solution of buffer (often 0.1 M cacodylate), glutaraldehyde (often 2.5-5%),
and paraformaldehyde (often 2-4%) to cross-link proteins.
2) Rinse cells by repeated centrifugation and buffer solution exchange.
3) Stain sample. A solution of 2% osmium tetroxide (OsO4) and 2% ferrocyanide is a
commonly used lipiphilic stain, which binds to unsaturated fatty acids.
4) Encase the stained cells in agar or zucchini exudate (a thick polysaccharide).
5) Dehydrate the sample in graded ethanol of 50%, 70%, and 100%.
6) Transfer to 100% acetone.
7) Submerge the cells in epoxy resin in acetone solutions of 33%, 66%, and then 100%
epoxy resin. Finally the cells can be embedded in 100% epoxy resin in a polymerization
mold.
8) Polymerize at 65 °C for 48 hours.
9) Section the sample with a microtome (<100 nm) and place the thin sections on TEM
grids for imaging.
Figure 2-3 presents an image of Chlorella vulgaris that was obtained using the sample
preparation method presented above and using an accelerating voltage of 80 keV. The
magnification of the sample in Figure 2-3 is 22,000X. The chloroplast and pyrenoid can be
clearly identified and the dark droplets are probably osmium stained lipids. However, the dark
droplets could result from non-lipid compounds that have an affinity for osmium (such as
proteins). Solvents used in sample preparation can potentially remove lipids from the cells, so
researchers should be careful when using TEM images to determine information regarding algal
lipids. For the renewable diesel production pathway, TEM is useful for determining the impact
of growth conditions, harvesting methods, and lysing methods on the internal structures in algal
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cells, as demonstrated by Beal et al. (cf. Appendix 2-C) [114]. In addition, TEM may be useful
for basic biological research that is focused on understanding the mechanisms for lipid
production in algae.

Figure 2-3. TEM image of Chlorella vulgaris. The dark vesicles are possibly lipid droplets.
Scanning Electron Microscopy
Scanning electron microscopy (SEM) is another analysis tool that is very useful for obtaining
structural information about an algal sample. Similar to TEM, an electron beam is generated
from an electron gun with a heated tungsten filament and directed toward the sample by an
applied accelerating voltage. The electrons pass through condensing and objective lenses before
being aimed at the target (i.e., specimen) with scan coils. The electrons interact with the
specimen surface in three principle ways: elastic scattering, inelastic scattering, and absorption,
the latter of which results in subsequent electromagnetic radiation. There are specialized
detectors to measure each of these interactions, and the secondary electron detector, which
measures inelastically scattered electrons, is the most commonly used. The incident electron
beam is rastered over the sample to produce an image in a desired rectangular region. The
electrons scattered from each location are collected by the secondary electron detector and an
image is created that indicates the amount of electrons collected for each location. The images
produced with a secondary electron detector provide finely-resolved information about a

63

specimen’s morphology. Several resources illustrate how an SEM produces an image.[151-153]
The resolution of SEM imaging is dependent upon the conductivity and atomic number of the
location on the sample’s surface that is interacting with the incident beam. As the incident beam
is rastered over the sample, the sample’s surface will begin to acquire a negative charge, referred
to as charging. Charging occurs for samples with low conductivity, which are unable to dissipate
the accumulated surface charge, and the incident beam becomes unable to interact with the
sample in order to produce secondary electrons. As the atomic number (Z) of a sample
increases, more secondary electrons are created and the resulting signal is strengthened.
Currently, there are three main types of SEM available: vacuum (or conventional) SEM,
environmental SEM (ESEM), and scanning transmission EM (STEM). STEM uses detectors to
measure the incident electrons that are transmitted through a sample as in TEM, in addition to
those that are scattered as in SEM. Since both SEM and TEM are detailed in this summary, an
interested reader is directed to additional references for information on STEM.[154]
Conventional (vacuum) SEM and environmental SEM are presented in greater detail below.
Sample preparation for vacuum SEM is a fairly long process. There are many resources
available that detail SEM sample preparation methods [145, 155-158] and other resources
available with additional tips [92]. The critical steps involved in algal sample preparation for
traditional SEM imaging, some of which are in common with the preparation steps for TEM, are:
1) Fix cells in a solution of buffer (often 0.1 M cacodylate), glutaraldehyde (often 2.5-5%),
and paraformaldehyde (often 2-4%) to cross-link proteins.
2) Rinse cells by repeated centrifugation and buffer solution exchange.
3) Place cells on glass slides coated with Poly-L-lysine.
4) Submerge cells in graded ethanol at 50%, 70%, and then 100% to dehydrate.
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5) Dry the sample with CO2 at the critical point of CO2.
6) Place the sample on an SEM mount using carbon tape.
7) Coat the sample in a sputter coater with about 20 nm of metal (e.g., Au, Ir, etc).
Steps 1 through 5 listed above are focused on removing water from a sample without altering the
morphology. Surface tension is often responsible for damaging cells during sample preparation
and is thus prevented by drying the sample with supercritical CO2 (i.e., critical point drying)
which has no surface tension. The metallic sputter coat provides a surface with high
conductivity and high atomic number, which enables high resolution.
Figure 2-4 presents SEM images of Chlorella sp., two of which were exposed to
electromechanical pulsing (plots A and C). The debris that is attached to the cell shown in plot
A could be cell material from lysed cells. These images demonstrate the high resolution afforded
by vacuum SEM.
C
B
A

Figure 2-4. SEM Images A) Chlorella vulgaris that was exposed to electromechanical pulsing
B) Chlorella sp. (KAS 603) prior to electromechanical pulsing C) Chlorella sp. (KAS 603) and
a cyanobacterial contaminant (Pseudoanabaena sp.) 20 h after electromechanical pulsing (B and
C are from Beal et al. [114], cf. Appendix 2-C)
Another interesting variation of SEM sample preparation is cryological SEM, or cryo-SEM.
Cryo-SEM is a procedure in which a sample is frozen in liquid nitrogen rather than conducting
the fixation, dehydration, and critical point drying required for regular SEM preparation. When
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liquid algal samples are frozen the cells will be encased in the frozen medium. After the sample
is frozen, it is placed in a staging chamber where the water surrounding the cells is sublimed
away to expose the cells. The subliming process is accomplished by slightly warming the
sample relative to the surrounding vacuum chamber. Once the cells are exposed, the sample is
coated using a sputter coater and imaged while frozen in a specialized chamber. One
complication that can arise during cryo-SEM imaging of algal cells is the tendency for the cells
to settle to the bottom of a sample volume before being frozen and, as a result, are unable to be
exposed by subliming the excess water. A micro-filter can be used to hold the cells at the upper
surface, as shown in the image in Figure 2-5. As shown in Figure 2-5, the cells are preserved
extremely well by the instantaneous freezing in liquid nitrogen. There are several literature
examples of cryo-SEM applied to algal samples. For instance, Nagarkar and Williams present a
study that explicitly compares the application of cryo-SEM with regular vacuum SEM for
imaging cyanobacteria and van de Meene et al. also use cryo-SEM to analyze the structure of the
cyanobacteria Synechocystis sp.[143, 159]

Figure 2-5. Cryo-SEM image of Chlorella vulgaris placed on a Whatman micro-filter.
Environmental SEM was developed to avoid the tedious sample preparation required for
imaging biological samples with conventional vacuum SEM. Without careful sample
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preparation as described above, biological samples in vacuum SEM would experience significant
structural damage due to dehydration. Secondly, without the metallic sputter coating biological
samples would experience significant charging in vacuum SEM. ESEM circumvents these
obstacles by establishing a high pressure chamber environment (up to about 25 Torr) with water
vapor. The chamber pressure and presence of water vapor prevents biological samples from
experiencing drastic dehydration. However, a sample will progressively dehydrate under most
chamber conditions, so standardized protocols are necessary when conducting comparative
studies. Charging is alleviated by the presence of water vapor, which will dissipate electrons
from the sample’s surface. In addition, samples can be placed on highly conductive materials to
improve the overall conduction through the sample. A disadvantage of environmental SEM is
worsened resolution due to interference of the water vapor with the electron beam and generally
low atomic numbers (i.e., low Z number) found in organic samples. Prack presents a direct
comparison of SEM and ESEM, in which the typical resolution of SEM is listed as 4.5 nm and
that of ESEM is 5 – 7 nm.[160] Diagrams of the ESEM can be found in additional
resources.[161, 162]
Sample preparation is minimal for the ESEM, which is a significant advantage with respect
to the vacuum SEM. Figure 2-6 presents two ESEM images of algal samples acquired with an
FEI Quanta-600 ESEM using the environmental secondary electron detector (ESD). The
accelerating voltage used for both images was 5 kV and the samples were placed at working
distances of about 10 mm. The chamber pressure was set to 0.30 Torr for both samples shown,
although much greater pressures can be used. For Figure 2-6, the samples were placed on silicon
wafer to improve the overall sample conductivity. Collins et al. provide an explicit analysis of
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the application of ESEM for fungal and algal samples, supporting the use of ESEM as a viable
alternative to vacuum SEM imaging.[163]
A

B

Figure 2-6. Environmental SEM images A) Nannochloropsis sp. B) Neochloris oleoabundans
paste (highly concentrated algal cells)
Regarding the production of renewable diesel from algae, SEM will be most advantageous
for researchers analyzing algal cell structure. The capability to inspect cell integrity is
particularly useful when evaluating a lysing technology, as demonstrated by the images shown in
Figure 2-4 (and presented by Beal et al. [114]), but it may also be useful to analyze cell
interactions during growth and harvesting. To this effect, SEM is most useful to evaluate the
upstream intermediate products (i.e., algal culture, harvested algae, and lysed algae)

SPECTROSCOPY
In contrast to microscopy, which provides mostly structural information, spectroscopy can be
used for composition analysis. Several forms of spectroscopy are available, and each form uses
a distinct physical phenomenon (e.g., absorption, electronic energy transitions, vibrational
energy transitions, etc.) as the selection rule for differentiating compounds in a sample. UV-Vis
spectrophotometry is often used to determine the algal concentration of a sample. The other
forms of spectroscopy described here (Raman, Infra-red, and Nuclear Magnetic Resonance) can
be used to identify compounds of interest within a sample (e.g., lipids and pigments). The
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advantages and disadvantages of these spectroscopy methods with respect to renewable diesel
production from algae are compared in this section. Other spectroscopy methods, such as
dielectric spectroscopy, have the potential to be useful for analyzing algal biofuel production, but
are not included in this review.

UV-Vis Spectroscopy/Spectrophotometry
UV-Vis spectroscopy (also called spectrophotometry) is often used to measure the algal
concentration (in grams of algae per liter of growth volume) and growth rate of a sample or
culture. Usually, a monochromatic light source is irradiated into a sample and the absorption is
measured and referred to as the optical density (OD), which is between 0 and 1. The optical
density is related to the content of compounds in the sample that absorb that wavelength. For
example, chlorophyll-a has a strong absorption of light around 665 nm, and the OD at this
wavelength is linearly related to the content of chlorophyll-a. For in-tact algae, samples are
prepared by extracting the compounds of interest using a solvent (e.g., extracting chlorophyll
from green algae with methanol or ethanol [164, 165]). The algal biomass concentration is
directly related to the chlorophyll content, and therefore, the OD indicates the algal
concentration. The specific relationship between OD and algal concentration can be determined
by correlating OD to algal concentration measured gravimetrically (cf. Solvent Lipid Extraction
and Dry Weight Measurements, below). The average growth rate, 𝑟�𝑥 , of a culture can then be
determined according to,
2-3

𝑟�𝑥 =

𝑋−𝑋0
𝑡𝑐

𝑔

[𝐿−𝑑]

where 𝑋 is the algal concentration in g/L, 𝑋0 is the initial algal concentration, and 𝑡𝑐 is the

number of days between concentration measurements (or cultivation time).[105] An advantage
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of spectrophotometric concentration measurements is that they can be performed much more
rapidly than gravimetric measurements, which require lengthy centrifugation and drying steps.
Many studies have used spectrophotometric methods to measure algal concentration [99,
101, 105, 132, 136, 166-170] and several of these studies explicitly report the linear relationship
between optical density and algal concentration, which depends on the incident light wavelength
and algal species [99, 101, 105, 132, 136, 168]. UV-vis spectroscopy has been used to evaluate
lipid content in algae using a copper reagent [171] and can also be used to quantify the
concentration of algal pigments, such as carotenoid [166, 167]. Finally, UV-vis spectroscopy
can be used to detect the amount of a pigment (including chlorophyll) that is released from algal
biomass. For instance, following electromechanical pulsing, the algal biomass can be
centrifuged and UV-vis spectroscopy can be used to measure the chlorophyll absorption of the
supernatant, which indicates the amount of chlorophyll that was released from the algal cells
(and therefore indicates cell damage and/or lysis). In summary, for algal biofuel researchers,
UV-vis spectroscopy is most useful for determining the biomass concentration of a culture or to
evaluate the presence (or release) of algal pigments.

Raman Spectroscopy
Raman spectroscopy enables specific compounds (including lipids) to be identified according
to the spectrum that they produce from inelastic scattering following vibrational excitation.
Relevant to renewable diesel production, Raman spectroscopy has been used analyze algal
cultures, lipids, and fatty acid methyl esters.[113, 116, 172-180] Appendix 2A contains a journal
article by Huang et al. that describes the application of Raman spectroscopy to characterize algal
lipid composition [116], and some results from that manuscript are included in this section.
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To produce Raman spectra, a laser beam in the visible region is directed onto a sample to
create a molecular vibrational excitation (physically different from the electronic excitations
discussed in fluorescence microscopy above). The incident beam is characterized by its
frequency, 𝑣𝑜 , or its wavelength, λ, and two common excitation wavelengths are 532 nm and 785
nm. The incident beam is transmitted, absorbed, or scattered. Infrared spectroscopy (IR), which

is discussed in more detail below, is conducted by measuring the amount of the incident beam
that is absorbed. Raman spectroscopy, on the other hand, is conducted by measuring the
scattered portion of the incident beam. Scattering can cause changes in the vibrational energy
state of a molecule due to a change in molecular polarizability that results from the scattering
particle interactions. In so, the selection rule for absorption in IR spectroscopy is a change in the
dipole moment during vibration, while the selection rule for Raman spectroscopy is a change in
the molecular polarizability during vibration due to scattering.[181] In this sense, Raman
spectroscopy and IR spectroscopy are complementary to one another.
Most of the scattered portion of the incident beam experiences Rayleigh (non-Raman)
scattering, with the scattered photons maintaining a frequency of 𝑣𝑜 . Raman scattering is

inelastic, which produces photons with a frequency of either 𝑣𝑜 − 𝑣𝑚 (Stokes lines) or 𝑣𝑜 +
𝑣𝑚 (anti-Stokes lines). The scattered radiation is collected with a photon counter and the

frequency shift, 𝑣𝑚 , is measured. The frequency shift depends on the vibrational modes and

polarizability of the molecules that are excited. Therefore, a unique Raman spectrum is

produced for each distinct chemical irradiated, and this phenomenon enables compositional
analysis by Raman spectroscopy. The frequency shift, 𝑣𝑚 , (measured in Hz) is generally
converted to wavenumber (measured in cm-1), 𝑣�, according to,
2-4

𝑣� =

𝑣𝑚
𝑐
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where 𝑐 is the speed of light.[181] Diagrams of the components in a Raman spectrometer and
diagrams illustrating the particle interactions responsible for Raman spectra can be found in

other references.[181, 182] The composition of a sample can be determined by fingerprinting a
spectrum of the experimentally collected Raman scattering to spectra of known compounds, as
demonstrated below.
While there are several types of Raman spectroscopy, conventional Stokes Raman
spectroscopy is the only variation presented in this section. An interested reader can find
information regarding additional variations of Raman spectroscopy in several references listed in
Table 2-3.
Table 2-3. Raman Spectroscopy Variations
Raman Spectroscopy Type
1. Stokes
2. Surface Enhanced (SERS)
3. Resonance
4. Spatially Offset (SORS)
5. Coherent anti-Stokes (CARS)
6. Raman Optical Activity (ROA)
7. Transmission
8. Inverse

References
[181, 183]
[181, 183]
[181-183]
[184, 185]
[174, 181, 186-189]
[183]
[190]
[181]

Raman spectroscopy has been applied to algal samples in several studies to identify lipids,
proteins, and nutrients.[113, 116, 173, 175, 177-180, 191-194] There are also several sources
that provide the characteristic Raman spectrum for many compounds that are commonly found in
algae (including lipids) but were not necessarily obtained from algae.[172, 173, 188, 191, 193,
195] These spectral libraries for biological molecules can be used to identify the presence of
many compounds in an algal sample. A key advantage for the use of Raman spectroscopy for
algae is that it is relatively insensitive to the presence of water. However, one complication that
can arise is that a significant level of fluorescence can occur when obtaining Raman spectra from
biological samples, which may interfere with the acquired signal. Fluorescence occurs if the
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incident beam wavelength is close to the electrical excitation wavelength (as opposed to a
vibrational excitation) of compounds in the sample. Using a near infrared laser (e.g., 785 nm)
can reduce the fluorescence background and improve the signal as compared to a green laser
(e.g., 532 nm).[193] Coherent anti-Stokes Raman spectroscopy (CARS) has been used in
previous studies for biological samples (including lipid analysis [174, 186, 187, 189]) and it may
be better suited for biological samples than conventional Stokes Raman methods because it
requires less excitation energy.[188] However, many Raman spectroscopy studies of algae or
lipids have used conventional Stokes Raman spectroscopy with excitation wavelengths anywhere
from green to near infra-red [116, 173, 175, 177-180, 191, 193].
Microscopic Raman spectroscopy (micro-Raman) is a method in which the incident beam is
focused by a microscope lens to produce a small focal region (enabling single-cell analysis). The
microscope system enables optical and Raman imaging of a sample with spatial resolution on the
micron scale, thus allowing chemical mapping of samples, which will be presented below.[196]
The spatial resolution that can be achieved with micro-Raman spectroscopy is diffraction limited
and characterized by Equation 2-1. The incident laser beam can be focused to a region that is
roughly 0.5 µm in diameter to determine local chemical composition. Alternatively, if a user is
attempting to quantify the content of a particular compound in an entire algal sample, such as
triglyceride content, the sampled region would need to be greatly increased or a three
dimensional scan would need to be used in order to accurately characterize the entire sample.
Currently, many renewable diesel researchers are interested in quickly characterizing the
triglyceride content of an algal culture and Raman spectroscopy has the potential to fulfill this
need.
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Identifying the spectrum produced by the compound(s) of interest is the first step to applying
Raman spectroscopy for compositional analysis. While there are many triglycerides, most green
algae produce triglycerides with long chain unsaturated fatty acids (n > 10, where n is the
number of carbon atoms present in the fatty acid chains).[98, 197] The Raman spectra produced
by these triglyceride variations are very similar to each other.[173] Therefore, the spectrum
produced by triglycerides in algae can be represented reasonably with glyceryl trioleate (CAS
122-32-7 with fatty acids with n = 17) as demonstrated by Huang et al. (cf. Appendix 2A).[116]
Huang et al. also demonstrate that the characteristic triglyceride peaks can be identified in
spectra obtained from nitrogen-starved Neochloris oleoabundans and nitrogen-starved Chlorella
sorokiniana. Figure 2-7 displays a black spectrum that was produced from nitrogen-starved
Neochloris oleoabundans cells (an average of spectra obtained from 10 different cells) and postprocessed with a rolling-circle filter background subtraction. In addition, the nitrogen-starved
Neochloris oleoabundans spectrum is accompanied by a computed spectrum (shown in blue) that
is a weighted aggregate of reference spectra for chlorophyll, β-carotene (a carotenoid), and
glyceryl trioleate (a triglyceride). The agreement between the computed spectrum and the
measured spectrum indicates that the three components of the computed spectrum are main
constituents in the algal spectrum.
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Figure 2-7. The mean Raman spectrum of nitrogen-starved Neochloris oleoabundans (solid line),
and the combined spectrum of contributions from β-carotene, chlorophyll-d, and glyceryl
trioleate (dashed line).[116]
A qualitative assessment can be obtained from conducting a 2-dimensional Raman scan on a
cell or a batch of cells. Figure 2-8 and Figure 2-9, also produced by Huang et al., demonstrate
the application of Raman imaging on a single Neochloris oleoabundans cell that was subjected to
severe nitrogen starvation. Plot A of Figure 2-8 displays an optical microscopy image of the cell
at 100X and plot B presents the Raman map of triglycerides for that cell. The Raman map
shown in plot B was created by taking distinct spectra (i.e., at every pixel) that were obtained
with a uniform resolution of 0.1 µm in both directions over the entire scanned region which is 8
µm x 8 µm. Although spectra were acquired with 0.1 µm resolution, each spectrum contains
contributions from components located within the ~0.5 µm diameter focal region, and these
regions overlap for adjacent locations. A polynomial background subtraction was applied to
every spectrum included in the map. Then, each of these spectra were filtered according to their
relative spectral intensity within the region of 2800 – 3000 cm-1, which corresponds to the
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characteristic triglyceride peak. Spectra with high, medium, and low intensity in the triglyceride
peak region are depicted with yellow, red, and black respectively in the Raman image. In order
to verify the effectiveness of the Raman map to identify triglyceride, the spectra acquired at the
numbered locations in plot B of Figure 2-8 are presented in Figure 2-9. The presence of the
signature lipid peaks at location #1 and not at location #2 supports the effectiveness of the post
processing methods used to produce the Raman map. The Raman map enables a user to visually
assess the lipid content and lipid locations in an algal cell. Additional information regarding the
Raman imaging is provided by Huang et al. (cf. Appendix 2A).[116]
Intensity Gradient -

A

B

#2

#1

1 µm

Figure 2-8. Severely nitrogen-starved Neochloris oleoabundans cell A) Optical image (100X)
B) Raman map with background subtraction and triglyceride filter applied. (From Huang et al.
[116])
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Figure 2-9. Raman spectra acquired at positions #1 (yellow region) and # 2 (black region) as
indicated in Figure 2-8, above. (From Huang et al. [116])
The qualitative Raman mapping demonstrated in Figure 2-8 is a step towards developing a
quantitative method to determine lipid content in algae with Raman spectroscopy. In general, the
intensity of a Raman signal is linearly related to the abundance of the associated compound.[181,
198] Additional spectral analysis methods could be applied to calculate the net intensity of all
spectra included in a mapped region within a desired wave number region (e.g., 2800 – 3000
cm-1). This net intensity could be compared to controls of known lipid concentration to quantify
the lipid content in a sample. Similar results can also be produced for other compounds of
interest such as β-carotene or nutrients. For instance, Cannizzaro et al. use Raman spectroscopy
(with a 785 nm incident beam) to quantify carotenoid in yeast.[198]

Samek et al. have also

used micro-Raman spectroscopy for quantitative analysis of fatty acid saturation in algae.[178]
Finally, Raman spectroscopy has been used to monitor the transesterification of triglyceride
[199] and to analyze fatty acid methyl esters [172, 191].

77

Rapid, uninvolved composition analysis would be very useful to evaluate several
intermediate products in the renewable diesel production pathway. First, an at-line quantification
of lipid content would assist algae producers by indicating the condition of an algal culture and
help determine an appropriate harvesting time to optimize lipid content. Rapid composition
analysis is also needed for evaluating the efficacy of processing methods. In summary, Raman
spectroscopy has been used for composition analysis of algal cultures, lipids, and fatty acid
methyl esters, which demonstrates the great potential for Raman spectroscopy sensors in the
algal fuels industry.

Infra-red Spectroscopy
Both Raman and IR are forms of vibrational spectroscopy. As described above, the selection
rule for Raman spectroscopy is changes in the vibrational energy state of a molecule due to a
change in molecular polarizability that results from the scattering particle interactions. IR
spectroscopy operates by measuring the amount of the incident beam that is absorbed, a
phenomenon that results from a molecule experiencing a change in vibrational energy state due
to a change in dipole moment. Therefore, absorption occurs when molecules are excited with
light at a frequency that matches the difference between their vibrational energy states. This
absorption can be measured and is unique for different molecules, enabling compositional
analysis by IR spectroscopy. Molecules can be IR active (yielding signals when excited with IR
light), Raman active (yielding Raman shifts when excited with visible light), or both.
Conventionally, IR spectroscopy is conducted by exciting molecules with a monochromatic
light, and varying the incident light wavelength incrementally over a desired spectral region.
The wavelength-specific absorption enables molecular fingerprinting. In Fourier-transform IR
spectroscopy (FTIR), a pulse of light containing a range of wavelengths is used to excite a
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sample, and post processing methods are used to differentiate the wavelength-specific
absorption.[200]
While IR spectroscopy can provide useful information about a sample, water produces strong
IR absorption signals and therefore significantly interferes with the absorption signals from other
molecules. This interference limits the utility of IR spectroscopy for evaluating intermediate
products of algal biofuel production. To analyze algal biomass with IR spectroscopy, the
biomass must be dried. However, IR spectroscopy can be used to evaluate downstream products
(e.g., lipids and renewable diesel) without significant sample preparation.[201] However, in
algal cultures, IR spectroscopy has been used to identify lipids (and carbohydrates) [202, 203],
evaluate nutritional status [204-207], and identify algal species [205].

Nuclear Magnetic Resonance Spectroscopy
Nuclear Magnetic Resonance (NMR) is another spectroscopy method than can be applied to
intermediate products of the renewable diesel production pathway to obtain composition
information. Appendix 2B contains a journal article by Beal et al. that describes the application
of liquid state NMR spectroscopy to characterize algal lipid composition [115], and some results
from that manuscript are included in this section.
NMR is a quantum mechanical phenomenon displayed by atomic nuclei with non-zero net
spin (e.g., 1H and 13C) in the presence of a strong external magnetic field (referred to as H0).
Each of these particles possesses a spin of ±1/2. Spin causes particles to align with an applied
magnetic field analogous to the poles of a table-top magnet aligning with an external electric
field. The orientation of the particles can exist in either a low energy state (N-S position) or a
high energy state (N-N position). Absorbing a photon with the appropriate energy will cause a
particle to transition from a low energy state to a high energy state (magnetic energy levels as
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opposed to electronic or vibrational energy levels discussed previously in fluorescence
microscopy, Raman spectroscopy, and IR spectroscopy). The frequency of the absorbed photon
is called the resonance frequency (or Larmor frequency).[208] Liquid state NMR and solid state
NMR, which produce signals for molecules in the liquid or solid phase, as the names suggest,
have both been used to analyze biological samples. However, this section focuses on liquid state
NMR. Information on solid state NMR and its application to algae or biological membranes can
be found in several additional resources.[209-215]
The nucleus of a compound exposed to the static external magnetic field is also influenced by
the electrons of that atom and those nearby (i.e., bonding electrons). Electron orbits supplement
or detract from the external magnetic field that is felt by the nucleus, an effect called chemical
shift. As a result, the resonance frequency is dependent not only on the spin of the nucleus but
also on the chemical bonds present around the nucleus. The dependency of the resonance
frequency on the chemical structure enables NMR to distinguish functional chemical groups
(e.g., -CH2, C=C, etc), and therefore enables the identification of specific compounds of interest.
The resonance frequency is measured during NMR spectroscopy. However, the resonance
frequency is dependent upon the intensity of the external magnetic field and as a result must be
normalized relative to the resonance frequency of a reference compound that is added to the
sample (e.g., deuterium oxide (D2O) or tetramethylsilane (TMS) in 13C NMR). The difference
between a molecule’s resonance frequency, 𝑛, and the reference’s resonant frequency, 𝑛𝑟𝑒𝑓 ,
divided by the reference’s resonant frequency is the chemical shift, 𝛿, in ppm and described
according to Equation 2-5.[208]
2-5

𝛿=

(𝑛−𝑛𝑟𝑒𝑓 )
𝑛𝑟𝑒𝑓
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NMR is applied by targeting a particular type of nuclei with a non-zero net spin and
commonly targeted nuclei include 1H, 13C, and 31P. Selecting the target nucleus to use for NMR
depends on the compounds of interest in a study. For instance, 13C NMR is often used to analyze
lipids due to the presence of several distinct carbon-containing functional groups in lipids.
However, 31P NMR is commonly used to analyze phospholipids because it specifically targets
the phosphorus atoms in the phospholipid head groups. Proton NMR (1H) can also be used to
analyze biological compounds, including lipid extracts.[216, 217] Each type of NMR has a
different level of sensitivity.[218] Composition analysis is conducted by comparing the
chemical shifts obtained in an NMR spectrum to the chemical shifts associated with known
standards (obtained for the same targeted nuclei and reference molecule). There are several
reference catalogues containing chemical shifts (in ppm) for a wide range of compounds and for
a wide range of targeted nuclei.[96, 219, 220] Also, the equipment in a NMR spectrometer [208,
221] and diagrams of the particle interactions responsible for NMR spectra [208, 221] can be
obtained from several resources.
NMR is commonly used to identify the composition of a synthetic material or a biological
sample. Most renewable diesel researchers are interested in the lipid composition of an algal
sample, the fatty acid content of those lipids, or the composition of fuel products. There have
been several studies of lipids with NMR. For instance, Szczepaniak used 1H NMR to quantify
triglyceride content in animal cells.[216] Other studies have also identified chemical shifts
associated with lipids in NMR spectra for biological samples [115, 222-230], characterized
general lipid NMR spectra [219, 231-238], or used NMR to analyze bio-oil or biodiesel [58,
239].

81

As an example, Figure 2-10 displays 13C NMR spectra obtained from two algal samples and
a pure triglyceride reference (using a direct drive Varian Mercury 600 MHz spectrometer). The
upper spectrum was produced by glyceryl trioleate (CAS 122-32-7). The middle spectrum
corresponds to a sample of healthy Neochloris oleoabundans (UTEX #1185, grown with Bold
3N media at UTEX) and the lower spectrum is from a nitrogen-starved sample of Neochloris
oleoabundans (UTEX #1185, grown with Bold 3N media at UTEX without NaNO3). Beal et al.
provide a detailed analysis of these spectra and show that every significant peak in the glyceryl
trioleate spectrum is also present in the algal spectra.
The magnitude of the methylene peak at ~29.5 ppm for the nitrogen-starved sample is
significantly greater than that of the healthy sample. Since the methylene peak is indicative of
the lipid content in algae [226, 232, 235, 240], and the nitrogen-starved sample contained a
greater amount of lipid (confirmed with HPLC analysis, data not shown), the comparison
between the magnitudes of the methylene peak for the two algal samples provides further
evidence that the NMR spectra reflect the lipid content of an algal culture. However, the
methylene peak is not specific to any particular type of lipid (as it contains contributions from
phospholipids, mono-, di-, and triglyceride), and specific peaks to the compound of interest (e.g.,
the glycerol peaks for triglyceride) should be used to identify and quantify individual
compounds. Additional information regarding experimental methods and spectral analysis
(including interference analysis) is presented by Beal et al.[115]
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Glyceryl Trioleate

Healthy Culture

Nitrogen-Starved

Figure 2-10. 13C NMR spectrum for Neochloris oleoabundans and chemical grade glyceryl
trioleate (triglyceride). The algal spectra are plotted on the same vertical and horizontal scale,
indicating the significantly larger signal for the nitrogen-starved culture.[115]
For liquid state NMR, sample preparation is relatively simple for in-tact algal cells,
consisting mainly of mixing the harvested sample with an appropriate reference solvent.
Extracting individual compounds for NMR analysis would require additional solvent procedures,
but can yield more specific NMR spectra.[228-230, 241-243] Stemming from the need to
concentrate the algae, high NMR operating cost, and the time required, NMR can be a time
consuming and costly analysis tool as compared to other compositional analysis methods. A
major disadvantage of NMR spectroscopy on biological samples is the lack of specificity to
particular molecules, as the NMR spectrum corresponds to functional groups, which may be
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present in a variety of compounds. As a result, spectral analysis methods (or parallel
chromatography analyses) are needed to decipher which molecules are responsible for a given
spectrum.
However, NMR can be useful for algal biofuel researchers by identifying the composition of
an intermediate product, especially when detailed chemical information is desired. For instance,
Diehl and Randel present an analysis for using NMR to characterize the mixture of diesel in
gasoline and biodiesel fuel [244], and Gelbard et al. and McNeff et al. describe the use of 1H
NMR to monitor transesterification.[95, 245] In addition, NMR can be applied to determine lipid
content of an algal culture or changes in lipid content that result during processing steps, such as
done by Gao et al.[246] and Cheng et al.[170] using time domain NMR (TD-NMR).

CHROMATOGRAPHY
Chromatography methods can be applied to the intermediate products in algal biofuel
production to separate and quantify different compounds of interest in sample. The information
provided by high performance liquid chromatography (HPLC), thin layer chromatography
(TLC), and gas chromatography (GC) is presented in this section. These tools use differential
partitioning between mobile and stationary phases to separate the different compounds of a
sample according to their affinity for the column material. Chromatography methods for
analyzing lipids and biodiesel have been presented previously.[239, 247] As the names suggest,
HPLC is most useful for liquid samples, while GC is useful for samples that can be easily
volatilized into a gaseous phase. TLC is similar to HPLC, but uses simpler equipment and yields
somewhat less specific results. HPLC and TLC can be used to analyze all of the intermediate
products in renewable diesel production, while GC is most useful for analyzing downstream
products that are more volatile (i.e., fatty acid methyl esters and renewable diesel) or volatile
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derivatives of lipid extracts from upstream products. In generally, TLC and HPLC can be used
to determine the lipid classes in an intermediate product, while GC can be used to determine the
fatty acid composition of a sample. Mass spectrometry (described below) can be coupled with
HPLC, TLC, or GC to identify the compounds separated by each chromatography method.

High Performance Liquid Chromatography
High performance liquid chromatography (HPLC), also called high pressure liquid
chromatography, is a type of column chromatography that uses a high pressure reservoir to push
a sample (dissolved in a solvent) through a separations column. A sample (the mobile phase)
will interact with the column material (the stationary phase) and components are separated
depending on their retention time in the column, which is dependent upon the affinity of each
component for the packing material. The components are detected as they exit the column by
one of several available detectors (such as a UV or visible light absorbance detector [248] or
others, as described by Dong [249] and by Christie [250]). In addition, mass spectrometry
(described below) can be coupled with HPLC to identify compounds producing unknown peaks.
There are four main types of columns used for HPLC and the column type is used to
characterize the HPLC analysis. The most common types include normal-phase and reversephase columns, while ion-phase and size-exclusion columns are also available for specialty
applications (but will not be discussed here). In normal-phase HPLC, the column is packed with
polar silica beads and a non-polar solvent is used. As a result, the non-polar compounds of the
sample will only interact slightly with the silica packing and will pass through the column
quickly. On the other hand, reverse-phase HPLC uses modified non-polar silica beads (usually
with long hydrocarbon chains attached) and a polar solvent, which enables the polar compounds
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to pass through the column more quickly.[251] Diagrams of HPLC systems can be obtained
from several sources.[248, 252]
In order to measure neutral lipid content of an algal culture, the lipids must first be extracted
from the algae and it is advantageous to filter polar lipids out of the solution to avoid clogging in
normal-phase operation. Figure 2-11 presents an HPLC spectrum of lipid standards that are
common to algae obtained by the Poenie Lab at the University of Texas at Austin.[217] The
lipids shown in Figure 2-11 were separated using a normal‐phased poly‐vinyl alcohol‐bonded
silica column (YMC Pack PVA‐Sil‐NP, 250 mm x 4.6 mm I.D., 5 µm bead size) and the mobile
phase was run as a multi-solvent system.[217] The amount of each lipid class shown in Figure
2-11 could be quantified by relating the peak area to that of standards with known
concentrations. Nordback et al. [253], Gillan and Johns [254], and Graeve and Janssen [255]
also present methods for analyzing neutral lipids in algae and additional HPLC methods can be
used to analyze polar lipids.[253, 256-259]
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Figure 2-11. HPLC chromatogram of lipid standards. This trace shows the ability of HPLC to
identify the major classes of lipids: HC = hydrocarbons, CE = cholesterol palmitate, FM =
methyl oleate, TG = triglyceride (tripalmitate), 3D = 1,3 diacylglycerol, 2D = 1,2 diacylglycerol,
FFA = free fatty acids, MG = monoglyceride, PE = phosphatidylethanolamine, and PC =
phosphatidylcholine. (Provided by M. Poenie)
Using HPLC to analyze crude extracts can be challenging due to the complex composition of
many samples, creating interference among the resulting peaks. Furthermore, quantifying lipid
content in biological samples is difficult due to the possibility for error associated with
incomplete lipid extraction methods and non-linear HPLC detectors. However, with appropriate
preparation procedures, HPLC can be used to study a wide range of algal components, including
lipids and pigments.[166, 217, 254, 260, 261] Furthermore, HPLC can be used for composition
analysis of all of the intermediate products in the renewable diesel production pathway. Sample
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preparation will be more involved for upstream intermediate products (e.g., dilute algal cultures
and harvested algae) because the downstream intermediate products (e.g., lipids and triglyceride)
have already undergone significant extraction and purification processing. An advantage of
HPLC analysis (as compared to GC) is the ability to analyze components that are in the liquid
phase, such as crude lipids extracted from algae. In summary, HPLC is a robust tool that can
reliably analyze most of the renewable diesel production pathway.

Thin Layer Chromatography
Appendix 2C contains a journal article by Beal et al. that demonstrates the capability for
using thin layer chromatography (TLC) to analyze algal lipids and contains specific procedures
that are not included in this section.[114] Similar to HPLC, TLC is used to separate compounds
of interest (e.g., lipids) based on their polarity. However, rather than using a column, TLC is
conducted by “spotting” the compounds of interest (dissolved in solvent, i.e., the mobile phase)
at the bottom of a plate (~2-3 cm from the edge) of inert material coated with a thin layer of
adsorbent particles (~0.2 mm thick, i.e., the stationary phase). The plate is placed in a sealed
container with the developing solvent at a depth of ~1.5 cm. The developing solvent travels up
the plate, dissolving compounds of interest in the samples, and carrying them up/across the plate
according to their polarity. In this way TLC can be used to separate different classes of
compounds (e.g., free fatty acids, diglycerides, and triglycerides of lipids).[262] For analyzing
algal lipids, the lipids must first be extracted from the algal biomass into a solvent and then
spotted onto a TLC plate.
For quantification, compounds of interest that are not colored, such as many lipids, can be
stained with iodine or sprayed with fluorescent dye and analyzed by densitometry.[262] For
example, the species-specific bands on TLC plates can be photographed and analyzed with
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Image J software to evaluate the intensity of each band, which indicates the amount of that
compound present in the sample. These quantification methods are very sensitive and may not
identify all compounds of interest. For instance, developing algal lipids with iodine vapor is
only selective for unsaturated lipids, leaving saturated lipids undetected.
As an example, Figure 2-12 shows a photograph of a developed TLC plate with a series of
lipid standards, extracted lipids from an algal culture, extracted lipids from lysed algae, and
FAME derived from algal lipids extracted from the algal culture sample. The algal lipids were
extracted with chloroform/methanol and the TLC plate was resolved with a multi-solvent system
(hexane: diethyl ether: acetic acid (80:20:1)) and developed with iodine vapor. The standards
are: HC – hydrocarbon (mineral oil), FAME – fatty acid methyl ester (oleic acid methyl ester),
TAG – triglyceride (glycerol trioleate), FFA – free fatty acid (oleic acid), Chl a – chlorophyll a,
Lipid Mix - squalene, mineral oil, oleic acid methyl ester, glyceryl trioleate, 1,3-Diolein, 1,2Dioleoyl-rac-glycerol, and mono-olein.

Figure 2-12. Thin layer chromatography plate illustrating a series of lipid standards, extracted
lipids from an algal culture, extracted lipids from lysed algae, and FAME derived from extracted
algal lipids.
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For analyzing renewable diesel production from algae, TLC is most useful for semiquantitative lipid analysis. Many previous studies have used TLC to analyze the lipid content of
algal cultures.[46, 114, 259, 263-266] As with all chromatography methods, resolving closelyrelated compounds can be a major disadvantage. However, the greatest advantage of using TLC
is that it is a relatively cheap and easy method that can be used to evaluate the lipid profile for all
intermediate products in the renewable diesel production pathway (cf. Appendix 2C, [114]).

Gas Chromatography
Another separations tool is gas chromatography (GC), which is an efficient way to separate
and quantify the amount of individual components in samples that are volatile. To conduct GC,
a sample (often in liquid phase) is mixed with a solvent (such as hexane) at a ratio between 1:100
and 1:10,000 and injected into the inlet port of the GC column. The volatile components of the
sample vaporize and ascend through the column, which is a helical loop of glass or metal tubing
that is lined with a polymer or filled with an inert solid. The helical column is located within an
oven chamber and the oven is initially at a relatively low temperature, such that the sample
condenses within the column. Then, the oven temperature is ramped up according to a user
defined function and the solvent is usually the first component of the mixture to vaporize and
exit the column. The rest of the volatile compounds then vaporize, in order of ascending boiling
point, and exit the column in succession. As each component exits the column, they are detected
using a detector such as the flame ionization detector (FID) and the chemical ionization detector
(CID). The flame ionization detector is particularly useful for quantifying the amount of each
component that is present in a sample, a method that will not be detailed here. The compounds
of each peak can be identified by comparing the retention times to those of standards or by
conducting mass spectrometry.
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There are two main types of GC columns used: packed columns that are tubes filled with
inert solid material (the stationary phase) and capillary columns that are tubes lined with a
material that is active in retaining the components of a sample, thus aiding separation. If
compounds of interest within a sample are volatile, sample preparation is simple, consisting of
simply dissolving the sample in a solvent such as hexane and injecting the specified amount into
the column inlet port. Non-volatile compounds must be converted or derivitized for GC analysis,
which can obscure the origin of compounds that are detected. For instance, GC provides the
fatty acid profile for analyzing algal lipids, information that is very useful, but unspecific to the
type of lipid from which the fatty acids originated. Diagrams of GC chromatographs can be
found in several resources.[267, 268]
Figure 2-14 illustrates a chromatogram obtained from GC analysis of fatty acid methyl esters
derived from algal lipids. Peaks in a chromatogram can be identified by comparing the retention
time to that of standards or by conducting mass spectrometry on the separated analyte. The peak
area (AA) can be used to quantify the amount of a particular compound in a sample by using a
calibration curve created from standard mixtures of that compound. For instance, Figure 2-14
displays the amount of four fatty acids that were present in the intermediate products of biocrude
produced from a large batch of algae processed at the University of Texas (the batch was labeled
as SETH, cf. Chapter 3). These figures illustrate the ability for GC to separate and quantify
compounds of interest in a sample. When coupled with mass spectrometry (MS), GC-MS can
also be used to identify unknown compounds.

91

Figure 2-13. GC chromatogram of fatty acid methyl esters derived from algal lipids. RT –
retention time, AA – peak area, BP – base peak (from MS analysis, cf. Figure 2-15)

Figure 2-14. Fatty acid (FA) profile for several samples collected during the “SETH” processing
batch as determined by GC (cf. Chapter 3). Sample labels: AC – Algal cultivation, AH – Algae
harvesting, AL – Algae lysing, AE – Algae extraction. (Provided by R. Connelly)
Since GC requires volatile samples, fatty acid methyl esters and refined bio-oil are the easiest
intermediate products to analyze with GC. For instance, Li et al. use GC-MS as a method for
evaluating the conversion efficiency of transesterification of algal lipids to fatty acid methyl
esters.[82] Also, multiple researchers studying biodiesel have employed GC-MS to obtain
precise compositional analysis of a fuel product.[52, 170, 244] For analyzing unprocessed algae,
GC (sometimes in conjunction with MS) has been used to determine the fatty acid composition
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of lipids in many algal cultures, by first extracting the lipids and obtaining the lipid esters, which
are volatile.[2, 98, 144, 269-271] Based on results from numerous literature sources, many of
which employed GC or GC-MS to obtain fatty acid content information, Thompson [272]
presents a thorough analysis of lipids in green algae and Hu et al.[98] present a summary of the
composition of microalgal triglycerides. Thus, GC is a powerful analytical tool for determining
the fatty acid profile of a sample [2, 98, 101, 144, 227, 268-271], and can be coupled with HPLC
or TLC to correlate the fatty acid composition to the composition of each lipid class (e.g., free
fatty acids, triglyceride, etc.) [266, 273].

OTHER
Mass Spectrometry
Mass spectrometry (MS) can be used to determine the precise molecular composition of a
sample. MS identifies molecules based on their mass-to-charge ratio (m/z), an electromechanical
property of charged particles. First, a small amount of the compound being analyzed is ionized,
usually to cations, by one of several available ion sources. A common ion source operates by
passing the sample through an electron beam, which produces positively charged fragments of
the original molecule. The cation fragments are accelerated through a vacuum by an electric
field, and the resulting velocity is governed by,
2-6

𝐹𝐸 = 𝑞 ∙ 𝐸 = 𝑚 ∙ 𝑎

where 𝐹𝐸 is the electric force on the particle due to the electric field, 𝑞 is the charge of the

particle, 𝐸 is the electric field strength, 𝑚 is the particle mass, and 𝑎 is the resulting acceleration.
In addition, a magnetic field is applied to bend the path of the cation fragments according to the
Lorentz force equation,
2-7

𝐹𝐵 = 𝑞 ∙ (𝑉 × 𝐵)
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where 𝐹𝐵 is the resulting magnetic force on the particle, V is the particle velocity (dependent

upon the applied electric field), and B is the magnetic field strength.[274]

The electric and magnetic field strengths can be adjusted so that only a particular mass-tocharge ratio is selected to reach the detector. Based on the electric and magnetic field settings
and the known particle charge, the molecular weight of a particle that is detected can be
determined. The fields’ settings are cycled at a high frequency in order to detect fragments with
various charge-to-mass ratios, thereby creating a spectrum over the range of chare-to-mass ratios
that are scanned. The detector, usually a chemical ionization or electrical ionization detector,
tallies the number of particles detected at each field setting, and produces the spectrum, called a
fragmentation pattern, which plots the number of particles detected for each charge-to-mass
ratio. Diagrams of a mass spectrometer can be found in several resources.[218, 275, 276]
Figure 2-15 displays the fragmentation pattern for a fatty acid methyl ester (FAME) derived
from algal lipids and isolated by GC (cf. Figure 2-13). Christie characterized a similar
fragmentation pattern as, “The molecular ion at m/z = 270 is clearly seen, as is an ion at 239 ([M31]+) representing loss of a methoxyl group, and confirming that it is indeed a methyl ester. An
ion at m/z = 227 ([M-43]+) represents loss of a C3 unit (carbons 2 to 4). An ion at m/z = 241 ([M29]+) is also diagnostic and worthy of note. The long homologous series of related ions (14 amu
apart) at m/z = 87, 101, 115,129, 143, 157, 199, etc. of general formula [CH3OCO(CH2)n]+ is
evidence that there are unlikely to be other functional groups in the chain.[276]” Thus, the
FAME can be identified manually as a methyl ester of a straight-chain fatty acid, such as methyl
palmitate [276] or methyl octadecanoate [275]. Alternatively, for more complex fragmentation
patterns, the shape can be computationally compared with thousands of standards in an electronic
database and the molecule responsible for the pattern can be identified.
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Figure 2-15. Fragmentation pattern for a straight-chain fatty acid methyl ester derived from algal
lipids and separated by GC (specifically, the 6.26 m peak of Figure 2-13).
While methods have been developed to conduct MS on liquid samples (e.g., electrospray
ionization [217, 277, 278]), volatile samples are most well suited for MS. Therefore, the output
stream from a gas chromatograph can be used directly as the inlet stream for a MS. The
combination of the two analytical tools enables the compounds to be separated and quantified by
GC using a flame ionization detector and the identity of each set of compounds to be determined
with MS according to the resulting fragmentation pattern. MS can be applied to extracts of any
intermediate product in the renewable diesel production process; however it is most
advantageous for the downstream products (i.e., fatty acid methyl esters and refined bio-oil)
because they do not require extensive extraction and conversion preparation steps. As mentioned
in the Gas Chromatography section, MS has been used in many studies to identify methyl ester
composition of algal lipids, determine the fatty acid methyl ester content of triglycerides, or
evaluate biodiesel composition.[2, 18, 52, 98, 218, 244, 270, 272, 279]

Solvent Lipid Extraction
Solvent lipid extraction is one of the most widely used analysis methods for evaluating
intermediate products for renewable diesel production. Depending on the compounds of interest,
a variety of extraction techniques have been developed that use many different solvents.
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Two of the most widely used methods, named for their creators, are the Bligh and Dyer
extraction method [280] and the Folch extraction method [281]. In a direct comparison of these
methods for evaluating lipids in fish, Iverson et al. found the Folch method to be more
effective.[282] Iverson et al. describe the application of both methods as follows,
“The Bligh and Dyer extraction was performed as originally outlined using the following
ratios: Briefly, 100 g sample containing (or adjusted to contain) 80 g water (as determined by
oven drying separate aliquots) is homogenized with 100 mL chloroform and 200 mL
methanol (monophasic system). The solution is rehomogenized with 100 mL chloroform,
following which 100 mL of either distilled water or weak salt solution (e.g., 0.88% NaCl or
KCl) is added. After filtration is performed under suction, the final biphasic system is
allowed to separate into two layers and the lower (chloroform) phase is collected. For
quantitative lipid extraction, the tissue residue is then rehomogenized with 100 mL
chloroform, filtered, and the filtrate added to the lower phase collected. Lipid content is then
determined gravimetrically after evaporating a measured aliquot of the combined chloroform
phase to dryness under nitrogen (see below). As Bligh and Dyer stated, the above volumes
can be scaled down, as long as the critical ratios of chloroform, methanol, and water (1:2:0.8
and 2:2:1.8, before and after dilution, respectively) and of initial solvent to tissue [(3 + 1):1]
are kept identical. Instead of applying manual pressure to the small filter cake, we performed
a second chloroform wash to improve removal of residual lipid during filtration.
The Folch extractions were performed as described, using the original extraction ratio of
20 parts 2:1 chloroform/methanol to 1 part tissue, which can be done on any scale that is
technically feasible. A weak salt solution (e.g., 0.58–0.88% NaCl or KCl) is then added to
achieve a final ratio of 8:4:3 chloroform/methanol/water after including the water contained
in the tissue. In all the above extractions (both Bligh and Dyer and Folch), the final biphasic
system was centrifuged, and the entire lower phase (along with washings) was collected into
a pre-weighed glass tube and evaporated to dryness in an analytical high-speed nitrogen
evaporator … equipped with a thermostatically controlled water bath maintained at 25–30°C.
The nitrogen stream was continually moved so that it actively disturbed the evaporating
surface of the sample until all detectable traces of solvent were gone. To remove all final
traces of solvent and water, the sample tube was then wiped dry and placed in a sealed glass
vacuum tube and flushed with nitrogen, and vacuum suction was applied for 5 min. Lipid
content was then determined gravimetrically.”
The Bligh and Dyer method and the Folch method, or variations of these, have been used to
evaluate the lipid content in algal samples in many studies.[39, 43, 44, 101, 108, 169, 260, 273,
283, 284] In addition to chloroform/methanol mixtures (as used by Bligh and Dyer and Folch et
al.), different solvents can be used to tailor an extraction process for specific compounds.
However, as stated by Lee et al.,
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“The choice of solvent system for lipid extraction from algae is very important due to the
extraction efficiency of solvent mixtures depending on cell wall permeability as well as the
type of the organism.[43]”
Acetone, 2-ethoxyethanol [217], hexane/propanol [269], isopropanol [230], and other
alcohols [39] can also be used for algal lipid extractions. The Soxlet extraction method, also
named for its inventor, was designed for extracting lipids from solid material and is often
conducted with hexane solvent.[285, 286]
Solvent lipid extraction can be used to determine the lipid content or lipid fraction
(commonly reported metrics) of many of the intermediate products in renewable diesel
production. However, due to the variability of algal biomass content, complex solvent-lipid
interactions, and variability arising from manual laboratory practices, significant care is needed
to obtain accurate lipid analysis by solvent extraction. Furthermore, the usefulness of
determining the lipid fraction and/or lipid content with solvent lipid extraction is limited since
solvent extractions produce crude lipid extract (which contain a variety of lipid classes). Due to
these inherent ambiguities, additional lipid analysis methods are needed to complement data
obtained from solvent lipid extraction.

Dry Weight Measurements
It is often important to measure the mass of algae in a sample, such as to determine the algal
concentration (in grams of algae per liter) or the lipid fraction (as a percentage of algal mass that
is lipid). There are three common dry weight measurements: wet weight, dry weight, and ashfree dry weight. To measure a wet weight, algae are centrifuged under standardized settings and
the mass of the resulting algal pellet is measured. For dry weight measurements, the algal
biomass is usually concentrated (by centrifugation), rinsed (to remove most salts), and dried until
a constant weight is obtained (e.g., by heating in an oven at 60 ºC). For ash-free dry weight, the
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dried biomass is ashed (e.g., at 540 ºC for several hours) to remove all salts retained in the
sample. Details for determining the dry weight and ash-free dry weight for algal samples are
provided by Zhu and Lee.[287]

CONCLUSION
Table 2-1 lists the analytical tools that were presented in this section, which include
microscopy, spectroscopy, and chromatography methods. Each tool provides a unique set of
information that can be used to characterize intermediate products in renewable diesel production
from algae. For this reason, a suite of tools is needed to adequately characterize the entire
production pathway and the algal biofuels group at the University of Texas at Austin has
developed a system for this type of end-to-end analysis. These methods include protocols for
collecting samples of intermediate products, methods for a range of analysis tools, and a
framework for reporting the associated results. Portions of this system have been published
[114-116, 217, 288-290] and Chapter 3 presents results from several batch processing runs using
the end-to-end monitoring system that integrates several of the analytical tools presented here.
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APPENDIX 2A: MICRO-RAMAN SPECTROSCOPY OF ALGAE: COMPOSITION ANALYSIS AND
FLUORESCENCE BACKGROUND BEHAVIOR
Copyright Note
The contents of this section were published in Biotechnology and Bioengineering in 2010
and the article was authored by Huang Y.Y., Beal C.M., Cai W.W., Ruoff R.S., and Terentjev
E.M.[116] Beal, Cai, and Ruoff were affiliated with the University of Texas at Austin, and
Huang and Terentjev were affiliated with Cambridge University. The manuscript represents a
main research effort of this body of work. The text and figures have been inserted verbatim.

Abstract
Preliminary feasibility studies were performed using Stokes Raman scattering for
compositional analysis of algae. Two algal species, Chlorella sorokiniana (UTEX #1230) and
Neochloris oleoabundans (UTEX #1185), were chosen for this study. Both species were
considered to be candidates for biofuel production. Raman signals due to storage lipid
(specifically triglycerides) were clearly identified in the nitrogen starved Chlorella sorokiniana
and Neochloris oleoabundans, but not in their healthy counterparts. On the other hand, signals
resulting from the carotenoids were found to be present in all of the samples. Composition
mapping was conducted in which Raman spectra are acquired from a dense sequence of locations
over a small region of interest. The spectra obtained for the mapping images were filtered for the
wavelengths of characteristic peaks that correspond to components of interests (i.e., triglyceride
or carotenoid). The locations of the components of interest could be identified by the high
intensity areas in the composition maps. Finally, the time-evolution of fluorescence background
was observed while acquiring Raman signals from the algae. The time dependence of
fluorescence background is characterized by a general power law decay interrupted by sudden
high intensity fluorescence events. The decreasing trend is likely a result of photo-bleaching of
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cell pigments due to prolonged intense laser exposure, while the sudden high intensity
fluorescence events are not understood.

Introduction
To date, analysis of algae composition is a multi-staged process. At the beginning, each cell
component is isolated by centrifugation and solubilization. These purified extracts are
subsequently analyzed by techniques such as mass spectroscopy and high pressure liquid
chromatography (HPLC) to determine their chemical formula and their relative abundance.[197,
254, 291, 292] These procedures can be slow, tedious and require a substantial amount of algae.
Due to the growing emphasis on the large scale production of algae for fuels and chemicals, a
fast composition analysis technique is needed. Rapid composition analysis, potentially using
Stokes Raman scattering, would greatly facilitate the selection of suitable algal strains and their
associated growing conditions for different applications, ranging from biofuels to nutritional
supplements.[2, 70, 272, 293, 294]
Raman scattering has traditionally been used as a vibrational spectroscopy technique
complementary to infra-red spectroscopy for composition analysis. It has a key advantage when
applied to biological samples due to its low sensitivity to water content.[295] In normal
conditions, the Raman scattering intensity of an active component depends on the incident laser
frequency to the fourth power.[183] The intensity of a characteristic peak also scales linearly
with the concentration of the molecule which produces the spectrum. However, resonant
scattering [296] occurs when a molecule’s absorption maxima are close to the incident laser
frequency (or excitation energy). Resonant scattering has great resolution, down to 10-8 M,
compared to the 10-3 M resolution limit of conventional Raman scattering. Coherent anti-Stokes
Raman scattering, CARS [297] is a technique based on the resonant scattering phenomenon
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described above and has been used in the areas of lipid quantification, lipid metabolism
investigation, and the associated label free imaging technique.[188] For general biological
samples, Stokes Raman scattering [295] is less suitable than CARS since the Stokes effect
requires much higher excitation laser power than CARS to produce reasonable signals [188],
leading to potential photo-damage of the samples. Nevertheless, Stokes Raman scattering is more
wide-spread and technologically simpler than CARS; therefore Stokes Raman scattering has a
better opportunity for fast industrial implementation.
Our prime aim was to conduct a feasibility study on proof-of-principal, using simple,
conventional Stokes Raman scattering effects to analyze the composition of algae, with specific
emphasis on identifying the presence of storage lipid, i.e., triglyceride.[197, 272] This motivation
is stemmed from the increasing interest in algal biofuel production. The first part of this
manuscript is dedicated to composition analysis of Chlorella sorokiniana (UTEX #1230) and
Neochloris oleoabundans (UTEX #1185), comparing our results and data with the reference
absorption spectra in the literature. The composition analysis was conducted by acquiring Raman
spectra from the algal samples and identifying key component peaks, and then Raman image
scans were employed to map the composition of a single cell or many cells. Secondly, an
investigation into the change in fluorescence background during long time laser exposure was
carried out, through which some unexpected dynamics of algal cells’ response to high laser
intensity were noted, characterized by high intensity fluorescence events that are not fully
understood.

Materials and Methods
Algae Treatment and Sample Preparation
C. sorokiniana (UTEX #1230) and N. oleoabundans (UTEX #1185) were obtained from the
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UTEX algae culture collection at the University of Texas at Austin. Several different samples
were used in this study and the growth conditions varied slightly for each specimen. Generally
speaking, healthy samples (grown in Bold 3N media) and nitrogen starved samples (grown in
modified Bold 3N media containing no nitrogen) of both C. sorokiniana and N. oleoabundans
were obtained (contents of Bold 3N media include H2O, NaNO3, CaCl2-2H2O, MgSO4-7H2O,
K2HPO4, NaCl, and Vitamin B12. cf. UTEX, www.utex.org). The nitrogen starvation was applied
in order to enhance the lipid production in cells and the term “starved” refers to nitrogen
starvation throughout the remainder of this document. Information regarding the growth media
and starvation period is listed in Table 2-4 for each of the samples used in this study. The
starvation was conducted by inoculating a fresh batch of modified Bold 3N media that lacked
nitrogen (i.e., lacking NaNO3) with a healthy sample, thus beginning the starvation period. All
of the liquid cultures were grown at UTEX with continuous aeration (1.5% CO2 in air), no
agitation, 15 W/m2 of continuous lighting (using F32/T8 fluorescent bulbs), and at a room
temperature of about 70 °F for their entire growth, except for Starved NeoO #2 which was
subjected to additional starvation as detailed in Table 2-4. The agar culture was also grown at
UTEX on agar slants.
To prepare a liquid specimen for confocal mico-Raman spectroscopy, an algal culture was
concentrated by centrifugation, after which glass microscope slides coated with poly-L-lysine
were placed in the solution in a petri dish. After a few hours, the slides (with algae adhered) were
taken out and the excess water on the glass surface was removed by gently blowing compressed
difluoroethane across the sample. The samples were taken for analysis immediately after slide
preparation. For our purpose of determining triglyceride content in cells, an in vivo experimental
condition is not essential. The agar culture required even less preparation, in which a small
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volume of the agar and algae material was placed on a microscope slide and spread out slightly.

Table 2-4. Sample Growth Conditions
Sample Name
Healthy ChloS
Starved ChloS
Healthy NeoO
Starved NeoO
Healthy NeoO Agar
Starved NeoO #2

1
2
3
4
6
7

Species
Chlorella sorokiniana
Chlorella sorokiniana
Neochloris oleoabundans
Neochloris oleoabundans
Neochloris oleoabundans
Neochloris oleoabundans

Growth Medium
Bold 3N
Bold 3N w/o Nitrogen
Bold 3N
Bold 3N w/o Nitrogen
Agar Slant
Bold 3N w/o Nitrogen

Starvation Duration
NA
7 - 14 days
NA
7 - 14 days
NA
~ 53 days*

* Grown in nitrogen deficient media in continuous lighting and aeration for 7 days and then sealed, removed from
aeration, and subjected to 12 hours of light per day for 46 days at room temperature (~72 °F).

Confocal Raman Spectroscopy and Microscopy
Raman spectra were measured by a WITec Alpha 300 Confocal Raman Microscope with a
532 nm excitation wavelength. All measurements were performed at room temperature, and the
saturation intensity level for data acquisition was ~6 × 104 counts. The maximum output laser
power was estimated to be ~5 mW over a focused spot of ~0.5 µm diameter, giving a power
density of ~25 kW/mm2 over the focal depth of ~1 µm. We chose to work with such a high
power density because preliminary tests indicated that the majority of the characteristic peaks
could only be revealed after increased laser power. While it is possible that cell functions were
damaged by irradiation, our main purpose was to identify the triglyceride content. We note that
optical microscopy examination (50X) indicated that the cells remained intact (although likely
dehydrated) and the Raman spectra indicated that they were not burned after illumination for ~5
min.
As mentioned, when the laser excitation energy is close to one of the electronic transitions of
the molecule under investigation, resonant Raman scattering will occur. [298] Therefore, our
first task was to evaluate the electronic transitions of the different constituent molecules in algae
with respect to the excitation wavelength (532 nm). DNA/RNA, proteins, fats (including
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triglyceride), polysaccharide and various pigments (e.g., chlorophylls and carotenoids) are the
major chemical constituents of algal cells. By studying the UV/Vis-NIR absorption spectra of
these cell components, it was found that except for the photosynthetic pigments, most cell
components (including lipids) in plants do not absorb in the visible range (~400−700 nm). On the
other hand, one finds general broad absorption bands in the ~400
− 520 and 650

– 700 nm

regions for different green and brown algae [299], which are mostly due to chlorophylls
(absorption peaks at ~400−480 nm and 650 – 700 nm [300] and carotenoids at 500 −550 nm
[301]). With the 532 nm excitation wavelength used in our experiments, resonant scattering is
therefore expected only for carotenoids.

Data Collection and Processing
Chemical composition analysis of algae was carried out through collecting Raman spectra
from individual cells of healthy and nitrogen starved C. sorokiniana and N. oleoabundans. For
the composition identification, each spectrum is an average of 10 accumulations, each with an
integration time of 0.2 s, and acquired at the same location within the cell. Therefore, these
spectra were acquired in a few seconds. With a confocal setup, spectral information is only
3

collected from the laser focal region (in our case ~ 0.20 µm ), which is inhomogeneous. In order
to identify the mean cell composition, a number of points were chosen within each cell to acquire
Raman spectra. These spectra were baseline corrected using a Rolling-Circle-Filter (RCF) (see
−1

below), and then normalized against the 0 cm intensity before taking an average. Spectra were
recorded within the wavenumber region of−300 and 3200 cm

-1

at a spectral resolution of 2.4

cm-1.
Most spectra collected contained a pronounced background, which is likely caused by
fluorescence of the pigments in algal cells. Since the spectral backgrounds do not contain any
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chemical-specific information, they were usually omitted in previous studies by baseline
correction using different mathematical procedures, e.g. Heraud et al., 2006 [176]. To separate
the fluorescence background, the raw spectra obtained were subjected to a RCF, a high-pass
filter that can provide efficient background subtraction without introducing significant distortion
to the high frequency components.[302] During the RCF process, the original spectrum was split
into two parts of information to be analyzed; the characteristic peaks associated with the local
cell composition, and the fluorescence background level induced by laser exposure (cf. Figure
2-16, plot a). Throughout the data processing, no data smoothing was applied. To interpret the
results, the mean spectra were compared to the literature reports of various algae and common
biological molecules.[113, 175-177, 303, 304] The reference graphical data were extracted using
Engauge Digitizer, and then interpolated to the same wavenumber points as those used in our
tests by linear interpolation (interp1, Matlab).
Chemical composition mapping was also performed to identify and locate carotenoids in
healthy N. oleoabundans cells and triglyceride in starved N. oleoabundans cells. For the mapping
images, spectra were acquired at a dense sequence of locations within the algal cells and the
relative peak intensities were compared to identify and locate compounds of interest. The
spectra from every location, i.e., each pixel, were background subtracted and then filtered for a
wavenumber region that corresponds to a signature peak in the spectrum of either carotenoid or
triglyceride. Based on the relative intensity within the specified wavenumber band, the pixels
were then colored according to a gradient that ranges from black (low intensity) to red (medium
intensity) to yellow (high intensity), thus identifying and locating the components. The spectra
that compose the Raman maps were acquired with the same spectral range and resolution as
those for composition identification. The chemical composition maps required roughly 1 hour of
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acquisition time, depending on the spatial resolution and spectral integration time specified.
To reduce computation time, a 9th order polynomial background subtraction (included in the
WITec software) was applied for the chemical mapping spectra rather than using the RCF
background subtraction. Figure 2-16, plot b displays an example of the polynomial baseline
subtraction. This method is able to preserve the characteristic peaks, despite yielding an uneven
reference level, and is adequate for the purpose of mapping a characteristic peak. (Although not
used in this study, a segmented polynomial curve fit could be used to reduce the influence of the
peaks on the background.) As with all spectroscopy methods, interference can obscure the
results. For the components of interest in this study, β-carotene and triglyceride, we have
reasonably high confidence that the characteristic peaks are distinct enough (as compared to
common biological molecules present in algae [191, 305]) to discern the location of those
particular compounds. The potential interference is discussed in more detail below.
As mentioned previously, independent information about the fluorescence background level
can also be extracted following the RCF process. The sum of the background counts over the 0 3200 cm-1 spectral range provides a quantitative indicator to the level of fluorescence ‘emitted’
during a particular time interval for data acquisition. The sections below investigate the change
of this indicator with respect to the length of laser exposure, reflecting some interesting
phenomena which may be explained by the cells’ dynamic response to high-light intensity.
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Figure 2-16. a) A raw spectrum from a starved N. oleoabundans (Starved NeoO) sample
illustrating the RCF baseline correction method applied to the spectra used for chemical
identification. The original spectrum (blue line) is split into the characteristic peaks associated
with the local cell composition (black line) and the fluorescence background (red line). b) A raw
spectrum from the healthy N. oleoabundans agar sample (Healthy NeoO Agar) (blue line) is
shown alongside with the 9th order polynomial fit used to determine the background level of
Raman mapping (red line). The resulting spectrum after the polynomial background subtraction
is also shown (black line).
Results
Chemical Identification
The Raman spectrum of an entire cell is formed by the spectra convolution of a large number
of biological molecules. The relative contribution of each component depends on its relative
abundance and the corresponding detection sensitivity (i.e., incident laser wavelength).
Knowledge of the Raman spectrum for generic triglyceride is required in order to “visualize” the
storage lipids in algae. These molecules consist of a glycerol backbone and three long chain fatty
acid tails. Triglyceride composition depends on the constituent fatty acids, which can vary in
chain length (n), degree of saturation, or position(s) of the double bond(s).[98, 173] Raman
spectra are largely unaffected by the chain length (n) of a fatty acid when n > 11. Any presence
of unsaturated carbon bonds in the methylene chain will induce additional peaks at ~1265 cm
(δ(=CH)), ~1650 cm

−1

(ν(C=C)), and 3000 cm

−1

−1

(ν(=CH)) compared to a saturated chain.

However, the position of carbon-carbon double bonds, when they are present, does not alter the
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spectrum to a large extent.[173] For the triglycerides present in green micro-algae, of which fatty
acid chains are predominantly long chain unsaturated [197], we expect the Raman spectra to be
largely similar. This implies that Raman scattering may not distinguish the exact type of
triglyceride produced in an alga. This can be seen as an advantage because one does not need to
carry out extensive sampling of various triglycerides, and the analysis of triglyceride content in
algae is then reduced to “spotting” and “fitting” only a single spectral pattern. Also, it is likely
that biodiesel can be produced from all types of triglyceride produced by algae, and thus it is not
critical to distinguish between different types. Previous studies have produced biodiesel from
algal lipids that has similar properties to those required by ASTM biodiesel standards [82, 84]
(for ASTM standards, cf. [48, 239]). Based on the above information, glyceryl trioleate (Sigma
T7140) was selected as a representative for generic unsaturated triglyceride. Figure 2-17 shows
the Raman spectrum of glyceryl trioleate obtained under the same conditions as those of algae.

Figure 2-17. The Raman spectrum of glyceryl trioleate, which is used as a representative to the
spectra of generic unsaturated triglyceride.
The next stage is to examine whether triglyceride has distinct bands compared to other biomolecules. A comprehensive database on the Raman spectra of various key biological molecules
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has been provided by de Gelder et al., 2007.[191] They report that the triglyceride spectra
exhibit distinctly different Raman patterns from other abundant molecules in cells such as, DNA,
RNA and amino acids.

This difference is expected because the overall structures of the

biological molecules listed above are very different. Although two of the intense bands for
triglyceride exist in the wavenumber region of ~1000− 1450 cm

-1

, and thus overlap with those

arising from some saccharide types, triglyceride can be distinguished by the characteristic peak
at ~1650 cm-1 or the broad peak between ~2800 – 3000 cm-1. Further support for using the broad
wavenumber band to identify lipids is provided by several previous studies conducted with
CARS that have used peak locations of ~2840 or 2845 cm-1 to identify lipids.[174, 187, 189]
In addition to triglyceride, spectra from pigments should also be considered because they are
highly sensitive to the excitation energy and have been reported to contribute significantly to the
Raman spectra of many algae.[175-177, 303, 304] Using an excitation wavelength of 488 nm,
Chen et al. (2004) showed that most strong and medium peaks of chlorophyll-d coincide with
those of chlorophyll-a and b.[306] For various carotenoids, it has been shown that their Raman
spectra are close to that of the well documented β-carotene.[193, 198] β-carotene has intense
peaks at ~1150 cm-1 (νs(C-C)), ~1520 cm-1 (νs(C=C)) and 1008 cm-1 (ρ(C-H3), ν(C-C)), and
major overtone peaks at 2320 and 2667 cm-1 . In addition, due to similar chemical structure, we
expect the various chlorophyll compounds to produce similar spectra and the various carotenoids
to produce similar spectra. Thus, one can use the major Raman peaks specifically associated with
chlorophyll-d and those associated with β-carotene to represent generic chlorophylls and
carotenoids, respectively. The reference spectra for chlorophyll-d and β-carotene are presented
alongside with the experimental algal spectra later in Figure 2-20.
With the above background information, the Raman spectra of the healthy and starved algae
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can now be presented in detail. For the spectra of healthy C. sorokiniana (Healthy ChloS) and N.
oleoabundans (Healthy NeoO) illustrated by Figure 2-18 (blue line) and Figure 2-19 (blue line),
carotenoid seems to be the only assignable component revealed by the strong peaks at ~1150
cm-1 and 1520 cm-1, and a medium peak at ~1008 cm-1. This result agrees with the previous
investigations by a number of authors [175-177, 303, 304, 307], who found carotenoids being the
main contributors, and sometimes the sole assignable contributors [177, 303], to the Raman
spectrum. In theory, algae should be differentiated on a class level by the weaker Raman features
in the 920 − 980 and 1170 – 1230 cm−1 regions resulting from the difference in their pigment
compositions.[307] Such classification would require statistical sampling of a large number of
algae, which was not performed in our study.
In contrast to the ‘simple’ Raman spectra illustrated by the healthy algae, the nitrogen starved
samples showed more interesting features. The black lines in Figure 2-18 and Figure 2-19
display the average, post-processed Raman spectra of starved C. sorokiniana (Starved ChloS),
and starved N. oleoabundans (Starved NeoO). Chlorophyll, triglyceride and carotenoid can be
clearly identified by matching the measured Raman spectrum with a combined spectrum of these
pure components, shown in red in Figure 2-18 and Figure 2-19. For the combination spectra,
glyceryl trioleate (representing triglyceride) is the same as that illustrated in Figure 2-17
previously, while the spectra for β-carotene and chlorophyll-d are from the literature references
of Chen et al., 2004 [306] and Parker et al., 1999 [193]. To combine these three spectra,
optimized normalization factors were used. As shown in Figure 2-18 and Figure 2-19, the
computed aggregate spectrum and the experimentally obtained mean spectrum agreed well for
both starved C. sorokiniana and starved N. oleoabundans. These two figures also indicate that
both of the nitrogen-starved cell types contain high levels of triglycerides compared to their
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nitrogen-replete counterparts. The single component spectra representing generic carotenoids,
chlorophylls and triglyceride are shown separately in Figure 2-20.

Figure 2-18. The mean Raman spectrum of starved C. sorokiniana (Starved ChloS) (black line),
and the combined spectrum of contributions from carotenoid, chlorophyll and triglyceride
(dashed red line). The spectrum of healthy C. sorokiniana (Healthy ChloS) (blue line) is also
shown as a comparison.

Figure 2-19. The mean Raman spectrum of starved N. oleoabundans (Starved NeoO) (black
line), and the combined spectrum of contributions from carotenoid, chlorophyll and triglyceride
(dashed red line). The spectrum of healthy N. oleoabundans (Healthy NeoO) (blue line) is also
shown as a comparison.

111

Figure 2-20. The Raman spectrum of carotenoid (Parker et al., 1999), chlorophyll (Chen et al.,
2004) and triglyceride (cf. Figure 2-17) and the mean spectra acquired for starved C. sorokiniana
−1

and starved N. oleoabundans in the wavenumber regions of 750 − 1750 cm and 2450 − 3150
−1

cm .
Chemical Composition Mapping
Figure 2-21 contains the optical micrographs (100X) of a healthy N. oleoabundans agar
sample and a starved N. oleoabundans cell (Starved NeoO #2). Below the optical images are
spectral composition maps that were constructed from acquiring spectra according to procedure
described above. The signal intensity within the desired wavenumber regions (1505 – 1535 cm-1
for carotenoid and 2800 – 3000 cm-1 for triglyceride) were measured for every spectra and the
map is created such that locations with high intensity are denoted in yellow, medium intensity
are denoted in red, and low intensity are denoted in black. The actual resolving power of Raman
spectroscopy is limited to be about half of the incident beam wavelength (266 nm, in this case).
Then, the diameter of the focal region, which is about 0.5 µm for this study, can limit the
resolution. Therefore, the spectra obtained for each location in the chemical composition maps
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result from the net Raman signal produced by the entire region excited by the incident beam.
The locations at which spectra were obtained were separated by 0.2 µm and 0.1 µm for the
carotenoid and lipid maps, respectively. Therefore, adjacent locations (i.e., adjacent pixels) will
contain overlapping information. However, each spectrum is unique because it is produced by a
unique region excited by the incident beam. The scan region for composition maps shown in
column A and column B of Figure 2-21 are 20 µm x 20 µm and 8 µm x 8 µm, respectively.
Every spectrum was acquired with a 0.1 s integration time.

Figure 2-21. Optical micrographs and background subtracted Raman maps of N. oleoabundans:
column A shows the image for healthy N. oleoabundans in agar (Healthy NeoO Agar) and the
corresponding chemical mapping for carotenoid; column B displays the optical image of a single
starved N. oleoabundans cell (Starved NeoO #2) and the associated mapping for triglyceride.
The high and low lipid regions within the starved cell, of which spectra are analyzed in Figure
2-22, are marked #1 and #2 respectively.
In Figure 2-21, carotenoid locations are identified for the healthy N. oleoabundans agar
sample (Healthy NeoO Agar) and triglyceride locations are identified for the starved N.
oleoabundans sample (Starved NeoO #2). The optical image of healthy N. oleoabundans, in
column (A), shows clumps of algal cells, and the individual cells cannot be distinguished clearly.
The carotenoid map indicates distinct locations in which carotenoid is highly concentrated. This
113

result is expected as carotenoid is specifically located within the chloroplast. For starved N.
oleoabundans, a scan region containing only one isolated cell was selected to perform Raman
mapping and triglyceride can be identified clearly. In order to confirm the validity of the lipid
composition map, the spectra from two locations (#1 and #2) within the cell are analyzed further
in Figure 2-22. These locations were selected to verify the presence of lipid peaks at location #1
and the absence of lipid peaks at location #2. The major characteristic peaks of triglyceride (cf.
Figure 2-17) can be identified in the spectrum of region #1, but not in that of region #2.
Therefore, the Raman map was successful at identifying the lipid composition in the starved N.
oleoabundans cell shown. Raman mapping of healthy cells mainly produced noise signals, and
are therefore not included for space considerations.

Figure 2-22. The Raman spectra acquired at positions #1 (yellow region) and # 2 (black region)
as indicated in Figure 2-21.
The Raman maps shown in Figure 2-21 provide a qualitative assessment of the relative
composition of algae via Stokes Raman scattering. Growth conditions can have a significant
effect on the composition of algal cultures and it is known that N. oleoabundans will increase
triglyceride production during nitrogen starvation.[18] The Raman map shown in column B of
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Figure 2-21 confirms that a significant portion of the cell can be composed of lipids. This study
does not determine the sensitivity of Stokes micro-Raman imaging spectroscopy. As mentioned
above, there are limitations to the resolution of composition maps which may disallow the
detection of components with low abundance. For instance, some amount of triglyceride will be
present in healthy and starved cultures of N. oleoabundans. In the authors’ personal experience,
independent studies suggest that healthy and starved cultures of N. oleoabundans (grown under
similar conditions and for similar duration (i.e., ~ 15 days) as the cultures in this study) will
contain approximately 2–10% and 15–25% triglyceride by weight, respectively (Data not
provided. Personal communication, Beal C., University of Texas at Austin, 2009). Applying
nitrogen-starvation for a longer duration has been shown to yield even greater lipid content in
algae.[18, 98] This indicates that the threshold required for the detection of triglyceride in algal
cells by the micro-Raman spectroscopy method presented in this manuscript may be somewhere
between the triglyceride content of the healthy and starved cultures used in this study (which
were not determined) (cf. Figure 2-18 and Figure 2-19).

It is stressed that quantitative

composition analysis is beyond the scope of this study. The specific threshold of chlorophyll,
carotenoid, or triglyceride content needed to produce reliable Raman signals or the direct
correlation between signal intensity and chemical concentration was not determined.
An additional limitation is that fluorescence can overwhelm the component specific peaks in
some cases and near infra-red excitation wavelengths (e.g., 785 nm) or coherent anti-Stokes
Raman spectroscopy may be better suited for algal samples. With additional data processing
algorithms and the development of standardized calibrations for the spectral analysis, Raman
spectroscopy has the potential to provide a rapid composition analysis tool for the quantification
of triglyceride content or other components, such as carotenoids, for the growing industry
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striving to produce fuels and chemicals from algae.

Dynamics of Raman Signal Evolution
Confocal Raman studies on micro-algal cells performed elsewhere [175, 177] employed low
levels of laser power, i.e. below ~1 mW over a spot size of 1−2 µm. This was to avoid photo damage to the cells and especially to preserve the easily photo-bleached chlorophylls and
carotenoids. Nevertheless, the algal spectra obtained mostly contained pronounced sloping
fluorescence baselines. In contrast, we employed a much higher power density (~5 mW over a
~0.5 µm spot size) to increase the Stokes Raman scattering response. Under such a constant
intense exposure at a single spot in the cell, unexpected spectrum evolution with time was
observed. Figure 2-23 provides an example of a typical series of spectra acquired at consecutive
intervals during continuous laser exposure. The relative peak heights, indicative of chemical
composition, remain roughly the same over the time of exposure. However, the fluorescence
background shows strong time dependence. Contrary to expectation, the consecutive spectra in
Figure 2-23 do not correspond to consecutive times as illustrated by the analysis below.
It is generally accepted that for isolated pigment powders, the fluorescence background level
produced during Raman scattering follows an approximate exponential decay relationship.[308]
In order to examine this relationship, the fluorescence background level is plotted versus the time
of exposure. The background level is defined as the sum of all background counts (extracted by
RCF) over the 0 - 3200 cm-1 spectral ranges. A very different phenomenon was found in our
samples, illustrated by non-monotonic time-dependence of background intensity in Figure 2-24
for C. sorokiniana (Starved ChloS) and N. oleoabundans (Starved NeoO). In all measurements,
the first acquisition produced the highest value of fluorescence. This was followed by a large
rapid decrease, and then an exponentially slower decrease. Unexpectedly, after some
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illumination time (which varied for different cells around ~1-2 min), the fluorescence level
abruptly returned to a high value and then the decay process repeated itself, sometimes more than
once.

Figure 2-23. Raman spectrum sampled approximately every 10 seconds at the center of a fixed
starved N. oleoabundans cell (Starved NeoO Cell 1, cf. Figure 2-24, plot b); the laser beam was
left on between consecutive data acquisitions.

Figure 2-24. A) The background fluorescence intensity level versus the laser exposure time for
one starved C. sorokiniana cell (Starved ChloS). B) The fluorescence intensity level versus laser
exposure time for two different starved N. oleoabundans cells (Starved NeoO). The inserts
demonstrate the power law fitting of the low decay background when the “abnormal” high
fluorescence events are omitted.
Fluctuation in the incident laser power was minimal as demonstrated by the intensity at Δω =
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−1

0 cm which stayed effectively constant (cf. Figure 2-23). The fluorescence can be attributed to
various carotenoids [301] as well as chlorophylls [309] in the chloroplast. For example, the
quenching of chlorophyll fluorescence in LHCII (a major light harvesting antenna protein) was
observed to take place on a time scale of milliseconds [310] and so it is not surprising that
significant photo-bleaching of pigments can occur. If the few “abnormal” high intensity events
are omitted, the slow decay of fluorescence intensity with time of exposure is apparent. This
−x

decay follows a power-law relationship ~ t (cf. the inserts in Figure 2-24), with the exponent x
~0.87 for C. sorokiniana and x ~0.35 for N. oleoabundans. A non-exponential time-dependence
is usually attributed to collective, cooperative processes and in our case, this may imply a nonlinear absorption effect at higher intensity [311], or be a consequence of complex photosynthetic
reactions that occur in chloroplast organelles on absorption of light [312]. The exact cause for the
observed high intensity events is still under investigation. Several possibilities include the
movement of a new chloroplast into the beam focus volume (due to random thermal migration or
a direct optical trapping effect), as well as another consequence of electronic exchange during
the photosynthetic process reset in the chloroplast organelle. Finally, Raman spectroscopy could
be conducted with a 785 nm laser which may significantly reduce the background fluorescence.
This could be advantageous is some cases, however the high fluorescence background enabled
the documentation of a very interesting phenomenon in this study.

Conclusion
Two algal species, Chlorella sorokiniana (UTEX #1230) and Neochloris oleoabundans
(UTEX #1185), were tested using conventional Stokes Raman scattering. For both species, only
the carotenoid component was able to be assigned in the spectra of healthy cells. On the other
hand, the signals from carotenoids, chlorophylls and triglycerides were clearly identified in the
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Raman spectra of C. sorokiniana and N. oleoabundans which had been nitrogen starved. In
addition, chemical maps demonstrated that confocal Raman microscopy operating under the
Stokes scattering regime is capable of identifying the compound of interest within a single cell
down to a few microns. Carotenoids and triglycerides were identified using the filtered Raman
mapping technique and the locations of each component within the scanned region could be
determined. Unexpected variations in the fluorescence background levels when prolonged laser
exposure is applied were observed. The background level followed a generally power-law
decaying trend that was interrupted with sudden spikes of high-intensity fluorescence events.
The general trend of decreasing background level may be explained by the photo-bleaching of
pigments in chloroplasts. However, the high intensity fluorescence events are not yet understood.
Overall, this study demonstrates that Stokes Raman spectroscopy is capable of detecting and
identifying storage lipids, specifically triglyceride. Conventional Raman scattering thus sees the
potential to provide a fast and non-intrusive compositional analysis technique which may enable
future in-line or at-line lipid content monitoring. Future experiments should be designed to
determine the relationship between the lipid (or triglyceride) concentration in algae and the
associated Raman signal intensity in order to establish a standardized lipid quantification
method.
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APPENDIX 2B. LIPID ANALYSIS OF NEOCHLORIS OLEOABUNDANS BY LIQUID STATE NMR
Copyright Note
The contents of this section were published in Biotechnology and Bioengineering in 2010
and the article was authored by Beal C.M., Webber M.E., Ruoff R.S., and Hebner R.E.[115] All
of the authors were affiliated with the University of Texas at Austin and the manuscript
represents a main research effort of this body of work. The text and figures have been inserted
verbatim.

Abstract
This study is an evaluation of liquid state NMR as a tool for analyzing the lipid composition
of algal cultures used for biodiesel production. To demonstrate the viability of this approach, 13C
NMR was used to analyze the lipid composition of intact cells of the algal species, Neochloris
oleoabundans (UTEX #1185). Two cultures were used in this study. One culture was “healthy”
and grown in conventional media, while the other culture was “nitrogen-starved” and grown in
media that lacked nitrate.

Triglyceride was determined to be present in both cultures by

comparing the algal NMR spectra with published chemical shifts for a wide range of lipids and
with a spectrum obtained from a triglyceride standard (glyceryl trioleate). In addition, it is
shown that 1) the signal-to-noise ratio of the ~29.5 ppm methylene peak is indicative of the lipid
content, and 2) the nitrogen-starved culture contained a greater lipid content than the healthy
culture, as expected. Furthermore, the nitrogen-starved culture produced spectra that primarily
contained the characteristic peaks of triglyceride (at ~61.8 ppm and ~68.9 ppm), while the
healthy culture produced spectra that contained several additional peaks in the glycerol region,
likely resulting from the presence of monoglyceride and diglyceride.

Finally, potential

interferences are evaluated (including the analysis of phospholipids via 31P NMR) to assess the
specificity of the acquired spectra to triglyceride. These results indicate that NMR is a useful
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diagnostic tool for selectively identifying lipids in algae, with particular relevance to biodiesel
production.

Introduction
Biodiesel produced from algae is a widely studied potential alternative to petroleum-based
transportation fuels. Algal biodiesel is produced by upgrading algal lipids into standard biodiesel
composition, which primarily contains fatty acid methyl esters. There are multiple production
pathways capable of producing biodiesel from algae and each of these pathways involves
multiple processing steps.[1, 2, 19, 49, 82, 83] Researchers require analytical tools to evaluate
the effectiveness of each production step and the benefits associated with various algal growth
scenarios. However, as a relatively young field, the availability of standardized methods and
instrumentation for characterizing the intermediate products in the algal biodiesel production
pathways is limited.
There are many analysis tools that can be adapted to evaluate algal cultures, algal lipids,
or fatty acid methyl esters, and each tool provides a unique set of information. Two of the
most common algal lipid analysis methods are solvent extraction for gravimetric lipid
quantification [280-282] and fluorescence microscopy using a lipid stain such as Nile Red or
BODIPY.[133-135, 138] Chromatography has been used to separate, identify, and in some
cases quantify lipid extracts. Specifically: high pressure liquid chromatography (HPLC) can
be used to quantify different types of lipids in algal extracts (e.g., mono-, di-, and
triglyceride)[253, 254, 257, 260, 313]; gas chromatography coupled with mass spectrometry
(GC-MS) can be used to separate, identify, and quantify volatile compounds in a sample,
such as fatty acid methyl esters produced from algal lipids [52, 82, 170, 269, 271]; and thin
layer chromatography (TLC) can be used to identify (and possibly quantify) extracted algal

121

lipid classes [46, 263, 264]. Several forms of spectroscopy have also been applied to
analyze algal lipids. Specifically: UV-vis spectroscopy can be used to determine the algal
concentration of a culture [99, 136, 168]; Raman spectroscopy can be used to identify
compounds of interest in algae [113, 116, 175]; and Fourier transform infrared (FTIR)
spectroscopy can be used to analyze algal nutrient status and identify algal species [204,
205, 304, 314].
Liquid state NMR has the potential to be included in this analysis toolbox, but has not
been widely studied for algal biodiesel applications. The advantages of liquid state NMR
include the ability to analyze intact algae (thus avoiding lengthy extraction procedures,
which have the potential of not extracting all of a desired compound or altering the sample),
analyzing bulk algal samples (i.e., many cells at once), and the ability to obtain detailed
chemical structure information (e.g., distinguishing between types of lipids and types of
fatty acids in lipids).
Liquid state NMR has been used in many studies to analyze lipids. [210, 230, 232, 233,
235-237, 240, 241, 315-320] There have also been studies published for the application of
liquid state NMR to evaluate algal lipid extracts [228, 229, 238, 243] and “bio-oil” produced
from the liquefaction of algae [58]. In a recent advancement, the use of time domain (TD)
NMR has been used to quantify total lipid content in algal cultures.[170, 246] Although
TD-NMR is more robust than ordinary NMR, it yields less specific information about
chemical composition of the analyzed sample. Finally, solid state NMR has also been used
in previous studies to analyze lipids in biological samples.[210-213]
To the best of the authors’ knowledge, this is the first reported results of using 13C liquid
state NMR to identify lipids of intact algae. The compositional measurements suggest this
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approach might provide a useful complimentary analysis method to TD-NMR. Thus, this
work represents a contribution to the suite of tools available for analyzing algae-based
biofuels.

Materials and Methods
Two cultures of N. oleoabundans (UTEX #1185) were grown at The Culture Collection of
Algae at the University of Texas at Austin (i.e., UTEX). A “healthy” culture was grown in Bold
3N media for 15 days and a “nitrogen-starved” culture was grown in Bold 3N media for 7.5 days
and then transferred to modified Bold 3N media that contained no NaNO3 (i.e., nitrogen-starved)
for an additional 7.5 days (contents of Bold 3N media include H2O, NaNO3, CaCl2-2H2O,
MgSO4-7H2O, K2HPO4, NaCl, and Vitamin B12. cf. UTEX, www.utex.org). In this study,
nitrogen starvation was applied to one culture to promote lipid production so that there would be
different lipid densities in the two cultures of the same species, a phenomenon that has been
demonstrated in many algal species, including N. oleoabundans.[2, 18, 98, 101, 102, 105, 106,
110] Both cultures were grown under continuous aeration (using 1.5% CO2 in air), 15 W/m2 of
continuous lighting (using F32/T8 fluorescent bulbs), and at a temperature of about 21 °C.
When harvested, 1.5 L of each culture was centrifuged and rinsed several times to produce
dense pastes of algal cells. The starved sample paste was yellow-green in color and less viscous
than the dark green healthy sample. To prepare algal samples for 13C NMR measurements, 1 g
of algal paste was mixed with 1 mL of deuterium oxide (D2O, CAS 7789-20-0) and then
transferred to a 17.8 cm, 300 MHz, lab glass Wilmad NMR tube. Six 13C NMR samples were
prepared from the two algal cultures: three from the healthy culture and three from the nitrogenstarved culture. Finally, a single NMR sample was prepared from chemical grade glyceryl
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trioleate (Sigma T7140, CAS 122-32-7) dissolved in chloroform-d (CAS 865-49-6) and
tetramethylsilane (TMS) to serve as a reference compound.
Liquid state 13C NMR was conducted on all samples using the Varian Direct Drive 600 MHz
spectrometer in the University of Texas at Austin’s Analytical Services NMR Laboratory. All
samples were prepared within three hours of testing and the NMR tubes were thoroughly mixed
immediately prior to testing to circumvent the algae settling. All of the samples’ 13C NMR
spectra are referenced to D2O (the glyceryl trioleate sample was referenced to TMS, which was
externally referenced to D2O). All 13C NMR tests were conducted with identical acquisition
settings (pulse width of 7.9 µs, flip angle of 90°, relaxation delay of 2.3 s, 95,000 acquisition
data points, and 2,000 scans) and processed with either 1 Hz or 10 Hz line broadening.
Liquid state 31P NMR was also conducted on a second batch of healthy and nitrogen-starved
N. oleoabundans cultures to evaluate phospholipid signal contributions. These cultures were
grown under the same conditions as the cultures for 13C NMR. The 31P NMR tests were
conducted with a pulse width of 13.0 µs, flip angle of 90°, relaxation delay of 4 s, 200,000
acquisition data points, 1,000 scans, and processed with 4 Hz line broadening.

Results and Discussion
Two methods are used to evaluate liquid state NMR as a lipid diagnostic for algal cultures.
In the first method, the peak locations of the glyceryl trioleate spectrum are compared and
matched to those of the algal spectra, which indicates the presence of triglyceride in both
cultures. In the second approach, the average methylene peak intensity at ~29.5 ppm of the
nitrogen-starved culture is compared with that of the healthy culture.

Spectral Analysis
Identification of Triglyceride
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The peak locations and shape of the glyceryl trioleate spectrum agree well with the spectra
obtained from the algal cultures, indicating that neutral lipids, specifically triglyceride, contribute
to the measured algal NMR spectra. Figure 2-25 displays the seven spectra recorded and Figure
2-26 presents three regions that contain the most relevant peaks. In Figure 2-25 and Figure 2-26,
10 Hz line broadening was used to process the spectra to improve the signal-to-noise ratio. The
regions shown in Figure 2-26, denoted “A”, “B”, and “C”, are labeled above the spectra in
Figure 2-25. The amplitudes of the spectra shown in Figure 2-25 and Figure 2-26 were scaled
for presentation. Therefore, these figures indicate consistency on peak location but do not
indicate relative abundance. Table 2-5 lists the averaged, normalized signal intensity for
significant peaks for the seven spectra. These data were calculated by normalizing the measured
peak heights by the maximum peak intensity of that spectrum (which was produced by the
methylene group at ~29.5 ppm for all spectra). This normalization was necessary because the
total signal strength varied from sample-to-sample, likely caused by density variations. Then,
the normalized heights associated with the indicated chemical shift ranges (and therefore
associated with particular functional groups) were averaged across the three spectra for each
culture.
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Figure 2-25. The measured 13C NMR spectra for the nitrogen-starved culture, healthy culture,
and glyceryl trioleate are very similar in shape. The regions A, B, and C are shown in more
detail below. (Note: vertical scales vary and 10 Hz line broadening was used)
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Figure 2-26. A) 13 – 35 ppm B) 35 – 80 ppm C) 120 – 180 ppm The measured 13C NMR
spectra for the nitrogen-starved culture, healthy culture, and glyceryl trioleate for regions
containing the most prevalent peaks. Characteristic triglyceride peaks are present in both algal
spectra. (Note: vertical scales vary and 10 Hz line broadening was used)
Inhomogeneous field line broadening is present in the algal spectra, which is apparent by
comparing the peak widths of the glyceryl trioleate spectrum to those of the algal spectra in
Figure 2-26 and Figure 2-27. The difference is apparent when 10 Hz line broadening was used
to process the spectra (Figure 2-26), and particularly evident when 1 Hz line broadening was
used, which is illustrated in Figure 2-27. The inhomogeneous field line broadening is likely a
result of several factors, including local magnetic field inhomogeneities caused by the solid
biomass in the algal samples, physical motion restraints on the molecules within the algal cells
(which may prohibit adequate motional narrowing), and effects of the D2O solvent viscosity. In
addition, slight variations in the chemical shifts exist for the peaks in each sample due to minor
fluctuations in environmental conditions and lack of direct internal reference among all samples.
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Figure 2-27. The peak widths of the 13C NMR algal spectra (a nitrogen-starved culture’s
spectrum is shown) (top) are larger than those in the glyceryl trioleate spectrum (bottom). These
spectra were processed with 1 Hz line broadening and demonstrate the effect of inhomogeneous
field line broadening on the algal spectra. (Note: vertical scales vary)
Table 2-5 lists carbon-containing functional groups that are proposed to be responsible for
each of the prominent peaks in the spectra (e.g., olefin groups, acyl groups, etc.). These
assignments were made based on data in the literature and can be supported by computer
programs that generate NMR spectra, such as ChemDraw. The peaks located at ~19.97 ppm and
~62.50 ppm in all of the algal spectra are significantly narrower than the other peaks listed in
Table 2-5. This difference is illustrated in Figure 2-27 for the peak at ~19.97 ppm. All of the
peaks in each spectrum were inspected using both 1 Hz and 10 Hz line broadening to evaluate
potential peak width distortion, and of the distinct peaks listed in Table 2-5, only those located at
~19.97 ppm and ~62.50 ppm were noticeably distorted (cf. Figure 2-26 and Figure 2-27). The
specific compounds responsible for these two peaks are not known.
Significant peaks of the glyceryl trioleate spectrum are present in both the healthy and
nitrogen-starved algal spectra (cf. Table 2-5), which indicates the presence of triglyceride in both
algal samples. The only possible differences may be the acyl peaks located at 172.515 ppm and
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172.902 ppm, which are not distinct in the algal spectra when processed with 10 Hz line
broadening. In the glyceryl trioleate spectrum and other studies, the two acyl peaks produced by
the C1 carbon-oxygen bonds are separated by about 0.41 ppm [233, 237], and this separation is
obscured in the algal spectra due to line broadening. The presence of the two acyl peaks is more
evident for the starved samples.
The chemical shifts produced by the carbon atoms in glycerol of triglyceride (i.e., G11-13)
have been reported to be ~62.1 ppm, ~68.9 ppm, and ~62.1 ppm [233, 237, 241, 316], and the
algal samples contained peaks at ~61.8 ppm, ~68.9 ppm, and ~61.8 ppm. The discrepancy
between the reported glycerol carbon atom chemical shifts and those measured in this study
likely results from different environmental conditions and line broadening. Furthermore, an
approximate 2:1 ratio of the relative, normalized peaks at ~61.8 ppm and ~68.9 ppm was
recorded for the starved culture and the glyceryl trioleate sample. This ratio is produced by the
symmetry of the two end glycerol carbon atoms (~61.8 ppm) about the middle glycerol carbon
atom (~68.9 ppm) of triglyceride (cf. plot C of Figure 2-26 and Table 2-5).[232, 241] The peaks
in the healthy culture are less distinct in the glycerol region (i.e., ~60 – 70 ppm) and do not
coincide with the peaks of the glyceryl trioleate spectrum as closely as those of the nitrogenstarved sample. This result suggests that the healthy sample contains fewer lipids and a more
diverse assortment of neutral lipids (likely including monoglyceride and diglyceride, which
produce “asymmetric” glycerol signals in the NMR spectra [232, 241, 316]). This result is
expected because, as Hu et al. explain, under nutrient deprivation, many algae alter their
biosynthetic pathways to mainly produce triglyceride [98], which is supported by data in the
literature for N. oleoabundans [18, 105] and other algal species [102]. Independent HPLC
analysis supported these results, also indicating that most of the nitrogen-starved culture’s
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neutral lipids were triglyceride, while a significant percentage of the healthy culture’s neutral
lipids were of non-triglyceride types.(Personal communication, Poenie M., University of Texas
at Austin, 2009)
Methylene Peak Indicator of Lipid Content
Figure 2-28 presents one spectrum from the healthy culture and one from the nitrogenstarved culture, which were acquired with identical instrument settings and are plotted on the
same scale. These spectra are representative of the other spectra obtained for each culture.
Nitrogen starvation promotes lipid accumulation and lipids produce strong methylene group
signals in 13C NMR (specifically at ~29.5 ppm) [226, 232, 235, 237, 240]. Therefore, the
methylene peak signal intensity can be used as an indicator of lipid content. The healthy culture
and the nitrogen-starved culture produced average methylene peak (~29.5 ppm) signal-to-noise
ratios of 49 and 120, respectively. Although the ~29.5 ppm methylene peak is not necessarily
specific to neutral lipids (since many compounds contain methylene groups, such as
phospholipids), the interference analysis described below indicates that the algal spectra are
primarily comprised of the contributions from neutral lipids (but not exclusively triglyceride).
Therefore, the increased signal-to-noise ratio of the ~29.5 ppm methylene peak of the starved
culture, as compared to that of the healthy culture, provides further evidence that the NMR
spectra effectively indicate the presence of neutral lipids in N. oleoabundans grown in these
conditions.
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Table 2-5. Peak locations and associated average, normalized peak intensities for the healthy
culture, nitrogen-starved culture, and glyceryl trioleate sample.
Peak Location

Glyceryl Trioleate

Starved

Healthy

(ppm)

(a.u.)

(a.u.)

(a.u.)

13.852 - 14.004

0.297

0.296

0.322

Methyl, CH3; (ω1)

19.963 -19.978

-

0.077

0.256

Unidentified Soluble Compound

22.590 - 22.619

0.339

0.316

0.363

Methylene, CH2; (ω2)

24.699 - 24.781

0.464

0.368

0.445

Methylene, CH2; (C3α & C3β)

25.409 - 25.458

-

0.123

0.280

Allyl, CH2-CH=CH-; (L11)

27.057 - 27.143

0.734

0.551

0.593

Allyl, CH2-CH=CH-; (O8,11 & L8,14)

29.267 - 29.717

1

1

1

31.443 - 31.465

-

0.096

0.214

Methylene, CH2; (ω3)

31.860 - 31.912

0.385

0.276

0.290

Methylene, CH2; (ω3)

33.534 - 33.905

0.343

0.247

0.288

Methylene, CH2; (C2α & C2β)

39.299 - 39.355

-

-

0.105*

Unidentified

40.471 - 40.490

-

-

0.097

CH2N , PE

60.741 - 60.756

-

-

0.137

CH2O, PC

61.712 - 61.976

0.299

0.157

0.134

(Tri-) Glycerol, CH2; (G11, G13)

62.493 - 62.519

-

0.064

0.320

Unidentified Soluble Compound

66.291 – 66.499

-

-

0.078

CH2N , PE

68.850 - 68.947

0.140

0.082

0.166

(Tri-) Glycerol, CH; (G12)

Probable Functional Group;
#
(Carbon Atom)

τ

Methylene, CH2; (C4-C8)

+

τ

+

70 – 76

-

-

0.131**

~77

0.036***

NA

NA

Mono-, Diglycerides

127.795 - 127.862

-

0.144

0.272

Olefin, C = C; (L12)

129.491 - 129.586

0.406****

0.269

0.347

Olefin, C = C; (O9,10 & L9,10)

171.596 - 172.861

0.071

0.101

0.113

Acyl, C = O; (C1 β)

172.902

0.130

-

-

Acyl, C = O; (C1 α)

Deuterated Chloroform, (CDC13)

All peaks were normalized by the methylene group intensity at ~29.5 ppm.
L – Linoleic, O – Oleic, G – Glycerol, PE – Phosphotidylethanolamines,
PC – Phosphotidylcholines
#
[213, 232, 233, 235, 237, 315, 316]
* Only two samples contained this peak
** Average of the greatest peak of each spectrum within 70 – 76 ppm (cf. Figure 2-26, plot B)
*** Three nearly equal peaks produced by CDC13
**** Average of two peaks (cf. Figure 2-26, plot C)
τ
(cf. Spectral Analysis)

131

Figure 2-28. The healthy culture (top) produced an average methylene group signal-to-noise
ratio of 49 and the nitrogen-starved culture (bottom) produced an average methylene group
signal-to-noise ratio of 120. These 13C NMR spectra are plotted on the same vertical and
horizontal scales and 10 Hz line broadening was used.
Interference Analysis
Although triglyceride produces characteristic signals in 13C NMR spectra, other compounds
can contribute to, and thus interfere with, these characteristic peaks. As with all spectroscopy
methods, interferences must be accounted for. Due to the dominant methylene envelope signals
produced by the algal samples, the list of potential compounds that would cause significant
interferences can be limited to compounds with long hydrocarbon chains (i.e., lipids). Several
studies have presented the lipid composition of algal species [18, 98, 100, 105, 197], and the
common lipids can be categorized as neutral lipids (including mono-, di-, and triglyceride) and
polar lipids (including phospholipids). There are a variety of compounds present in the algal
samples, as in all organisms, but most of these compounds were not present in sufficient
concentrations to produce distinct peaks in the algal spectra. For instance, characteristic
chemical shifts for biological extracts of chlorophyll (~11 ppm), carotenoids (~13-15, ~125-145
ppm), sulfoquinovosyldiacylglycerol (SQDG, ~99, ~75, ~73, ~70, ~66, ~64, ~55 ppm) and
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monogalactosyldiacylglycerol (MGDG, ~103, ~74, ~73, ~71, ~70, ~68, ~62 ppm) have been
reported [227, 228], and these compounds did not contribute prominent, discernable signals.(cf.
Figure 2-25 and Figure 2-26). Furthermore, except for the unidentified peak in two of the
healthy culture’s spectra at ~39.3 ppm and the narrow peaks located at ~19.97 ppm and ~62.50
ppm (as discussed above), all of the major peaks in the algal spectra can be attributed to lipids
(cf. Table 2-5). While unforeseen interferences may exist, the most likely compounds that could
cause significant interference with the triglyceride signals are monoglyceride, diglyceride, and
phospholipids. If other compounds produced significant interference, characteristic peaks for
those compounds would be prominent in the algal spectra.
13

C NMR signals produced by mono- and diglyceride have been shown to be slightly

different than those produced by triglyceride.[232, 241, 316]. The spectral analysis above
indicated that most of the starved culture’s neutral lipids were triglyceride, while the healthy
culture’s neutral lipids contained a larger percentage of mono- and diglyceride. As a result, the
methylene peak at ~29.5 ppm for the healthy culture’s spectra likely contains a contribution (and
thus interference) from monoglyceride and/or diglyceride. Although mono- and diglyceride are
considered interferences with the triglyceride signal, they are useful for biodiesel production.
Therefore, the overlap of signal contribution to the methylene peak from these species does not
necessarily detract from this approach to lipid analysis for biodiesel applications.
Phospholipids (and other complex lipids) are less well suited for biodiesel production than
neutral lipids and therefore, it is important to discriminate between the contributions of
phospholipids and neutral lipids to the NMR spectra. Based on the results presented by
Tornabene et al., which indicated phospholipids accounted for less than 10% of total lipids in
nitrogen-starved N. oleoabundans, it is expected that neutral lipids are more prevalent than polar
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lipids (such as phospholipids).[18] This expectation is consistent with data presented in other
studies.[98, 101] Generally, phospholipids can be distinguished in NMR spectra by the peaks
associated with the polar head group (e.g., CH2N+, CH2O) or the acyl carbon atoms (i.e., C1).
For instance, phosphotidylethanolamines (PE) and phosphotidylcholines (PC) have been shown
to produce characteristic peaks in ppm at ~173, ~71, ~64, ~63, and either ~62 and ~41 for PE or
~66, ~59, and ~54 for PC.[213, 226, 228, 232] The starved culture’s spectra lack significant,
distinct peaks at almost all of these locations. The healthy culture’s spectra, on the other hand,
contain several minor peaks that are similar to those of PE and PC listed above, specifically
between ~60 – 72 ppm and at ~41 ppm. However, many of the minor peaks between ~60 – 72
ppm may be produced by monoglyceride and diglyceride glycerol carbon atoms (cf. Table
2-5).[232, 236, 316] Furthermore, the characteristic PE peaks at ~174 ppm and ~64 ppm and the
characteristic PC peaks at ~174 ppm, ~64 ppm, and ~54.3 ppm are not prominent in any of the
algal spectra. For the prominent peaks that are possibly produced by phospholipids in the
healthy culture spectra (~40.5 ppm, ~60.7 ppm, and ~66.4 ppm), all of the averaged, normalized
peak intensities are less than 0.14. Based on these results, it is reasonable to expect that if
phospholipids contribute interfering signals to the algal spectra, they are small in comparison to
the neutral lipid signals.
Since phospholipids are known to be present in the cell membrane, the lack of distinct
phospholipid signals is unexpected. To further investigate this result, liquid state 31P NMR was
conducted on a different batch of healthy and nitrogen-starved N. oleoabundans. Phospholipids
should produce strong signals in 31P NMR, since 31P NMR is nearly 400 times more sensitive
than 13C NMR.[218] The resulting spectra are externally referenced to phosphoric acid and
displayed in Figure 2-29 along with lists of the associated peak locations.
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The spectra contain prominent, sharp peaks between ~1 ppm and ~ -2 ppm and a dominant,
broad peak at ~ -23.4 ppm. The peak locations around 0 ppm are similar to those published for
phospholipid extracts in other studies [210, 218, 230, 242, 243, 319, 321], but could be produced
by other soluble phosphate-containing compounds in algae (e.g., soluble orthophosphates,
polynucleotides, and soluble nucleotides). The shape of the dominant peak at ~ -23.4 ppm (a
broad, shouldered peak) resembles that produced by intact membrane phospholipids reported in
other studies.[210, 223, 322, 323] Thus, it is believed that the broad peak at ~ -23.4 ppm is
produced by membrane phospholipids (e.g., PC and PE) and the sharp peaks located around 0
ppm are produced by soluble phosphate-containing compounds.

Figure 2-29. The nitrogen-starved culture (top) and healthy culture (bottom) 31P NMR spectra
and peak locations are shown. These spectra are plotted on the same vertical and horizontal
scales and 4 Hz line broadening was used.
The lack of clear phospholipid signal in the 13C NMR algal spectra can be attributed to
reduced signal clarity resulting from inhomogeneous field line broadening, which may be more
severe for the “liquid-crystalline” phospholipid bilayer membrane. However, it is believed that
the phospholipids contributed to the liquid state NMR signals in this study (for both in 13C NMR
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and 31P NMR), based on peaks in the 31P spectra and results from other studies in literature.[210,
223, 322, 323] The phospholipid signal in the 13C spectra could also be reduced due to relatively
low phospholipid concentration (as compared to neutral lipids). This effect may be overcome in
31

P NMR because 31P NMR is so much more sensitive than 13C NMR that the phospholipid

signals can be resolved.[218] Since phospholipids contain fatty acid methylene tails, and
contribute liquid-state NMR signals, it is possible that the 13C NMR methylene peaks contain
contributions from phospholipids. It is not clear how great this contribution is, if it exists at all.
In order to use the 13C signal to quantify neutral lipids in algae in future work, the specific
contributions to from phospholipids, mono-, di-, and triglycerides need to be deciphered.
In addition to considering interferences, it is important to understand which compounds
produce the peaks that are not present in the glyceryl trioleate spectrum, but are present in the
algal spectra. Linoleic acid (whether in mono-, di-, or triglyceride) is likely present in the algal
samples, given the signals at ~127.83 ppm and ~25.43 ppm, which are of similar normalized
magnitude.[232, 315] The other peak present in the algal spectra that is not present in glyceryl
trioleate spectrum is located at ~31.45 ppm, which can be produced by an ω3 methylene group
(note, the peaks at ~19.97 ppm and ~62.50 ppm are discussed above). Consequently, we
conclude that liquid 13C NMR is reasonably robust against the expected types of interferences
that might be present for analyzing neutral lipids in algae.

Conclusions
NMR provides information that is not available from other analysis tools, such as specific
chemical structure, and can be used to analyze bulk samples of intact algae. Thus, ordinary
liquid state NMR can be a useful complementary analysis tool to supplement data provided by
other analysis methods (e.g., solvent extraction and chromatography).
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This study demonstrates proof-of-principle for the use of liquid state NMR to identify the
presence of triglyceride in algal samples. Triglyceride was determined to be present in the algal
cultures by comparing the 13C NMR algal spectra to that of a pure triglyceride standard (glyceryl
trioleate). Every peak in the standard triglyceride spectrum was also present in the algal spectra
(healthy and nitrogen-starved). In addition, the nitrogen-starved culture produced methylene
signals (~29.5 ppm) that were, on average, ~2.5 times greater than those of the healthy culture.
This result was expected because nitrogen-starved algae contain greater lipid content, and further
supports the ability of NMR to evaluate algal lipid content.
Interference analysis indicated that mono- and diglycerides were also likely present in the
algae, and that these compounds were more prevalent in the healthy culture than the starved
culture. Characteristic phospholipid signals were not distinct in the 13C NMR algal spectra
(likely due to inhomogeneous field line broadening), but were present in 31P NMR spectra.
Thus, it is probable that the methylene peaks in the algal spectra contain contributions from
mono-, di-, and triglyceride and may possibly contain contributions from phospholipids. The
extent of each contribution is not known. Therefore, the methylene peaks in the 13C NMR
spectra indicate the content of a broad range of lipids, while compound specific peaks are needed
to identify particular compounds, such as the characteristic triglyceride peaks at ~62.1 ppm and
~68.9 ppm.
While this exploratory study verifies the potential viability of NMR as a diagnostic tool, the
sensitivity or quantitative capability of ordinary NMR for algal lipids were not investigated.
Because this proof-of-principle study demonstrates the application of 13C NMR analysis for one
alga that was grown in the laboratory, further research is recommended to determine the ability
for NMR to characterize lipids in a range of algal species and cultures grown under different
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conditions. Furthermore, development of post-processing methods that improve the specificity
of NMR to individual compounds of interest would also be valuable. In conclusion, 13C NMR is
a tool with potential for analyzing intermediate products in the algal biodiesel production
pathway, including algal cultures.
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APPENDIX 2C: PROGRESSION OF LIPID PROFILE AND CELL STRUCTURE IN A RESEARCHSCALE PRODUCTION PATHWAY FOR ALGAL BIOCRUDE
Copyright Note
The contents of this section were prepared for publication in 2010 and the article was
authored by Beal C.M., Hebner R.E., Romanovicz D., Mayer C.C., and Connelly R.[114] All of
the authors were affiliated with the University of Texas at Austin and the manuscript represents a
main research effort of this body of work. The text and figures have been inserted verbatim.

Abstract
Although there has been a large research effort associated with individual parts of various
algal biofuel production pathways, few studies have tracked changes in product composition
throughout an integrated biofuel production process.

This study uses microscopy and

chromatography to analyze the progression of lipid profile and cell structure of algal cells
throughout a research-scale production pathway for biocrude.

For the specific processing

methods used in this pathway, it is shown that TAG content decreased, while DAG and FFA
content increased during processing. The changes in the lipid content corresponded to cell
degradation that is observed by SEM and TEM throughout processing.

These results

demonstrate the dynamic nature of lipid composition in an algal culture used for biofuel
production and emphasize the need to monitor changes in lipid profile, as those changes can
directly impact biofuel productivity.

Introduction
Algae have emerged as a promising biofuel feedstock that can be used to produce several
different fuel products, including ethanol, renewable diesel, hydrogen, methane, and biomass for
electricity.[1, 8, 12, 63, 324, 325] Most of the experimental research associated with algal
biofuels has focused on evaluating a particular portion of the production pathway (e.g., growth,
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harvesting, etc.). However, there are several critical steps required to produce, process, and
refine algal biofuels, and it is important to understand how integrating each part of a production
pathway impacts the overall process. For this reason, this study characterizes the progression of
the algal lipid profile and cell structure throughout an integrated research-scale production
pathway. Specifically, the production of algal lipids, which constitute a biocrude product that
can be upgraded into a refined fuel, is evaluated.
The production pathway used in this study has been described previously [1, 114, 288] and
consists of outdoor algal growth, harvesting, cell lysing, and lipid separations. Although the
product composition is dynamic throughout processing, there is a general lack of methodology
for tracking the changes in product composition, specifically lipid content, throughout algal
biocrude production. The lipid content is almost exclusively reported during growth.[18, 98, 99,
105, 106, 108, 110, 270, 326-329] A few studies have considered the affect of lipid content or
lipid type on conversion processes (thermochemical conversion or transesterification).[82, 84,
102, 330, 331] The lipid profile of microalgae used for aquaculture feed is often measured [283,
332-334], and in some cases changes in algal biomass composition during storage have been
characterized [335-337]. However, very little information is available regarding changes in the
lipid content throughout large-scale biofuel production. The changes might be significant as it is
known that the chemical composition can change significantly over relatively short time scales
as a result of diurnal changes in illumination and changes in nutrient availability.[98, 197, 338340] For commercial-scale production, the processing time is expected to be greater than for
lab-scale experiments (due to large processing volumes), and changes in lipid content during this
time can impact the fuel production. Furthermore, individual lipid species, such as mono-, di-,
and triglycerides (MAG, DAG, and TAG), free fatty acids (FFA), and long chain hydrocarbons
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(LCH), are rarely tracked throughout production. Instead, lipids are often reported in total [82,
84, 108, 327, 328], even though different lipid species require different downstream processing.
In this study, thin layer chromatography (TLC), scanning electron microscopy (SEM), and
transmission electron microscopy (TEM) are used to characterize the progression of lipid profile
and cell structure throughout the biocrude production pathway.
The experiments conducted in this study (which processed 40 – 80 L of growth volume each)
were designed to confirm trends that have been observed during the production of more than a
dozen larger scale batches (~2,000 L of growth volume each). The trends observed include a
decrease in TAG, increases in DAG and FFA, and the degradation of cellular integrity during the
course of the production pathway. The phenomena described in this study are consistent with the
trends observed for the larger scale batches, and are therefore considered to be characteristic of
the research-scale production pathway used in these studies.
The thrust of this study is to demonstrate that changes in lipid profile and cell structure can
occur and that these changes can affect the final biofuel yield. This appears to be the first such
analysis of the compositional changes in an integrated algal biocrude production process.
Furthermore, this study demonstrates the utility of TLC as a relatively simple method for
tracking these compositional changes.

This work is not, however, a summary of a full

understanding of the mechanisms responsible for the observed behavior. Nor are the results
presented here necessarily representative of other production pathways. More research is needed
to determine which parts of the observed phenomena may be fundamental and which may be due
to our specific processing procedures.
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Materials and Methods
Production Pathway
The production pathway analyzed in this study was developed at the University of Texas at
Austin, and integrates several critical processes, as shown in Figure 2-30. Three batches were
processed in this study (named IRIS, KALI, and TODD, cf. Chapter 3, but referred to as Batch 1,
2, and 3 in this chapter) and the alga was a marine Chlorella species (KAS 603, provided by
Kuehnle AgroSystems, Inc.). As shown in Figure 2-31, three growth volumes were used: A) 950
L greenhouse tank, B) 100 L indoor airlift bioreactor, and C) 300 L indoor airlift bioreactor. A
cyanobacterial contaminant (believed to be Pseudoanabaena sp.[341]) was present in Batch 1
and Batch 2 (cf. “Cell Structure”), and the relative amount of lipids in the cyanobacteria, as
compared to the algae, is not known. Although the contamination is undesirable, it is expected
to be representative of future large-scale algal biomass production for biofuels.

Figure 2-30. The production pathway includes cultivation, harvesting via centrifugation,
electromechanical pulsing, and lipid separations via solvent extraction.
Growth
Chlorella were cultivated with modified F/2 medium, which includes Instant Ocean salt (15
g/L), urea (882 µM), sodium phosphate monobasic hydrate (36.2 µM), ferric chloride
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hexahydrate (11.7 µM), EDTA dehydrate (11.7 µM), manganese (II) chloride tetrahydrate (0.91
µM), copper sulfate pentahydrate (39.3 nM), zinc sulfate heptahydrate (76.5 nM), cobalt (II)
chloride hexahydrate (42 nM), sodium molybdate dihydrate (26 nM), vitamin B12 (369 pM),
vitamin H (2.05 nM), and vitamin B1 (296 nM) (cf. utex.org). The greenhouse tank was also
continuously supplied with a CO2/air mixture to maintain a pH of ~7.5-8. The average ambient
temperature (outside the greenhouse) during the final growth stage and the harvesting period for
the greenhouse tank was 8.9 °C, with a maximum and minimum temperature of 24.4 °C and 1.11 °C, respectively. Indoor cultures (in both airlift bioreactors) were maintained at ~24 ºC and
were supplied with artificial illumination with a 12 h on/ off cycle, and a continuous stream of
1.1% CO2 in air. The CO2/air mixture exhausted from the bioreactor was ~0.81% CO2, on
average.
For the first batch tested, 40 L was obtained from the greenhouse tank, with an algal
concentration of 0.033 g/L. To increase the amount of algae processed in the second batch, 20 L
from the 100 L indoor bioreactor was combined with 20 L from the greenhouse tank, yielding an
algal concentration of 0.46 g/L. For the third batch, 80 L were harvested from the 300 L indoor
bioreactor with an algal concentration of 0.41 g/L. The concentrations were determined from the
dry weight (see methods below).
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Figure 2-31. A) Greenhouse tanks B) 100 L indoor, artificailly lit photobioreactor C) 300 L
indoor artificially lit photobioreactor
Harvesting
A centrifuge (Westfalia Separator, model SA 1-01-175) was used to concentrate the algae for
this study. Centrifugation yielded algal concentrations of 1.95 g/L, 41.87 g/L, and 15.83 g/L,
which represents concentration factors of 57X, 91X, and 39X, respectively. The variability of
the centrifuge is attributed to differences in the initial algal concentration and inconsistencies
resulting from operating a continuous-mode centrifuge on a very small volume (40-80 L). For
convenience, after concentration, the algae were left in a dark container at room temperature
(~24 °C) overnight (for about 18 h, although this duration and storage conditions could be altered
if necessary).
Lysing
The concentrated algae were then exposed to electromechanical pulsing in a process designed
to lyse the cells. In previous batches, the lysing process typically resulted in one or more of three
outcomes: 1) electromechanical rupture, 2) electroporation, or 3) cell death (possibly apoptosis)
(cf. Connelly et al. [290]). After lysing, the algae were again left in a dark container at room
temperature (~24 °C) overnight (for about 20 h).
Extraction
A custom extraction process was used to separate lipids from the other biomass. First, the
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algal biomass was suspended in methanol at 80°C for 1 h and the methanol fraction was
removed. Then, the biomass was re-suspended in hexane and again incubated at 80°C for 1 h.
The recovered lipids were pooled, dried, and stored at 4°C until TLC analysis. For electron
microscopy, a sample (number 2-7, cf.) was collected from the biomass following this custom
extraction. However, the lipid composition of the post-extraction biomass was only evaluated
for Batch 3.

Sample Collection
Table 2-6 lists the samples that were collected and the approximate times that each sample
was collected, as measured from the time that the algae were removed from the growth
containers (0 h). Duplicates of all samples were collected to enable dry weight analysis and TLC
analysis. For Batch 3, the dry weight and TLC analyses were conducted in triplicate, resulting in
6 identical sub-samples being collected for each sample listed in Table 2-6. After collection, the
samples were refrigerated until they were processed for TLC analysis, approximately 0-2 h after
collection. For electron microscopy, only samples from Batch 2 were analyzed and all samples
were fixed immediately upon collection (see details below).

Table 2-6. Samples collected. *Sample 2-7 was analyzed by SEM and TEM, but not TLC. **
Triplicate dry weight and TLC analyses were conducted on all samples in Batch 3.
Description
Pond
Pre-Centrifuge
Post-Centrifuge
Pre-Lysing
Post-Lysing
Pre-Extraction
Post-Extraction

#1
1-1
1-2
1-3
1-4
1-5
1-6

Time, Vol.
0 h, 1 L
3 h, 1 L
3.5 h, 10 mL
21 h, 10 mL
22 h, 10 mL
45 h, 10 mL

#2
2-1
2-2
2-3
2-4
2-5
2-6
2-7*
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Time, Vol.
0 h, 1 L
6 h, 1 L
6.5 h, 10 mL
24 h, 10 mL
25 h, 10 mL
45 h, 10 mL
47 h, 0.5 mL

#3**
3-1
3-2
3-3
3-4
3-5
3-6
3-7

Time, Vol.
0 h, 100 mL
3 h, 100 mL
3.5 h, 10 mL
21 h, 10 mL
22 h, 10 mL
45 h, 10 mL
47 h, 10 mL

Dry Weight
The algal concentration (i.e., dry weight in g/L) was determined for each sample listed in
Table 2-6. These samples were centrifuged and the pellet was washed three times to remove
salts. Then, the samples were heated at 70 °C until constant weight was obtained.

Thin Layer Chromatography
For lipid composition analyses, all samples were centrifuged and the pellet and supernatant
were analyzed separately. The supernatant fractions were treated sequentially with methanol
followed by addition of chloroform. Following intense vortexing and separation of the liquid
phases, the organic phase was collected. This process was repeated with chloroform two
additional times and the organic phases containing released lipids were pooled. The algal
biomass pellets were re-suspended in methanol and heated to 65°C for 30 minutes. Following
centrifugation, the methanol fraction was collected. The remaining pellet was re-suspended in
chloroform:methanol (4:1), vortexed, and incubated at 50°C for an additional 30 minutes. The
recovered organic fraction was pooled with the methanol fraction and prepped for TLC analysis.
Extracted lipids were re-suspended in 250 µl of chloroform, and then stored at 4 ºC in the dark
until TLC analysis 1.
For each sample, 5 µl was spotted onto a 15-µm-particle size silica-gel-matrix plate along
with a series of lipid standards. Lipids were developed via a 2-part solvent system: chloroform
followed by hexane:diethyl ether:acetic acid (80:19:1), then resolved with iodine vapors. This
TLC procedure is only selective for unsaturated lipids, and thus lipids with saturated fatty acids
(e.g., palmitic acid) are not detected.
Image J software was used to quantify the pixel density of each band from photographs of
1

Although lipid degradation can occur during storage, the initial samples (1-1, 2-1, and 3-1), which were stored for
the greatest amount of time, contained little or no breakdown products (cf. Figure 2-32), indicating that degradation
during storage was minimal.
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the completed TLC plates. The lipid standard (Sigma Aldrich, cat. #1787) consisted of 1 µg/µl
each of glyceryl trioleate (TAG), 1,3-diolein (1,3 DAG), 1,2-dioleoyl-rac-glycerol (1,2 DAG),
monoolein (MAG), and oleic acid (FFA). Using the lipid standard, lanes were prepared with 1,
2.5, 5, 7.5, and 10 µg of each species to provide standard curves relating the pixel intensity of
each color band to an associated quantity of that lipid species. The standard curves obtained
were linear with R2 values greater than 0.97 for all species on all of the plates. The high
correlation achieved for the standards plotted on each plate provides confidence that the TLC
methods are effective for correlating pixel density to the quantity of the responsible lipid species.
However, several of the processing samples’ bands produced pixel intensities that were outside
the range of the standard curves. As a result, some bands could not be used for quantification,
so, the pixel density values are used in this study as relative indicators of the amount of each
lipid species.
The intermediate products downstream from centrifugation were ~0.4-2.0 L in volume, and
sampling (~20-60 mL volumes) resulted in a significant amount of the material being removed
from the product stream. As a result, reporting the total amount of lipid in the product stream
would include significant losses due to sampling (up to 25% of the initial amount), which would
be misleading. To avoid this bias, the pixel density measured for every lipid species in a sample
(which indicates the lipid content in that entire sample) was divided by the dry weight of that
sample, yielding data that correlates to lipid content per gram of algae (in units of a.u./g).
Finally, all of the ‘pixel density per dry weight’ values were normalized by the maximum value
obtained for TAG within that batch. The “Data” section, below, contains the algal concentration,
the raw pixel density associated with TAG, 1,2 DAG, 1,3 DAG, and FFA, and the normalized
‘pixel density per dry weight’ values of each sample. The standard deviations for the triplicate
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samples of Batch 3 are also listed in “Data”.

Electron Microscopy
Immediately after collection, 0.5 mL of each sample was added to 0.75 mL of fixative. The
fixative was 2.5% glutaraldehyde and 2% paraformaldehyde in 0.1 M cacodylate buffer pH 7.4
(similar to Karnovsky’s [342]), with 0.25 M sucrose added as an osmotic substitute. After ~18 h,
the samples were rinsed with 0.1 M cacodylate buffer, decreasing the sucrose to zero in three
steps, and then fixed with reduced osmium (2% osmium tetroxide and 2% potassium
ferrocyanide in 0.1 M cacodylate buffer 7.4 pH). For scanning electron microscopy (SEM), the
fixed samples were rinsed in H2O, attached to glass with poly-L-lysine, dehydrated with ethanol
(50%-70%-95%-100%), and dried in a CO2 critical point dryer. The dried samples were sputter
coated with 12 nm of iridium and imaged in a Zeiss Supra FE-SEM. For transmission electron
microscopy (TEM), the cells after osmium fixation were encased in agar, infiltrated with epoxy
resin (1:1 mixture of Spurr and EMBed 812, Electron Microscopy Sciences, Hatfield, PA), then
sectioned and imaged at 80 kV with an FEI Tecnai BioTwin TEM.

Results and Discussion
Lipid Profile
The trends observed for these batches, which are consistent with previous large scale batches,
include a decrease in TAG content and concurrent increases in 1,3 DAG, 1,2 DAG, and FFA
content throughout processing, as shown in Figure 2-32. Triplicate samples were processed for
Batch 3, and the standard deviation among triplicates is shown with error bars in Figure 2-32,
plot C (cf. “Data,” below).
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Figure 2-32. The lipid content for each batch as indicated by pixel density (of the band
associated with that lipid species) divided by algal dry weight of that sample. A) Batch 1 B)
Batch 2 C) Batch 3 (error bars represent the standard deviation for triplicate samples)
The TAG content was a maximum in sample 1-2, 2-3, and 3-1 and then decreased by 51%,
47%, and 54% in the pre-extraction samples (sample #6) for batches 1, 2, and 3, respectively. In
addition, there was no TAG measured in the supernatant of the samples. For all batches, there
are large changes in the TAG content from sample-to-sample within the first three samples
collected. TLC analysis was shown to be very consistent and repeatable (based on the standard
deviation of triplicate samples in Batch 3, cf. Figure 2-32, plot C), and therefore the large
changes in TAG content are expected to be either a result of sampling errors (due to the
heterogeneous nature of algal cultures, an effect that could be more prominent for the dilute
samples) or, less likely, real changes in TAG content.
For Batch 1, DAG (1,3 and 1,2) and FFA were not present in the samples until after
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concentration, and then they increased (especially in the supernatant) throughout processing.
Batch 2 contained small amounts of DAG (1,3 and 1,2) before processing, but also experienced a
significant increase in DAG and FFA (largely in the supernatant fraction) as processing
progressed. FFA, but not DAG, were present in Batch 3 prior to processing, and the content of
FFA and DAG (1,3 and 1,2) increased throughout processing (until extraction). In Batch 3, most
of the TAG and DAG was recovered during extraction as indicated by the amount of TAG and
DAG in the post-extraction biomass (sample 3-7) being significantly less than that of the preextraction biomass (sample 3-6). However, the FFA content per dry weight of the post-extraction
biomass was greater than the pre-extraction biomass. Although this could have resulted from
incomplete extraction, it is expected that the FFA detected in sample 3-7 were breakdown
products (especially from phospholipids) that were produced as a result of the extraction process,
but after the lipid phase (i.e., the biocrude) was removed.
The lipids separated using the custom extraction method (i.e., the biocrude) produced a
TAG/1,3 DAG/1,2 DAG/FFA relative composition of 1/6/5/15 for Batch 1, 1/15/16/41 for Batch
2, and 1/0.3/0.6/13 for Batch 3. The relative amount of DAG and FFA in the biocrude was
greater than that in the pre-extraction samples (1-6, 2-6, and 3-6). Specifically, for samples 1-6,
2-6, and 3-6 these relative proportions were 1/2/2/3, 1/6/6/12, and 1/0.7/0.1/1.3, respectively.
These results indicate that the DAG and/or FFA content (relative to TAG) continued to increase
during the custom extraction process. However, these data could not be reported in Figure 2-32
because an algal dry weight cannot be calculated in a consistent way for the separated lipids (i.e.,
biocrude) as done for samples #1 through #6.
The reduction in TAG content may be a metabolic result of lipid turnover as the algae were
being exposed to severe stress conditions. In this case, stress includes darkness, change in
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temperature, high algal concentration, lack of CO2, a potential change in oxygen concentration
(not measured), and a potential change in nutrient availability depending on whether nitrogen
and phosphorus in the media were retained in the algal concentrate (not measured). Although
several studies have demonstrated an increase in TAG content during cultivation under mild
stress conditions [98], processing methods used in this study could have caused the algae to
undergo catabolism of TAG to compensate for the inability to produce energy via
photosynthesis, similar to the catabolic processes that occur at night [197, 340, 343, 344].
It is also possible that the TAG was degraded into breakdown products, including DAG and
FFA, during processing as a function of enzymatic lipase activity or physical degradation (e.g.,
resulting from electromechanical pulsing). Although chemical hydrolysis would also result in
the conversion of TAG to DAG/FFA, this generally requires temperatures greater than
200°C.[345] The increase in DAG and FFA shown in Figure 2-32 is generally coincident with
the decreases in TAG. Specifically, for Batch 1, the TAG decrease and DAG/FFA increase are
most notable between pre- and post-lysis (samples 1-4 and 1-5). Similarly, this phenomenon
occurred between pre- and post-concentration for Batch 2 (sample 2-2 and 2-3). The correlation
is less direct for Batch 3, with the major TAG reduction occurring between sample 3-2 and 3-3
and the major DAG/FFA increase occurring between samples 3-4 and 3-5. However, in all
cases, there is a greater increase in the DAG and FFA content during processing than there is a
decrease in the TAG content, suggesting that other sources, such as phospholipids, are
responsible for, or contribute to, the DAG and FFA content increase.
Previous studies have shown the breakdown of complex polar and non-polar lipids of various
organisms into DAG and/or FFA, which are considered to be intermediate lipid species.[346353] This effect has also been shown to be more pronounced under stress conditions.[349]
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DAG and FFA have been shown to be produced from TAG, often as precursors for phospholipid
synthesis.[348-351] In addition, although the species, cause, and biochemical processes vary,
previous studies have demonstrated the production of DAG and/or FFA from membrane
phospholipids such as phosphotidylethanolamine (PE) and phosphotidylcholine (PC).[346-348,
352, 353] It is not clear which biochemical processes were acting on the algae in this experiment,
but the literature studies above provide evidence for the conversion of TAG and phospholipids to
DAG and FFA.
The presence of lipids in the supernatant fraction occurs mainly in post-lysing samples (i.e.,
samples #5 and #6). This result also supports the hypothesis that these lipid species are produced
from phospholipid membranes, which are disrupted by electromechanical pulsing. On the other
hand, some of the breakdown products of the cell membrane, and those from internal membranes
and TAG, may be retained within the cells, which could explain the DAG and FFA content
increases in the pellets.
Therefore, there are multiple potential sources of DAG and FFA (including TAG and
phospholipids) and several possible means by which these species could be produced. It is
difficult to specify which biological, chemical, and physical processes were dominant due to the
presence of many variables in this experiment (including light, temperature, time, nutrients,
contamination, and processing methods). Additional chemical assays are planned for future
work to provide a better understanding of these processes.

Cell Structure
Figure 2-33 through Figure 2-39 show SEM and TEM images obtained for each of the
samples in Batch 2. Most of the images focus on the algal cells, however many SEM images
contain cyanobacteria and TEM images specifically of the cyanobacteria are shown in Figure
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2-33j, Figure 2-34j, Figure 2-35j, and Figure 2-36j. For samples 2-1 through 2-3 (cultivation and
concentration, obtained within 6.5 h of removal from the growth volume), the algal cells appear
healthy and relatively spherical. However, the cells in sample 2-4 (pre-lysis) (~18 h after
centrifugation and ~24 h after removal from the growth volume) begin to appear “puckered” and
in a few cases, the cells contain significant invaginations or holes. Post-lysis cells (sample 2-5),
which were fixed immediately after electromechanical pulsing, are damaged, non-spherical, and
wrinkled. Although the external structure begins to deteriorate in samples 2-4 and 2-5, the
internal structure and compartmentalization (as shown in the TEM images) appears to be intact,
at least for some of the cells in these samples.

Figure 2-33. a-e) SEM images for sample 2-1. f-j) TEM images for sample 2-1.

Figure 2-34. a-e) SEM images for sample 2-2. f-j) TEM images for sample 2-2.
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Figure 2-35. a-e) SEM images for sample 2-3. f-j) TEM images for sample 2-3.

Figure 2-36. a-e) SEM images for sample 2-4. f-j) TEM images for sample 2-4.

Figure 2-37. a-e) SEM images for sample 2-5. f-j) TEM images for sample 2-5.
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Figure 2-38. a-e) SEM images for sample 2-6. f-j) TEM images for sample 2-6.

Figure 2-39. a-e) SEM images for sample 2-7. f-j) TEM images for sample 2-7.
About 20 h after lysing (or 45 h after being removed from the growth volume) the cells are
significantly damaged internally and externally. In many cases the cells developed holes (cf.
Figure 2-38b,c). The algal cell imaged by TEM in Figure 2-38i is suspected to be one that is
developing holes, such as those shown in the SEM images of sample 2-6. In addition, several of
the TEM images display unhealthy cells, such as the cluster of osmium-stained contents recessed
from the cell wall in Figure 2-38h. Many of the cells in sample 2-6 also appear reasonably
healthy (but may be undergoing cell death).
Finally, only a few algal cells appear in the SEM images obtained for the post-extraction
biomass (sample 2-7), and these cells are severely damaged, as expected. There are several
pieces of cyanobacteria in the post-extraction biomass, which also appear damaged. The TEM
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images of sample 2-7 demonstrate the collapse of intracellular integrity (in the algae and the
cyanobacteria). During this step (i.e., between samples 2-6 and 2-7) a large increase in FFA and
DAG was observed (not shown in Figure 2-32), and it is suspected that the breakdown of the
algal membranes (internal and external) contributes to the associated increase in FFA and DAG.
In addition to the drastic degradation between samples 2-6 and 2-7, there were also
significant structural changes between samples 2-3 and 2-4 and between sample 2-5 and 2-6.
These intervals correspond to times when the algae were left in a dark container at high algal
concentration (~40 g/L) overnight following either centrifugation or electromechanical pulsing,
respectively. In these unfavorable conditions, it is not surprising that the algal cell structure
deteriorated, particularly following electromechanical pulsing, which most likely initiated cell
death.

The relatively large contribution to cell degradation by cell death, as compared to

immediate cell rupture, led to a re-examination of the lysing power supply. This identified a
defective component which resulted in a lower output voltage than planned. This experience
underscores one advantage of this diagnostic approach.

Conclusions
The results presented in this study are consistent with those observed during more than a
dozen larger scale batches processed using a similar production pathway. Thus, it is believed
that the trends observed, namely a decrease in TAG content and an increase in DAG/FFA
content, are characteristic of the research-scale production pathway used here. The progression
of internal and external cell structure was tracked concurrently with the changes in lipid content.
Based on the chromatography and microscopy results, it is proposed that DAG and FFA are
generated as breakdown products of TAG and phospholipids. The break down could occur
physically (due to damage imposed by processing methods) or biochemically (e.g., via lipase
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activity).
The value of this study is to demonstrate that the algal lipid composition can change during
biofuel processing and to provide a relatively simple method for tracking these changes
throughout an integrated production pathway. It is important to monitor lipid content changes,
especially during the production of petroleum fuel substitutes from algal biocrude (i.e., lipids).
Not only does the amount of lipid impact the biofuel yield, but also the type of available lipids
affects production methods as different lipids will require different downstream processing
techniques.
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Data
Table 2-7 lists the data obtained for each of the samples in Batches 1, 2, and 3. The data
presented for Batch 3 are averages across the triplicate samples analyzed and the standard
deviation for these data are listed below. The samples are listed in Table 2-6 and shown in
Figure 2-30.
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Table 2-7. Algal concentration (DW/L, in grams per liter), the pixel density (in a.u., “Pix Dens”)
for each lipid species (TAG, 1,3 DAG, 1,2 DAG, and FFA) as measured by Image J, and the
value for the normalized pixel density per dry weight (a.u., “Norm. Pix Dens/DW”).

DW/L
(g/L)

TAG
Pix
Dens

TAG
Norm.
Pix
Dens/
DW

1-1P
1-1S
1-2P
1-2S
1-3P
1-3S
1-4P
1-4S
1-5P
1-5S
1-6P
1-6S

0.03
0.03
0.03
0.03
1.95
1.95
1.93
1.93
1.81
1.81
1.80
1.80

394.43
0.00
439.83
0.00
418.14
0.00
411.22
0.00
225.83
0.00
209.04
0.00

0.55
0.00
0.61
0.00
1.00
0.00
0.99
0.00
0.58
0.00
0.54
0.00

0.00
0.00
0.00
0.00
33.90
0.00
0.00
0.00
38.55
243.13
201.74
327.83

1,3
DAG
Norm
. Pix
Dens/
DW
0.00
0.00
0.00
0.00
0.08
0.00
0.00
0.00
0.10
0.63
0.52
0.85

2-1P
2-1S
2-2P
2-2S
2-3P
2-3S
2-4P
2-4S
2-5P
2-5S
2-6P
2-6S

0.46
0.46
0.46
0.46
41.76
41.76
40.44
40.44
39.94
39.94
37.49
37.49

1091.38
0.00
1405.55
0.00
795.70
0.00
745.48
0.00
548.87
0.00
531.46
0.00

0.77
0.00
1.00
0.00
0.62
0.00
0.60
0.00
0.45
0.00
0.46
0.00

1477.43
0.00
1984.82
0.00
2303.79
0.00
2347.21
0.00
2390.33
556.34
4333.18
1267.65

0.41
0.41
0.41
0.41
15.83
15.83
14.19

5193.00
0.00
5068.67
0.00
9430.33
0.00
8451.67

1.00
0.00
0.97
0.00
0.47
0.00
0.47

0.00
0.00
0.00
0.00
892.33
0.00
1284.67

Sample

3-1P
3-1S
3-2P
3-2S
3-3P
3-3S
3-4P

1,3
DAG
Pixel
Dens

0.00
0.00
0.00
0.00
0.00
0.00
12.92
0.00
47.25
157.95
217.28
266.79

1,2
DAG
Norm.
Pix
Dens/
DW
0.00
0.00
0.00
0.00
0.00
0.00
0.03
0.00
0.12
0.41
0.56
0.69

1.04
0.00
1.41
0.00
1.80
0.00
1.89
0.00
1.95
0.45
3.76
1.10

121.62
0.00
134.54
0.00
677.42
0.00
684.22
0.00
911.14
267.17
2687.66
550.08

0.09
0.00
0.10
0.00
0.53
0.00
0.55
0.00
0.74
0.22
2.33
0.48

0.00
0.00
0.00
0.00
467.23
0.00
4323.21
246.10
3884.40
791.26
3884.38
2367.11

0.00
0.00
0.00
0.00
0.36
0.00
3.48
0.20
3.17
0.65
3.37
2.06

0.00
0.00
0.00
0.00
0.04
0.00
0.07

0.00
0.00
0.00
0.00
0.00
0.00
0.00

0.00
0.00
0.00
0.00
0.00
0.00
0.00

886.00
0.00
860.00
0.00
2235.00
1338.33
3185.67

0.17
0.00
0.16
0.00
0.11
0.07
0.18
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1,2 DAG
Pix Dens

FFA
Pix Dens

FFA
Norm
. Pix
Dens/
DW

0.00
0.00
0.00
0.00
63.08
0.00
53.68
0.00
166.10
128.01
344.32
359.08

0.00
0.00
0.00
0.00
0.15
0.00
0.13
0.00
0.43
0.33
0.89
0.93

Table 2-7 (continued)
3-4S
3-5P
3-5S
3-6P
3-6S
3-7P
3-7S

14.19
11.81
11.81
11.53
11.53
8.65
8.65

0.00
7329.67
0.00
6766.00
0.00
1376.33
0.00

0.00
0.48
0.00
0.46
0.00
0.12
0.00

0.00
4848.67
0.00
4778.67
0.00
621.33
1010.00

0.00
0.32
0.00
0.32
0.00
0.06
0.09

0.00
0.00
0.00
530.33
0.00
0.00
1693.00

0.00
0.00
0.00
0.04
0.00
0.00
0.15

1428.33
8345.67
2256.00
8721.00
10303.33
6179.00
18678.67

0.08
0.55
0.15
0.59
0.70
0.56
1.69

Standard Deviation
3-1P
0.00
152.43
3-1S
0.00
0.00
3-2P
0.00
120.65
3-2S
0.00
0.00
3-3P
0.30
114.31
3-3S
0.30
0.00
3-4P
0.22
224.56
3-4S
0.22
0.00
3-5P
0.08
158.14
3-5S
0.08
0.00
3-6P
0.15
112.41
3-6S
0.15
0.00
3-7P
0.47
111.59
3-7S
0.47
0.00

0.02
0.00
0.03
0.00
0.01
0.00
0.01
0.00
0.01
0.00
0.01
0.00
0.01
0.00

0.00
0.00
0.00
0.00
29.37
0.00
43.55
0.00
147.51
0.00
149.37
0.00
112.08
124.29

0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.01
0.00
0.01
0.00
0.01
0.02

0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
79.56
0.00
0.00
242.50

0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.00
0.01
0.00
0.00
0.03

19.47
0.00
38.97
0.00
169.72
196.01
113.56
278.29
78.27
65.64
117.20
599.63
170.40
452.55

0.00
0.00
0.01
0.00
0.01
0.01
0.01
0.02
0.01
0.00
0.02
0.04
0.04
0.08
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INTRODUCTION
The Center for Electromechanics at the University of Texas (UT-CEM), in collaboration with
the Separations Research Program (SRP) and the Environmental and Water Resources
Engineering Department (EWRE), has developed an integrated algal biocrude production
system. The system includes growth, harvesting, lysing, and oil separations and has been
described in detail elsewhere (cf. Appendix 2C and Chapter 4).[114, 288, 289, 354] By the end
of 2010, nineteen batches had been processed using this production pathway and the results are
summarized in this report. Detailed analysis of each batch can be found in the “Batch Processing
Summary Report,” which is a document that contains the processing methods and analysis
results for each batch ([355], contact C.M. Beal or R.E. Hebner).
A particular challenge in algal biofuel production is dealing with the variability of living
organisms and having incomplete knowledge of the variables to control. Furthermore, the
cultivation phase of different batches overlap, each production run takes weeks, and multiple
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laboratories and researchers participate in working with each batch. For quality control, an
obvious and unambiguous identification was used for each batch based on the hurricane naming
system, in which each batch receives a common name and the names are listed in alphabetical
order. This report includes results for all batches between ALEX and SETH (cf. Appendix 2C
for results from TODD).
For batches ALEX through PAUL, algae were grown at UT-CEM using a four-stage growth
system that is described in detail in Chapter 4. The growth volumes include two outdoor ponds
(P1A and P1B), four greenhouse tanks (G1-G4), several indoor airlift bioreactors (L1-L7), and
various bench top flasks. The algae were concentrated, on average, by a factor of ~77X into a
slurry (i.e., harvesting) using centrifugation or pH sweep flocculation. Then, the algae were
subjected to electromechanical pulsing that is designed to compromise the cells by disrupting the
cell membrane (yielding rupture, poration, or cell death). After the cells were pulsed, a
microporous hollow fiber membrane contactor (MHF contactor) was used to extract the lipids
from the biomass. The lipids constitute a biocrude product that can be upgraded to a refined
fuel. The biomass also has potential to be used to produce fuels or chemicals.
UT-CEM developed a system to analyze and document each batch, which consists of sample
collection, sample analysis methods, and processing records. The growth conditions for each
growth volume were monitored daily throughout cultivation (contact R. Connelly for details). In
addition, “Batch Records,” which are hand-written data sheets, were used to record the
processing methods and list the samples collected for each batch (contact C.M. Beal for data).
Several samples were collected and analyzed during each batch to evaluate the algal composition
and lipid content throughout processing. Each sample was analyzed using a suite of analytical
tools that were described in Chapter 2, including microscopy (such as light microscopy, SEM,
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and TEM), spectroscopy (such as UV-vis and NMR), and chromatography (such as HPLC, TLC,
and GC-MS). Table 3-1 lists the samples that were collected for each batch, and the analytical
results are summarized below. Additionally, methods have been developed to calculate the
energy consumption for growth and processing of each batch, which are described in detail in
Chapter 4.
Table 3-1. Samples collected during each batch process. *Several low-priority extraction
samples are not listed. ** ## refers to the batch record version number, NAME is the batch
name, and DATE is the date that production phase was started.
Production Phase
Cultivation
Harvesting

Sample Description
Collected when removed from growth volume
Pre-harvesting
Discharge water
Post-harvesting concentrate
Lysing
Pre-lysing
Post-lysing
Extraction*
Pre-extraction
(i.e., Separations)
Post-extraction biomass slurry
Biocrude
Example: Algal lysing batch record version 5, Post-lysing sample
for LUCY collected 5/4/10

Sample Name and Number**
AC##-NAMEDATE-1
AH##-NAMEDATE-1
AH##-NAMEDATE-2
AH##-NAMEDATE-3
AL##-NAMEDATE-1
AL##-NAMEDATE-2
AE##-NAMEDATE-1
AE##-NAMEDATE-9
AE##-NAMEDATE-14
AL05-LUCY050410-2

RESULTS
Table 3-2 lists the date of harvest, the growth volume(s) from which the algae were
harvested, and describes the initial algal concentration for each batch processed. Through 2010,
the group had grown and processed over 26,000 L of algal culture: most notably, about 8,000 L
were produced in 2010 that contained an average algal concentration of 0.30 g/L. The lipid
fraction of the biomass produced in 2010 was 0.06 (6% of the dry cell weight (DCW)), on
average. The harvesting, lysing, and separations efficiencies for all of the batches are listed
below. The average algal concentration for all batches was 0.18 g/L, and 0.30 g/L for the
batches harvested in 2010. The grown mass productivity, 𝑃𝐺𝑀 , was estimated for LUCY through
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PAUL to be 2.43 mg/(L-d), on average. The batches were processed for a range of research
efforts:
-

ALEX through HANK were processed to determine the baseline oil recovery efficiency
using growth volumes between 750 L and 2,400 L,

-

chemical flocculation was tested during BEVO and COLT, and processing was stopped
after harvesting,

-

IRIS through KALI were processed to monitor changes in lipid composition and cell
structure using growth volumes of 40 L each (cf. Appendix 2C),

-

LUCY through PAUL were processed to determine the energy return on investment for
the system (cf. Chapter 4) using growth volumes between 950 and 1,950 L,

-

QUIN through SETH were processed to evaluate the production pathway using algae
from a private company.

Table 3-3 lists the initial lipid fraction, 𝐿𝐹, as measured by HPLC analysis, the algal

concentration after harvesting, and the harvesting efficiency, 𝜑ℎ𝑎𝑟𝑣 , which is defined as the

harvested (algal) mass divided by the grown mass. The average initial lipid fraction, as

determined by HPLC, was ~6%, although the average neutral lipid fraction was determined to be
only ~1.8% for these batches. HPLC methods evolved during the time of this research, and
might not be consistent from batch-to-batch (cf. Batch Processing Summary Report [355],
contact C.M. Beal or R.E. Hebner). The lysing effectiveness, which is a qualitative assessment
of the lysing process, and the lysing efficiency, 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 , which is defined as the lysed mass
divided by the harvested mass, are also listed in Table 3-3. The lysing effectiveness was

evaluated by scanning electron microscopy analysis, which was only conducted on select
batches. For many batches the cells appeared intact throughout processing, which was
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undesired. The lysing system had a dysfunctional component during many of the batches,
reducing the applied field to ~6-8 kV/cm. As a result, for many of the batches the
electromechanical pulsing likely initiated cell death (possibly apoptosis), rather than rupturing or
porating the cells (cf. [114, 290] for more details). Therefore, although the cells appeared intact
following electromechanical pulsing for several batches, it is possible that the cells were dead
and the cell membrane was compromised (which allowed subsequent lipid extraction). On
average, omitting incomplete data and data with mistakes, the harvesting efficiency was 0.77 and
the lysing efficiency was 0.86.
The amount of lipids in the biomass immediately before extraction (pre-extraction) was
determined by HPLC, and is listed in Table 3-3 along with the amount of biocrude recovered for
each batch (by volume and by mass). The extraction efficiency is the mass of biocrude divided
by the mass of lipids in the pre-extraction biomass, and this value ranged from 0.05 to 5.55. It is
not clear why some results are greater than 1, which would indicate that more biocrude was
recovered than was present in the algae prior to extraction. The potential culprits for this
discrepancy are sampling errors (i.e., collecting a non-representative sample from the
heterogeneous mixture) or measurement errors during HPLC analysis. The separations
efficiency, 𝜑𝑠𝑒𝑝 , is defined as the biocrude mass divided by the lysed mass (thus incorporating
the lipid fraction and extraction efficiency, cf. Chapter 1, Appendix 1A), and was 0.05, on

average. The overall biocrude recovery efficiency is the mass of biocrude divided by the amount
of lipids in the grown biomass (cf. Table 3-3), and ranged from 0.04 to 1.52 (again, it is not clear
why some values are greater than 1).
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Table 3-2. Batches processed, volumes, algal concentration, and biomass productivity.
Batch
Name

Date

Growth Volume

ALEX
BEVO
COLT
DAVE
ERIN
FRAN
GARY
HANK
IRIS
JESS
KALI
LUCY
MIKE
NOAH
OPIE
PAUL
QUIN
RUTH
SETH

9/8/2009
9/14/2009
9/14/2009
9/21/2009
10/27/2009
11/10/2009
11/17/2009
12/8/2010
2/15/2010
2/22/2010
3/1/2010
5/3/2010
5/4/2010
5/24/2010
6/6/2010
7/19/2010
8/17/2010
8/30/2010
9/20/2010

CEM, P1B
CEM, P1A
CEM, P1B
CEM, G1, G2, G3
CEM, G1, G2
CEM, G Tanks
CEM, G Tanks
CEM, G1, G3, G4, P2A
CEM, G2
CEM, G2
CEM, G2, L7
CEM, P2A
CEM, P2A
CEM, P2A
CEM, P2B
CEM, P2B
Private Company
Private Company
Private Company

Vol. (L)

Initial
Conc.
(g/L)

Initial Algal
Biomass (g)

1600
1200
1200
2175
756
756
750
2308
40
40
40
947
974
1891
1893
1942
1590
3000
3750

0.101
0.072
0.103
NA
0.09
0.064
0.178
NA
0.03
NA
0.46
0.27
0.25
0.25
0.39
0.29
0.178
0.23
0.11

161.6
86.4
123.6
NA
61.9
48.4
133.4
NA
1.2
NA
18.4
260
243.5
470
NA
570
283
696
409

Grown
Mass
Prod.1
(mg/L-d)
NA
NA
NA
NA
NA
NA
NA
NA
NA
NA
NA
2.76
2.55
2.12
3.05
1.70
NA
NA
NA

Ave.
1670.75
0.18
306.13
2.43
Std. Dev.
852.73
0.10
233.93
0.53
Std. Dev as % of Ave
51.04
53.65
76.42
21.91
1 - Cultivation times were estimated roughly for calculating the grown mass productivity (cf. Chapter 4).
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Table 3-3. Lipid fraction, harvesting efficiency, and lysing efficiency for each batch.

2.50%
NA
NA
NA
~7%
~8%
~13%
NA
NA
NA

Harv.
Conc.
(g/L)
53.254
14.3
13.77
NA
11.42
13.1
5.23
NA
1.95
6.87

Harv.
mass
(g)
7444
543.4
523.3
NA
42.8
68.1
24.7
NA
0.8
4.8

Harv.
Effic.
(-)
4.604
6.29
4.23
NA
0.69
1.416
0.18
NA
0.65
NA

NA

NA

41.76

16.7

0.91

LUCY

17.16

6.60%

26.82

309.7

1.196

MIKE

28.49

11.70%

17.16

218.8

0.90

NOAH

5.10

23% (1%
neutral)

16.64

455.9

0.97

OPIE

7.40

1.8% neutral

15.44

424.6

0.576

PAUL

18.40

3.9% neutral

19.17

504.2

0.88

QUIN

6.8

11.97

348.0

1.236

RUTH

18.8

24

464.0

0.67

SETH

38.6

14.18

374.0

0.91

Ave.
Std.
Dev.
Stdev
% Ave

17.59

16.12

294.07

0.77

11.58

10.01

178.39

65.82

62.03

58.30

Batch
Name

HPLC Est.
Lipids1 (g)

Initial LF
(%DCW)

ALEX
BEVO2
COLT2
DAVE
ERIN
FRAN
GARY
HANK
IRIS
JESS

5.23 - 11.5
2.6 - 9.7
4.0 - 16.4
4.67 - 49.2
3.17 - 5.453
3.02 - 4.54
5.04 - 29.6
47 - 545
NA
NA

KALI

2.4% neutral
(non-chl)
2.7% neutral
(non-chl)
9.4% neutral
(non-chl)
6%

Lysing
Effectiveness
(-)
NA
NA
NA
NA
NA
NA
NA
NA
NA
NA
Holes ~18 hrs
after lysing
Cells intact
throughout
Cells intact
throughout
Cells intact
throughout
Cells in tact
throughout
Cells in tact
throughout

33.5
NA
NA
NA
41.7
69.4
75.6
NA
0.6
3.7

Lysing
Effic.
(-)
0.054
NA
NA
NA
0.97
1.026
3.076
NA
0.81
0.76

14.0

0.84

200.1

0.656

200.8

0.92

429.2

0.94

404.7

0.956

444.5

0.88

246.0

0.716

454.0

0.98

336.6

0.90

263.87

0.86

0.28

165.39

0.10

36.78

62.68

11.83

NA
Some cells
appear lysed
Most cells
appear in tact
NA

Lysed
mass (g)

1- Calculated for algae prior to any processing. The range of data represent high and low values
calculated for different samples prior to harvesting. 2 – Chemical flocculation, weights contain
inorganic solids. 3 – An outlier was omitted. 4 – Algal concentration measurement error. 5 –
Measured for post-harvesting samples. 6 – Data contain errors.
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Table 3-4. Extraction efficiency, separations efficiency, and overall biocrude recovery efficiency.

ALEX
BEVO
COLT
DAVE

Pre-Ext.
Lipids
by
HPLC
(g)
7.07
NA
NA
12.92

ERIN

3.97

5

41

FRAN

4.58

2

1.61

GARY

11.97

6.5

5.21

HANK
IRIS
JESS
KALI

47.25
NA
NA
NA

3
NA
NA
NA

2.41
NA
NA
NA

LUCY

15.79

1.8

1.441

MIKE

21.13

3.6

2.881

NOAH

802

6.22

4.961

OPIE

0.83

5.55

4.441

PAUL

114

2.36

2.15

QUIN

5.95

13

10.4

RUTH

22.65

6

4.81

SETH

58.75

6.5

5.21

Ave.
Std. Dev.
Stdev %
Ave

21.69
23.62

6.22
3.95

4.99
3.14

0.51
0.57

0.05
0.08

44.48
48.53

108.88

63.58

62.96

111.33

165.18

109.11

Batch
Name

BC
Vol.
(mL)

BC
Mass
(g)

12.5
NA
NA
13

101
NA
NA
10.41

BC Components

NA
NA
NA
NA
2.20, 4.32, 15.83 min
HPLC peaks
2.7, 4.16, 15.23 min HPLC
peaks
4.1, 4.7, and 15.4 min
HPLC peaks
NA
TLC - TAG, DAG, FFA
TLC - TAG, DAG, FFA
TLC - TAG, DAG, FFA
~10% HPLC-detectable,
1.39, 2.3, 6, 41.8 min peaks
~5% HPLC-detectable,
1.39, 2.3, 42.2 min peaks
(TLC - 1,3 DAG, FFA)
4 oil samples, b/w 42 147% HPLC detectable
(peaks vary for oil samples)
HPLC peaks at 1.39, 2.3,
and 5.8 min
9 HPLC peaks less, all less
than 15.8 min
55% HPLC-detectable as
HC,KT, TG, or DG
42% HPLC-detectable as
HC, TG, DG, or MG
HC, TG, DG, and MAG
(mostly DG)

Ext.
Effic.
(-)

Sep.
Effic.
(-)

1.41
NA
NA
0.81

0.30
NA
NA
NA

Overall
BC
Recov.
Effic.
(%)
>100%
NA
NA
NA

1.00

0.10

92.81

0.35

0.02

42.33

0.43

0.07

30.02

0.05
NA
NA
NA

NA
NA
NA
NA

4.75
NA
NA
NA

0.09

0.01

8.39

0.14

0.01

10.11

0.06

0.01

97.25

5.55

0.01

60.00

0.20

0.00

11.68

1.76

0.04

152.94

0.21

0.01

25.53

0.09

0.02

13.47

1 – Estimated density of 0.8 g/mL. 2 – Includes sub-batches NOAH, NOAH-A, NOAH-B, and
NOAH-C. 3 – Includes HPLC peaks at 25 min and less. 4 – Includes HPLC peaks at 17 min
and less. 5 – Chlorophyll peaks were omitted.
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The overall processing efficiency, 𝜑𝑝𝑟𝑜𝑐 , is the mass of biocrude divided by the grown mass

and was calculated to be 0.04, on average, as shown in Table 3-5. The biomass recovery

efficiency is the mass of post-extraction biomass divided by the grown mass, and was 0.46, on
average. In other words, for every kg of grown biomass, 40 g of biocrude and 460 g of biomass
would be recovered (these yields depend on the lipid content and processing efficiencies). Thin
layer chromatography (TLC) lipid analysis was also conducted on several batches and the
general trends observed are listed in Table 3-5 (cf. Chapter 2, Appendix 2C and [114, 355] for
details).
The second-order energy return on investment was calculated for five batches processed in
2010 (LUCY through PAUL), as shown in Table 3-6. The results are described in Chapter
4.[288, 289, 356] Counting each batch equally, the average second-order energy return on
investment (EROI) was 0.00134. When counting each liter of processed volume equally, the
average second-order EROI was 0.00092. These results contain significant artifacts from suboptimal, research-scale processing (cf. the Reduced Case and the Highly Productive Case in
Chapter 4).
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Table 3-5. Processing efficiency, biomass recovery, and general trends from TLC analysis.
Batch
Name

Proc.
Effic. (-)

ALEX
BEVO
COLT
DAVE
ERIN
FRAN
GARY
HANK

0.06
NA
NA
NA
0.06
0.03
0.04
NA

229
NA
NA
NA
16.9
45.0
38.0
NA

Biomass
Recov.
Eff. (-)
>1
NA
NA
NA
0.27
0.93
0.29
NA

IRIS

NA

0.3

0.27

JESS

NA

1.3

0.261

KALI

NA

3.5

0.19

LUCY
MIKE
NOAH
OPIE
PAUL
QUIN
RUTH
SETH

0.01
0.01
0.01
0.01
0.00
0.04
0.01
0.01

0.02
0.03
0.02
0.02
0.01
NA
NA
NA

154.0
138.0
301.0
310.0
378.0
NA
NA
NA

0.59
0.57
0.64
0.42
0.66
NA
NA
NA

Averages
Std. Dev.
Stdev %
Ave

0.04
0.02

0.02
0.01

178.88
132.55

0.46
0.22

47.98

47.45

74.10

47.04

BC Prod.
(mg/L-d)

Biomass
Recov. (g)

1 – Measured with respect to harvested mass
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TLC Trends
NA
NA
NA
NA
NA
DAG and FFA increased
DAG and FFA increased
DAG and FFA increased
TAG decrease, DAG and FFA
increased
TAG decrease, DAG/FFA slight
increase
TAG decrease, DAG and FFA
increased
TAG increased, FFA increased
TAG decreased, DAG/FFA increased
DAG/FFA increased
TAG decreased, FFA increased
TAG decreased, FFA increased
TAG and FFA increased
TAG, DAG, and FFA increased
DAG/FFA increased

Table 3-6. Energy balance results for LUCY through PAUL.
Batch
Name
LUCY
MIKE
NOAH
OPIE
PAUL
Averages
Std. Dev.
Stdev %
Ave

Growth
Energy
(MJ)
2277.26
2453.00
3860.74
8794.94
1479.20
3773.03
2935.50

Harvesting
Energy
(MJ)
18.3
18.2
52.9
47.4
44.6
36.29
16.73

Lysing
Energy
(MJ)
2.91
3.56
6.72
6.73
6.68
5.32
1.92

Separations
Energy
(MJ)
123.00
-9.81
263.00
127.00
52.90
111.04
101.82

Energy
Output
(MJ)
2.19
2.03
4.37
4.47
5.39
3.69
1.50

77.80

46.11

36.04

91.55

40.57

Partial EROI
(x10^3)
0.91
0.82
1.05
0.50
3.41
1.342
1.18
87.88

1 – Heptane volume increased. 2 – When all liters of processed volume are counted equally, the
second-order EROI is 0.00092.
DISCUSSION
The algal biofuel production team at UT-CEM has made several accomplishments,
particularly in the areas of algal cultivation, integrated processing development, and end-to-end
processing analysis. Some of these accomplishments have been described in journal papers,
conference papers, and conference posters.[1, 114-116, 217, 288-290, 356-362]
Although the primary focus of the group at UT-CEM is on processing, a reliable, large-scale
algal cultivation system was needed to produce algal biomass to process. During 2010, UTCEM produced nearly 8,000 L with an average algal concentration of 0.30 g/L (for batches
KALI through PAUL). As desired, the cultures were dominated by Chlorella sp., although
contamination occurred occasionally (from cyanobacteria or Scenedesmus sp.).
For processing, significant advances were made regarding the technology used in the UTCEM production pathway. These advances include installation of a pH sweep flocculation unit
(contact L. Katz and K. Kinney), characterization of the energy consumed for lysing (cf. Chapter
4), development of several high voltage power supplies for lysing (contact R.E. Hebner), and
thorough testing of the a microporous hollow fiber membrane contactor (contact A.F. Seibert).
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Finally, the end-to-end analysis system used to evaluate each batch represents an important
quality control framework that is needed for developing algal biofuel systems. The data
presented in the Results section above demonstrate the breadth of information provided by these
analyses. Several established analytical tools were successfully applied to the UT-CEM
production system, including light microscopy, scanning electron microscopy, transmission
electron microscopy, UV-vis spectroscopy, thin layer chromatography [114], and gas
chromatography-mass spectrometry. In addition, several protocols have been developed
specifically for analyzing algal biofuel production, such as Raman spectroscopy [116], nuclear
magnetic resonance spectroscopy [115], and high performance liquid chromatography [217,
361]. More detailed information regarding the processing effectiveness and data collected for
each batch can be found in the Batch Processing Summary.[355]
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4. The Energy Return on Investment for Algal Biocrude: Results for a
Research Production Facility
COPYRIGHT NOTE
The contents of this chapter were accepted for publication in BioEnergy Research in 2011
and the article was authored by Beal C.M., Hebner R.E., Webber M.E., Ruoff R.S., and Seibert
A.F.[289] All of the authors were affiliated with the University of Texas at Austin and the
manuscript represents a main research effort of this body of work. The text and figures have
been inserted verbatim.
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ABSTRACT
This study is an experimental determination of the energy return on investment (EROI) for
algal biocrude production at a research facility at the University of Texas at Austin (UT). During
the period of this assessment, algae were grown at several cultivation scales and processed using
centrifugation for harvesting, electromechanical cell lysing, and a microporous hollow fiber
membrane contactor for lipid separation. The separated algal lipids represent a biocrude product
that could be refined into fuel and the post-extraction biomass could be converted to methane.
To determine the EROI, a second-order analysis was conducted, which includes direct and
indirect energy flows, but does not include energy expenses associated with capital investments.
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The EROI for the production process evaluated here was significantly less than 1, however, the
majority of the energy consumption resulted from non-optimized growth conditions. While the
experimental results do not represent an expected typical case EROI for algal fuels, the approach
and end-to-end experimental determination of the different inputs and outputs provides a useful
outline of the important parameters to consider in such an analysis. The Experimental Case
results are the first known experimental energy balance for an integrated algal biocrude
production facility, and as such, are expected to be helpful for setting research and development
priorities.
In addition to the Experimental Case (based on direct measurements), three analytical cases
were considered in this work: 1) a Reduced (Inputs) Case, 2) a Highly Productive Case, and 3) a
Literature Model. The Reduced (Inputs) Case and the Highly Productive Case speculate the
energy use for a similar system in an improved, commercial-scale production setting. The
Literature Model is populated with relevant data that have previously been reported in the
literature. For the Experimental Case, Reduced Case, Highly Productive Case, and Literature
Model, the estimated second-order EROI was 9.2 x 10-4, 0.074, 0.22, and 0.35, respectively.
These results were dominated by growth inputs (96%, 89%, 87%, and 65% of the total energy
requirement, respectively). Furthermore, the EROI was adjusted using quality factors that were
calculated according to the price of each input, yielding a quality-adjusted EROI that parallels a
partial financial return on investment (FROI) analysis (cf. Chapter 6). For the Experimental
Case, the Reduced Case, and the Highly Productive Case, the quality-adjusted EROI was 9.2 x
10-5, 0.013, and 0.36, respectively.
Abbreviations
Products:
BO
Bio-oil
BMF
Biomass Fuel
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BF
BS
BC
GM
HM
LM

Biofuel
Biomass in slurry
Biocrude
Grown Mass
Harvested Mass
Lysed Mass

Processes:
G
P
R
H
CL
S

Growth
Processing
Refining
Harvesting
Cell Lysing
Separations

Efficiency:
proc
ref
harv
cellys
sep

Processing
Refining
Harvesting
Cell Lysing
Separations

Composition:
LF
Lipid Fraction
ULF
Useful Lipid Fraction
𝑁𝐿𝐹
Neutral Lipid Fraction

Nomenclature
𝐸𝑅𝑂𝐼 – Energy return on investment
𝐹𝑅𝑂𝐼 – Financial return on investment
𝑃 – Productivity (in units of grams per liter per day)
𝑀 – Mass (in units of grams)
𝑉 – Velocity (meters per second)
𝑡𝑐 – Cultivation time (in units of days)
𝜑 – Efficiency
𝐸 – Energy (in units of joules)
𝐸𝐷 – Direct energy flows (in units of joules)
𝐸𝐼 – Indirect energy flows (in units of joules)
𝑂 – Indirect energy (i.e., material) output (in units of kilograms)
𝑣 – Energy equivalent of indirect energy outputs (in joules per kilogram)
𝐼 – Indirect energy (i.e., material) input (in units of kilograms)
𝛾 – Energy equivalent of indirect energy inputs (in units of joules per kilogram)
𝑀𝑃 – Material price (in units of dollars per kilogram)
𝐸𝑃 – Energy price (in units of dollars per joule)
𝑄𝐹 – Quality factor
𝜈 – Energy content (in units of joules per kilogram)
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∀ – Volume pumped (in units of liters)
∆𝑃 – Pressure drop (in units of pascals)
𝜂 – Pump efficiency
𝜌 – Density (in units of grams per liter)
∆𝑧 – Change in elevation (in units of meters)
𝑓 – Friction factor
𝐾𝐿 – Loss coefficient
𝑈 – Flow velocity (in units of meters per second)
𝑄 – Heat (in units of joules)
𝑐𝑝 – Specific heat capacity (in units of joules per kilogram-kelvin)
∆𝑇 – Temperature difference (in units of Kelvin or Celsius)
𝑔 – Gravity constant (9.81 meters per second-squared)
𝐿 – Pipe length (in units of meters)
𝐷 – Pipe diameter (in units of meters)
𝑁𝐸𝐶 – Net energy content (in units of joules per liter or joules per liter per day)

Accents
𝑋� – Tilde denotes an input for a processing step
𝑋́ – Apostrophe indicates units of joules per liter of processed volume
𝑋̀ – Inverted apostrophe indicates units of joules per liter of processed volume per day of
cultivation
INTRODUCTION
Algae are a potential biofuel feedstock that have received a great deal of research interest.
Theoretically, algae are promising as feedstock because they grow rapidly, do not require fresh
water or arable land, and, in some cases, can produce large amounts of energy products (e.g.,

lipids). These potential advantages have been discussed at length elsewhere.[2, 19, 83, 98, 363]
Practically, however, algal biofuel production has proven to be quite challenging. One way to
evaluate the production of algal biofuels is to calculate the energy return on (energy) investment
(EROI), which is similar to the net energy ratio (NER), and can be used to assess the feasibility
and sustainability of an energy source. In brief, the EROI is the amount of energy produced
divided by the amount of energy required for that production, and it has been used to
characterize many resources. For example, the EROI for production of conventional oil and gas,
coal, wind energy, and corn ethanol has been estimated to be ~15, ~80, ~19, and ~1,
respectively.[30, 364-366] For algal fuels to be produced commercially, the EROI must be
175

competitive with those for current energy sources. Similarly, the financial return on investment
(FROI) for algal fuels must be competitive with those for current energy sources. The
relationship between these two metrics is considered in this chapter and characterized more
thoroughly elsewhere (cf. Chapter 6 and [367]).
When calculating the energy balance for algal biofuel, researchers are left with two choices:
1) to calculate energy flows for theoretical systems, which risk incorporating unrealistic
assumptions, or 2) to characterize production based on research-scale processes, which are often
known a-priori to be uneconomical. In this study, both approaches are explored. Several studies
have evaluated the energy requirements for growing algae [2, 29, 83, 85, 112, 325, 368-371] and
many have also considered the energy required to process algae into a commercial product (i.e.,
food or fuel) [34, 83, 85, 325, 368-371]. Many of these analyses rely on rough estimates and
sometimes omit necessary inputs because there is no commercial algal biofuel industry to serve
as a reference. This work describes initial attempts at a clearly defined model for the secondorder EROI of algal fuels (which includes direct and indirect energy inputs) and the use of endto-end experimental data to populate the model.
The scope of this study is limited to evaluating operating energy expenses (including direct
and indirect energy flows, but omitting capital energy expenses) according to the EROI
framework provided by Mulder and Hagens [25]. A quality-adjusted EROI value is also
presented, which considers the impact of using high quality fuels (i.e., high value fuels, mainly
electricity) for production of lower quality fuels (i.e., lower value fuels, bio-oil and methane).
The experimental results reported in this study are not representative of a commercial-scale algal
biocrude facility. Such a facility does not yet exist. Moreover, it is unlikely there will be
published information on commercial processes until the industry matures, as this information is
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mostly proprietary. The value of this study is to utilize a functional research facility to develop
the experimental approach for determining the EROI for algal biocrude production. This type of
analysis will be important for the algal fuels industry, as it has been for current biofuel
industries.[28, 32, 365, 372-375] It is expected that the EROI will be improved for optimized
growth conditions, refined processing methods, and with the application of future technology
(and biotechnology) improvements.
The experimental data for producing algal lipids (i.e., biocrude) were acquired during
processing of five large-scale batches at the University of Texas (UT) (with a total processed
volume of roughly 7600 L), where outdoor algal growth was integrated with several critical
processing steps. The research focus is on processing; growth is done to provide material to
process. The growth facilities at UT were built to balance capital costs with operational costs for
low volume production on a research budget. Consequently, the growth process included many
inefficient techniques (e.g., artificial lighting, oversized pumps, etc.) that were appropriate for a
research setting (but not a commercial operation). The group operated in a batch processing
mode, allowing continuous operation of most of the processing steps, albeit for relatively short
times. To date, nearly 20 large-scale batches have been completed (with processed volumes of
~900 – 4,000 L per batch).
The Reduced (Inputs) Case presents speculated energy consumption values for the operation
of a similar production pathway at commercial scale, while yielding the same energy outputs as
obtained in the experiments. The Highly Productive Case uses similar assumptions for the
energy inputs as the Reduced Case and assumes greater energy output productivity. In addition,
the Literature Model provides an estimate for the EROI of algal biocrude based on data that has
been reported in the literature. In this way the Reduced Case is grounded on one side by the sub-
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optimal experimental data and on the other side by the Highly Productive Case and the
Literature Model, which are largely comprised of theoretical data.

METHODS AND MATERIALS
Production Pathway
There are several energy carriers that can be produced from algae, including renewable diesel
(such as biodiesel from lipids), ethanol (from carbohydrates), hydrogen produced
photobiologically, methane (via anaerobic digestion or gasification), and electricity via direct
combustion.[2-11, 48, 376, 377] Biodiesel is the most commonly studied algal biofuel, and can
be produced by transesterification of algal lipids.[1] However, additional refining technologies
exist that can produce a range of refined fuels from lipids depending on the lipid composition
(e.g., hydrocracking and gasification). Algal lipids include neutral lipids and polar lipids and the
proportion of each type is highly variable.[2, 18, 98, 197] As a result, it is not clear what
refining processes will be used on an industrial scale. With this in mind, the experiments in this
study measured the energy requirements associated with producing biocrude (i.e., algal lipids),
but do not include the energy associated with upgrading the biocrude into a refined fuel product.
In other words, this is a “strain-to-refinery door” analysis. However, the energy requirement of
refining, noted as 𝐸�𝑅 , will be included in the analysis in symbolic notation (according to a
convention established in a prior publication [1]) and estimated values will be used when
necessary.
Figure 4-1 presents the production pathway used at UT in this investigation. In this
approach, algae were grown in outdoor “raceway” ponds (~0.2 m deep), which are similar to
those discussed in previous studies [2, 19, 83, 378] and the ponds were inoculated from smallscale bioreactors. The diversity of existing growth approaches and the results of this work
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underscore the fact that this approach, while quite useful for research, will likely be modified for
commercial application. The algae were concentrated by a factor of ~65 into a slurry (i.e.,
harvesting) using centrifugation and then electromechanically lysed by exposure to electrical
pulses. After the cells were lysed, a microporous hollow fiber membrane contactor (MHF
contactor) was used to separate the lipids from the biomass. The lipids constitute a biocrude
product that can be upgraded to a refined fuel. The biomass also has the potential to be used to
produce fuels or chemicals, and for this study, a thermochemical conversion process is modeled
that produces methane from the post-extraction biomass. Energy required to distribute the
refined fuel(s) is not included.

Figure 4-1. The algal biocrude production pathway used in this investigation. Due to relatively
small volumes, these processing steps are conducted in batch mode, and the steps between
growth and refining last about 3 days. * Wet biomass will require additional processing/refining.
Energy Return on Investment Framework
The EROI analysis used in this study is based on the framework provided by Mulder and
Hagens.[25] Specifically, the second-order EROI model has been adopted (cf. Figure 2 in [25]),
which accounts for direct energy flows as well as indirect energy flows, as shown in Equation
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4-1. The process specific nomenclature in this study is based on the framework provided by Beal
et al.[1]
𝐸𝑅𝑂𝐼 =

4-1

𝐸𝐷𝑜𝑢𝑡 +∑𝑗 𝑣𝑗 𝑂𝑗
𝐸𝐷𝑖𝑛 +∑𝑘 𝛾𝑘 𝐼𝑘

Direct energy flows include electricity and fuel consumed during production (𝐸𝐷𝑖𝑛 ) and the

biofuel produced (𝐸𝐷𝑜𝑢𝑡 ). In this study, the biofuel products (which are not actually produced)
include bio-oil (produced from biocrude) and biomass fuel (produced from the biomass slurry).
Thus, the direct energy output includes the bio-oil energy, 𝐸𝐷𝐵𝑂 , and the biomass fuel

energy, 𝐸𝐷𝐵𝑀𝐹 , as,
4-2

𝐸𝐷𝑜𝑢𝑡 = 𝐸𝐷𝐵𝑂 + 𝐸𝐷𝐵𝑀𝐹

If the biomass is used to produce non-energy products (e.g., protein, nutritional supplements, or
cosmetics), then it could be represented as an indirect energy flow. In Equation 4-1, indirect
energy flows include material inputs that contain embedded energy (e.g., the embedded energy in
nitrogen fertilizer) and material outputs. Specifically, the quantity of the kth non-energy input is
𝐼𝑘 and the per-unit energy equivalent value for that input is denoted as 𝛾𝑘 . Similarly, the

quantity of the jth non-energy output is 𝑂𝑗 and the per-unit energy equivalent value for that output
is denoted as ν𝑗 . However, in this study, there are no indirect energy outputs.

A quality-adjusted EROI (analogous to a partial FROI, cf. Chapter 6) was also determined

for all of the cases except for the Literature Model by multiplying each of the input and output
flows by a corresponding quality factor. For energy flows, the quality factors (𝑄𝐹) were
calculated according to the energy price (𝐸𝑃), which is the price of each energy source per joule,
which correlates the relative value of each fuel [379]. Setting coal as the standard with a quality
factor of 1 ($1.4/GJ, $1.5/MMBtu), the quality factors used in this study were: electricity 19.5
($27.8/GJ, ¢10/kWh), petroleum 14.5 ($20.6/GJ, $2.50/gal), and natural gas 2.7 ($3.8/GJ,
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$4/MMBtu).[380] Methane was assigned the quality factor of natural gas and the bio-oil was
assigned the quality factor of petroleum. For material inputs, the quality-factor was determined
according to Equation 4-3,
4-3

𝑃

𝑄𝐹 = 𝐸𝐸∙𝐸𝑃

𝑐𝑜𝑎𝑙

[$/𝑘𝑔]

≡ [𝑀𝐽/𝑘𝑔]∙[$/𝑀𝐽]

𝑐𝑜𝑎𝑙

Where 𝑃 is the price (in $/kg), 𝐸𝐸 is the energy equivalent (with units of MJ/kg), and 𝐸𝑃𝑐𝑜𝑎𝑙 is

the energy price for coal ($1.4/GJ). By using quality factors that are based on price, the qualityadjusted EROI analysis is equivalent to the partial FROI analysis that is calculated using the
same inputs and outputs (i.e., excluding capital expenses, labor costs, regulatory fees, etc.) (cf.
Chapter 6).

Experimental Analysis
Figure 4-2 displays the input and output products of algal biocrude production at UT.
Detailed descriptions of all data collection and uncertainty analysis can be found in Appendix
4B. The alga processed in these batches was a marine species of Chlorella (KAS 603, provided
by Kuehnle AgroSystems, Inc.) and was grown in four different growth stages: flasks, airlift
photobioreactors, greenhouse tanks, and covered raceway ponds (cf. Figure 4-3). In general, the
larger growth volumes were inoculated from the smaller growth volumes, and all of the algae
transfers are illustrated in a flow diagram in Appendix 4A. Energy consumption for growth and
processing equipment was either measured with energy meters or estimated according to the
manufacturer specifications. When algae were transferred from a smaller growth volume to a
larger one, the energy consumed in the smaller growth volume was allocated between the two
growth volumes according to the percentage of the smaller volume that was transferred. The
batches, hereafter referred to by batch number 1-5, varied between 947 L and 1942 L of growth
volume processed and were all processed between May and July, 2010. The average cultivation
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time (from inoculation in the airlift reactors until harvesting from the ponds) was 123 days, on
average.

Figure 4-2. Material and energy flows for biocrude production at UT are marked as arrows
crossing the system boundary.
Growth
In all stages, the growth media were prepared with Instant Ocean salts at a salinity of ~15
g/L, and the consumption of salts, nutrients, water, and antibiotics was recorded. The first airlift
bioreactor was inoculated from flasks on January 26, 2010 and the energy consumed for the flask
growth stage was neglected. Seven indoor, airlift bioreactors (L1 – L7) were used to grow the
algae and were supplied with artificial lighting (multiple 54 W, Hg bulbs) for 12 hours per day.
The electricity consumption for lighting was measured with energy meters and secondary room
lighting was neglected. The bioreactors were maintained at about 24°C and a CO2/air mixture
(average of 1.0% CO2) was bubbled into the bioreactors continuously (the out-gassed CO2/air
mixture from the top of the reactors was 0.72% CO2, on average). The CO2/air flow rate and the
percentage of CO2 in the mixture were recorded daily for each reactor. The CO2/air mixture was
provided by mixing CO2 from a gas tank with compressed air from a general-use shop
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compressor. Therefore, the compressor power for the airlift reactors could not be measured, and
was estimated from the compressor data obtained for the greenhouse tanks and outdoor pond.
Four greenhouse tanks (G1 – G4, about 0.25 – 0.50 m deep and nominally 946 L each) were
periodically inoculated from the airlift bioreactors, and then used to inoculate the ponds (P1 and
P2, about 0.2 m deep and nominally 2,400 L each). Inoculations were made at irregular intervals
ranging from days to months (cf. Appendix 4A). A mixture of CO2 and air was bubbled into the
greenhouse tanks and ponds, and was supplied by a compressor and a CO2 tank (different than
those used for the airlift reactors). The total CO2 flow rate for all of the greenhouse tanks and
ponds was measured daily, and allocated by relative volume. Two compressors were used: the
energy consumption for the first compressor was measured directly with an energy meter and
that for the second compressor (used for only 8% of the cultivation time) was calculated by
measuring the current, voltage, and duty cycle. In addition, the greenhouse contains two fans
that are activated by a thermostat (set to 32.2°C), and the electricity consumed by these fans,
which varied according to the ambient temperature, was also measured. A pump requiring
approximately 0.8 kJ/L was used to transfer algae from the tanks to the ponds. The energy
required for transfers from the indoor airlift bioreactors to the greenhouse tanks was also
estimated to be 0.8 kJ/L. Confer Appendix 4B for more details.
The final growth stage was in outdoor, covered, raceway ponds that can hold approximately
2,400 L each. The ponds were covered with a plastic liner to reduce evaporation and
contamination, and circulation was accomplished by a pump that was operated 24 hours per day
(requiring ~1130 W).
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Figure 4-3. Algae were grown in four growth stages: 1) flasks 2) seven indoor
photobioreactors (L1 – L4 shown, ~100 L each) 3) four greenhouse tanks (G1 and G2
shown, ~1000 L each) and 4) two covered outdoor ponds (shown without the cover, ~2400
L each).
Harvesting
The algae were pumped from the ponds into 1200 L totes and transported to the
centrifuge facility by a propane powered vehicle. The pumping energy was measured using
an energy meter and the transportation energy was estimated roughly (0.26 miles roundtrip
and 10 miles/gallon of propane). During centrifugation, energy was consumed by an algae
feed pump and the centrifuge. One feed pump was used for batch 1 and another pump was
used for batches 2-5. The first was a hard-wired 220 V pump and the second was a 120 V
pump. The energy consumption for the first pump was estimated according to the
manufacturer specifications (0.7 A, 215 V, and 0.9 power factor) and the energy
consumption for the second pump was measured directly. The centrifuge was operated on
a variable frequency drive, which controlled the power consumption (continuous at 2.48 A,
215 V, and 0.9 power factor). On average, centrifugation achieved a 65X concentration of
algal dry weight per volume from 0.26 g/L to 16.7 g/L.
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Cell Lysing
The electromechanical cell lysing process was conducted by applying short pulses of
strong electric fields to algae flowing through a 20 mL test-cell that consists of two
electrodes. Each electrical pulse was applied by the discharge of several parallel capacitors
that are charged on a 3-phase, 480 V, AC circuit. The electricity consumed during each
pulse was determined to be 480 J, on average (cf. Appendix 4B and [354]).

Lipid Separation (Extraction)
A microporous hollow fiber membrane contactor (MHF contactor) was used to separate
the algal lipids from the other biomass into heptane. Due to the specific research that was
being conducted, the separation was conducted by cycling the algae and heptane through
the MHF contactor for the time equivalent of three passes. Then, the contactor was washed
with fresh solvent (heptane), and the wash solvent was added to the initial solvent volume.
The algal lipids were recovered via distillation, and most of the heptane was recovered as
distillate. On average, 1.6 L of solvent was consumed per batch (equivalent to 0.98 mL of
solvent per L of growth volume processed). However, the MHF contactor retains about 1.5
L of solvent, and due to batch processing, this solvent was lost to evaporation. In
continuous operation, the solvent consumption would be much lower (cf. Reduced Case).
The electricity consumed during the separation processes was either measured directly with
energy meters or estimated from the equipment manufacturer specifications. The energy
consuming equipment included: 1) an algae feed pump for the contactor, 2) a solvent feed
pump for the contactor, 3) a distillation peristaltic solvent/oil feed pump, 4) a distillation
vacuum pump, and 5) two electrical heaters for distillation. In addition, the amount of
chilled water used to condense the heptane distillate was measured. For Batch 3 only, the
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post-extraction biomass was re-extracted (half of which was re-lysed), yielding additional
oil, and accruing additional energy inputs. Thus, the data reported for the lysing and
extraction of Batch 3 include contributions from the re-lysing and re-extraction.

Reduced Case and Highly Productive Case
The purpose of the Reduced (Inputs) Case and Highly Productive Case is to provide a
more realistic model for operating energy expenses that are expected in a continuous,
commercial-scale production facility. The energy outputs for the Reduced Case are
assumed to be the same as those in the experiments, while the Highly Productive Case
assumed a greater biomass productivity (0.08 g/L-d, ~16 g/m2-d) and a higher neutral lipid
fraction (30%), which yields a greater energy output. The energy associated with capital
expenditures required to achieve these cases is not considered and the ability to achieve all
of these reductions is speculative. The Reduced Case and Highly Productive Case model
uses the same basic production pathway that was used for the experimental results (cf.
Figure 4-2), but substitutes bioreactors for growth and an advanced flocculation technique
in place of centrifugation. Several modifications are implemented to improve energy
efficiency.
In the Reduced Case and Highly Productive Case, algal cultivation is envisioned to be
accomplished in a closed, outdoor reactor (which does not require volume transfers) that is
mixed by rotary stirring (rather than pumping). Harvesting is modeled as an advanced
flocculation technique. Energy is consumed by a pump to move the growth volume to the
harvesting facility and by flocculants that are consumed. The energy consumption for
lysing is modeled using the same process as the experiments, but with a more efficient
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power supply and a properly sized pump. As in the experiments, a MHF contactor
separation process and subsequent distillation are used for the Reduced Case and Highly
Productive Case. However, by modeling proper equipment size and assuming continuous
operation, the energy consumed during separations in these cases is significantly less than
that of the experiments. With proper design, a single pump can be used to move algal
concentrate from harvesting, through lysing, and through the lipid separation contactor.
Thus, only one additional pump is required for passing solvent through the contactor.

RESULTS
Summary of Batches
Table 4-1 summarizes processing efficiency data obtained for each of the five batches
in this study. To calculate these data, samples were collected during processing of each
batch using a methodology that has been described previously (cf. Chapter 2, Appendix 2C
[114] and Chapter 3). The terminology and nomenclature that is used has been defined
previously by Beal et al. (cf. Chapter 1).[1] The efficiencies are calculated as the mass
ratio of the output of a production step divided by the input for that step (e.g., the
separations efficiency is the mass of biocrude divided by the mass of lysed algal biomass.
The neutral lipid fraction is embedded in this efficiency.). Therefore, these terms do not
represent the effectiveness of each step (except for the harvesting efficiency which also
represents the harvesting effectiveness). Similarly, the overall processing efficiency is the
mass of biocrude divided by the grown mass and incorporates each of the individual
processing efficiencies. Neutral lipid recovery is the percentage of neutral lipids detected
in the initial biomass (as determined by HPLC analysis [313], data not shown) that were
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recovered as biocrude. There are several variables that influence the neutral lipid recovery,
including each processing efficiency and changes in the neutral lipid composition
throughout processing [114].
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Table 4-1. Processing summary for the five batches in this study.

Batch
1

Proc.
Vol.
𝑽𝑷
(L)
947

Algal
Conc.
𝝁
(g/L)
0.27

Grown
Mass
𝑴𝑮𝑴
(g)
260

Grown
Mass
Prod.1
𝑷𝑮𝑴
(mg/L-d)
2.76

Neutral
Lipid
Fraction2
𝑵𝑳𝑭
(%DCW)
1.5%

Harv.
Effic.
𝝋𝒉𝒂𝒓𝒗
(-)
1.193

Lysing
Effic.
𝝋𝒄𝒆𝒍𝒍𝒚𝒔
(-)
0.653

Sep
Effic.
𝝋𝒔𝒆𝒑
(-)
0.007

BC
Mass
𝑴𝑩𝑪
(g)
1.44

Biomass
𝑴𝑩𝑺
(g)
154

Proc.
Effic.
𝝋𝒑𝒓𝒐𝒄
(-)
0.006

BC Prod.1
𝑷𝑩𝑪
(mg/L-d)
0.015

Neut.
Lipid
Recovery
(%)
37%

2

974

0.25

244

2.55

1.9%

0.90

0.92

0.014

2.88

138

0.012

0.030

62%

3

1891

0.25

470

2.12

1.1%

0.97

0.94

0.012

4.96

301

0.011

0.022

96%

4

1893

0.22

4254

3.05

2.6%

-4

0.95

0.011

4.44

310

0.010

0.018

40%

5

1942

0.29

570

1.70

NA

0.88

0.88

0.005

2.15

378

0.004

0.006

NA

Ave

1529

0.26

394

2.17

0.018

0.923

0.923

0.010

3.17

256

0.008

0.02

59%

Stdev

520

0.02

140

0.47

0.006

0.05

0.03

0.004

1.49

105

0.004

0.01

27%

1 – The cultivation time and growth volume used for the grown mass productivity and biocrude productivity calculations are
rough estimates.
2 - The initial neutral lipid fraction was estimated by HPLC analysis and includes lipid species with polarity less than or equal to
MAG (e.g., LCH, TAG, and DAG).[313] HPLC data is not reported.
3 - The post-harvesting algal concentration measured for batch 1 is high, resulting in a harvesting efficiency greater than 1 and a
low lysing efficiency. These effects are offset in the processing efficiency calculation for batch 1 and these data were omitted
from the average.
4 – The data reported was measured after harvesting, and therefore the harvesting efficiency cannot be determined.
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Experimental Energy Flow Results
Table 4-2 lists the data obtained for the growth and processing of Batches 1-5. All of
the indirect energy inputs were converted to energy values using the energy equivalent per
unit of each indirect input (e.g., the energy equivalent of urea is 26.30 MJ//kg). Since the
volume that was processed for each batch was different, the data are normalized per liter of
growth volume processed and reported in units of kJ/L. Table 4-3 lists the average value
for each input and output across the 5 batches. In addition, the percentage of the total
energy consumption/production, the uncertainty, and the standard deviation are listed.
There are three types of uncertainties associated with using the experimental data
presented in this study for evaluating the EROI of algal biofuels in general: measurement
error, artifacts associated with sub-optimal research-scale production, and batch-to-batch
variations. A detailed error analysis is provided in Appendix 4B that addresses
measurement error, and the uncertainty results are tabulated for each input and output in
Table 4-2 and Table 4-3. The Reduced Case and Highly Productive Case are provided
below in an attempt to address research-scale artifacts by estimating the EROI for an
optimal commercial-scale operation of a similar production pathway. Finally, batch-tobatch variations in the growth and processing methods are characterized by the standard
deviation (cf. Table 4-3). For example, the average (indirect) energy consumption for urea
was 11.18 ± 2.55 kJ/L with a standard deviation of 8.9 kJ/L. The uncertainty in this
measurement is the average measurement error for the energy consumption by urea of the
five batches (cf. Table 4-1). The standard deviation is high because different nutrient
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feeding schedules were implemented throughout the year, resulting in different nutrient
consumption for each batch. Similar variability exists for many inputs.
On average, the energy consumed for growth, harvesting, cell lysing, and lipid
separations account for 96.23%, 0.89%, 0.15%, and 2.73%, of the total requirement,
respectively. The energy requirements are dominated by growth inputs, and of these inputs,
mixing, lighting, air compression, and CO2 consumption represent the parameters with the
most significant contributions, as shown in Figure 4-4. Mixing in the pond was
accomplished by an oversized pump (~1130 W, operated 24 hrs/day and 7 days/week); the
use of a paddlewheel or pump duty cycle would significantly reduce this consumption.
Artificial lighting of the airlift photobioreactors was used to enable stable growth
conditions, but could be replaced by the use of sunlight. Air compression requirements and
CO2 consumption could be reduced by employing more efficient CO2 delivery methods (to
improve CO2 uptake rates, therefore reducing the amount of CO2/air needed) and using an
appropriately sized compressor. The amount of water used for each batch was calculated to
be 1.91 L for every liter processed (due to evaporation from the growth volumes). About
98% of the water processed is recovered after harvesting and could be recycled, but would
likely require additional treatment. Although no recycling is included in this study, if 100%
recycling were accomplished, the water consumption would be reduced to 0.91 L/L (limited
to just the evaporation during growth) and the energy required to treat the recycled water
would need to be added.
On average, the direct energy inputs account for 94.2% of the total energy requirement.
The indirect energy inputs, which include water, nutrients, CO2, etc., account for 5.8% of
the total energy consumed. The energy equivalent values of the non-energy inputs
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represent the total embedded energy for their production, and are therefore much greater
than the chemical energy content of each input. For example, the embedded energy content
of CO2 (𝛾𝐶𝑂2 , which results from collection and compression) is estimated at 7.33

MJ/kg.[29, 368] The most significant non-energy inputs are CO2 and heptane, which
accounted for 2.7% and 1.6% of the total energy consumption on average, respectively.
Approximately 36 kg of CO2 were consumed per kg of algae produced (which is about 18
times greater than the estimated theoretical minimum CO2 requirement), and the impact of
indirect energy associated with CO2 is described in the “Discussion” section, below.
Using the notation specified in Chapter 1 [1], the total energy input for algal biofuel
production (per liter of growth volume processed), 𝐸́𝐵𝐹 , can be expressed as,

4-4

𝐸́𝑖𝑛 = 𝐸́𝐵𝐹 = 𝐸�́𝐺 + 𝐸�́𝑃 + 𝐸�́𝑅

[𝐽/𝐿]

where 𝐸�́𝐺 , 𝐸�́𝑃 , and 𝐸�́𝑅 , are the energy requirements for growth, processing (which includes

harvesting, cell lysing, and lipid separation), and refining, respectively. The tilde

specifically indicates energy associated with a production step and an apostrophe accent
denotes data with respect to the growth volume processed.[1] These units can be related to
energy inputs per gallon of bio-oil by multiplying by the ratio of processed volume-to-biooil volume. The total energy input (consisting of 𝑙 direct inputs and 𝑘 indirect inputs), as
described by Mulder and Hagens, can also be represented as,
4-5

́ 𝑖𝑛 + 𝐸𝐼
́ 𝑖𝑛 = ∑𝑙 𝐸𝐷
́ 𝑙 + ∑𝑘 𝛾𝑘 𝐼́𝑘
𝐸́𝑖𝑛 = 𝐸𝐷

[𝐽/𝐿]

Each component of Equation 4-4 can be expressed as the direct and indirect parts of
Equation 4-5, such as,
4-6

́ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼́𝑘 )𝐺
𝐸�́𝐺 = (𝐸𝐷
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[𝐽/𝐿],

́ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼́𝑘 )𝑃
𝐸�́𝑃 = (𝐸𝐷

4-7

[𝐽/𝐿], and

́ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼́𝑘 )𝑅
𝐸�́𝑅 = 𝐸�́𝑅𝐵𝑂 + 𝐸�́𝑅𝐵𝑀𝐹 = (𝐸𝐷

4-8

[𝐽/𝐿]

In Equation 4-8, the refining energy requirement includes the bio-oil refining energy, 𝐸�́𝑅𝐵𝑂 ,
and the biomass fuel refining energy, 𝐸�́𝑅𝐵𝑀𝐹 (cf. Figure 4-2). Therefore, the total energy
input can be written as,

́ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼́𝑘 )𝐺 + (𝐸𝐷
́ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼́𝑘 )𝑃 + (𝐸𝐷
́ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼́𝑘 )𝑅 [𝐽/𝐿]
𝐸́𝑖𝑛 = (𝐸𝐷

4-9

In this study, only the energy consumption for growth and processing were measured.
Using the experimental data in Table 4-2 and Table 4-3, the average energy consumed in
each batch is (keeping refining inputs in symbolic form because they were not measured
experimentally),
4-10

𝐸́𝑖𝑛 = 2572 + 𝐸�́𝑅 [𝑘𝐽/𝐿]

The direct energy outputs are the biocrude (2.1 mg per liter of growth volume
processed) and the biomass slurry (containing 165 mg per liter of growth volume
processed, on average). The bio-oil energy content can be calculated as the mass of
biocrude produced, 𝑀𝐵𝐶 , multiplied by the refining efficiency, 𝜑𝑟𝑒𝑓𝐵𝑂 , and the energy
content of the bio-oil, 𝜈𝐵𝑂 . The bio-oil refining efficiency is defined as,

4-11

𝜑𝑟𝑒𝑓𝐵𝑂 =

𝑀𝐵𝑂
𝑀𝐵𝐶

[−]

where 𝑀𝐵𝑂 is the mass of bio-oil produced from an associated amount of biocrude, 𝑀𝐵𝐶 .
Therefore, the bio-oil energy is calculated as,

4-12

́ 𝐵𝑂 = 𝑀́𝐵𝐶 ∙ 𝜑𝑟𝑒𝑓 ∙ 𝜈𝐵𝑂
𝐸𝐷
𝐵𝑂
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[𝐽/𝐿]

In this study, the biomass co-product is also modeled as a direct energy output with the
expectation that it will be used as an energy source (to produce methane, as described
below). This direct energy flow can be reported as,
4-13

́ 𝐵𝑀𝐹 = 𝑀́𝐵𝑆 ∙ 𝜑𝑟𝑒𝑓
𝐸𝐷
∙ 𝜈𝐵𝑀𝐹
𝐵𝑀𝐹

[𝐽/𝐿]

where 𝑀́𝐵𝑆 is the algal mass in the biomass slurry per liter of processed volume, 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 is

the refining efficiency of the biomass into fuel, and 𝜈𝐵𝑀𝐹 is the biomass fuel energy
content. The biomass fuel refining efficiency is defined as,
4-14

𝜑𝑟𝑒𝑓𝐵𝑀𝐹 =

𝑀𝐵𝑀𝐹
𝑀𝐵𝑆

[−]

where 𝑀𝐵𝑀𝐹 is the mass of biomass fuel produced from an associated amount of algal mass
in the post-separations slurry, 𝑀𝐵𝑆 (cf. Figure 4-2). There are several potential methods to

convert post-extraction biomass to useful energy, including direct combustion, anaerobic

digestion, and catalytic hydrothermal gasification (CHG).[7, 8, 325, 377] For algal slurries
with algal density of ~150 g/L, CHG has been used to produce ~0.25 kg of methane per kg
of algal biomass slurry (𝜑𝑟𝑒𝑓𝐵𝑀𝐹 = 0.25) [377] and methane contains ~55 MJ/kg

(𝜈𝐵𝑀𝐹 = 55 𝑀𝐽/𝑘𝑔). Although not considered in this study, CHG also has the potential to

enable nutrient recycling (including nitrogen, phosphorus, potassium, and carbon

dioxide).[377] Combining these terms, (and neglecting the energy required to concentrate
the post-extraction biomass from ~15 g/L to ~150 g/L) roughly 13.8 MJ of methane energy
could be produced per kg of post-extraction algae. These rough estimates do not consider
the effect of extracting lipids from algae prior to conversion or the dependence of
conversion performance on algal species. Other studies have suggested that (dry) algal
biomass has a heating value between 17.5 and 26 MJ/kg.[29, 85, 325, 381] The energy
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requirements to operate this process are estimated to be ~10% of the methane energy
produced, (~1.4 MJ/kg).[377]
On average, 2.1 mg of biocrude and 165 mg of biomass (in slurry at ~15 g/L) were
produced for each liter of growth volume processed. Using Equations 4-12 and 4-13, the
direct energy production is therefore:
4-15

́ 𝑜𝑢𝑡 = 𝐸𝐷
́ 𝐵𝑂 + 𝐸𝐷
́ 𝐵𝑀𝐹 = 0.0021 ∙ 𝜑𝑟𝑒𝑓 ∙ 𝜈𝐵𝑂 + 0.165 ∙ 𝜑𝑟𝑒𝑓
𝐸𝐷
∙ 𝜈𝐵𝑀𝐹
𝐵𝑂
𝐵𝑀𝐹

𝐽

�𝐿 �

where the refining efficiencies and bio-oil energy contents are not known, as refining was
not conducted. Combining Equations 4-10 through 4-15, the EROI for algal biofuel
production, on average, is,
4-16

𝐸𝑅𝑂𝐼 =

́ 𝑜𝑢𝑡
𝐸𝐷
𝐸�́𝐺 +𝐸�́𝑃 +𝐸�́𝑅

=

0.0021∙𝜑𝑟𝑒𝑓𝐵𝑂 ∙ 𝜈𝐵𝑂 +0.165∙𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ∙𝜈𝐵𝑀𝐹
2572+𝐸�́
+𝐸�́
𝑅 𝐵𝑂

𝑅 𝐵𝑀𝐹

If the biomass slurry is converted to methane (biomass fuel) using the CHG process
described above, it is speculated that the refining efficiency (𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ) and biomass fuel
́ 𝐵𝑀𝐹 =
energy content (𝜈𝐵𝑀𝐹 ) would be 0.25 and 55 𝑀𝐽/𝑘𝑔, respectively, yielding 𝐸𝐷

2.31 𝑘𝐽/𝐿.[377] Neglecting the energy to concentrate the algae from 15 g/L to 150 g/L, the

energy required for the CHG process is estimated to be roughly 10% of the energy

produced [377], yielding 𝐸�́𝑅 𝐵𝑀𝐹 = 0.23 kJ/L. Using these speculative estimates, and if the
other unknown terms in Equation 4-16 are estimated by optimistic values (𝜑𝑟𝑒𝑓𝐵𝑂 = 1,

𝜈𝐵𝑂 = 40 𝑀𝐽/𝑘𝑔, and 𝐸�́𝑅 𝐵𝑂 = 4.6 𝐽/𝐿 (using 2.21 MJ for refining per kg of bio-oil [369]

applied to 2.1 mg of biocrude), the average EROI for all five batches in this study would be
9.2 x10-4 ± 3.3 x 10-4.
The quality-adjusted EROI was calculated by applying the quality factors listed in

Table 4-4 to each input and output flow. Adjusting for quality yielded an EROI of 9.2 x
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10-5. Due to high quality factors for electricity inputs and material inputs, the qualityadjusted total energy input was 31 times greater than the non-adjusted total. The qualityadjusted total energy output was 3 times greater than the non-adjusted total energy output,
reflecting the bio-oil and biomass fuel (methane) quality factors.

Figure 4-4. A) Most impacting energy inputs for the Experimental Case (EROI = 9.2 x
10-4). B) Most impacting Reduced Case energy inputs (EROI = 0.079) C) Most impacting
Highly Productive Case inputs (EROI = 0.22). Data reported in kJ per L of processed
volume.
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Table 4-2. Direct and indirect energy flows (inputs and outputs) and associated uncertainty (“Unc”). Unless specifically
included, all data is reported in kJ per liter of processed volume. Direct energy inputs have energy equivalents of 1 MJ/MJ.
Energy
Equivalent

#1
(kJ/L)
947 L

#1 Unc
(kJ/L)

#2
(kJ/L)
974 L

#2 Unc
(kJ/L)

#3
(kJ/L)
1889 L

#3 Unc
(kJ/L)

#4
(kJ/L)
1893 L

#4 Unc
(kJ/L)

#5
(kJ/L)
1941 L

#5 Unc
(kJ/L)

158

2520
-

175

2040
-

162

4650
-

274

762
-

69.8

-

2400
-

1.33 kJ/L11

2.79

0.89

2.82

0.89

2.24

1.07

3.22

1.00

1.63

0.57

Indirect Water (kJ/L)3

-

-

-

-

-

-

CO2 Supply (kJ/L)4

-

-

-

-

-

-

Inputs and Outputs
Volume Processed (L), 𝑽𝑷
�́
Growth Total, 𝑬
𝑮

Water Supply (kJ/L)
Direct Water (kJ/L)

1

2

12

75.5

-

-

26.3 MJ/kg13

F/2 Media (kJ/L)
Sodium phosphate monobasic
dehydrate
Ferric chloride hexahydrate

CO2 (kJ/L)

7.33 MJ/kg

15.3

77.6

6.14

1.40

8.6 MJ/kg14

0.06

10

20 MJ/kg

EDTA dihydrate

20 MJ/kg10

Copper sulfate pentahydrate
Manganese(II) chloride
tetrahydrate
B3N Media (kJ/L)7

Nutrient Supply (kJ/L)

5

Urea (kJ/L)

15.8

52.1

11.0

107

21.5

30.5

6.20

1.42

13.5

3.09

25.9

5.91

4.1318

0.94

0.03

0.06

0.03

0.13

0.07

0.30

0.16

0.10

0.05

0.08

0.02

0.12

0.03

0.09

0.02

0.12

0.03

0.20

0.05

0.44

0.11

0.15

0.04

0.27

0.07

0.60

0.15

0.20

0.05

20 MJ/kg10

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

20 MJ/kg10

0.00

0.00

0.00

0.00

0.01

0.00

0.02

0.01

0.01

0.00

9.38 MJ/kg13

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.9618

15

0.20

18.6

13.9

18.8

14.1

25.6

19.3

33.5

25.2

15.4

11.6

0.10

0.03

0.10

0.03

0.04

0.01

0.23

0.07

0.00

0.00

-

-

-

6.59

-

6

Sodium Nitrate
Instant Ocean Salts (kJ/L)
Antibiotics (kJ/L)

1.15 MJ/kg

10

50 MJ/kg

Lighting (kJ/L)

987

24.0

998

24.2

591

16.9

1590

47.9

134

4.24

Compressor (kJ/L)

412

52.1

424

53.3

321

42.8

658

117

149

20.3

Transfers (kJ/L)

0.74

0.74

0.75

0.75

0.77

0.77

1.76

1.76

0.05

0.05

Mixing (kJ/L)

841

37.5

929

52.1

993

57.5

2150

37.0

360

15.5

Greenhouse Fans (kJ/L)

60.8

11.8

61.4

11.9

44.1

9.67

70.6

16.7

65.1

9.68
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Table 4-2 (continued)
Energy
Equivalent

#1
(kJ/L)
19.4
1.25

#1 Unc
(kJ/L)
1.17
0.04

#2
(kJ/L)
18.7
1.29

#2 Unc
(kJ/L)
1.13
0.04

#3
(kJ/L)
28.0
1.75

#3 Unc
(kJ/L)
1.04
0.02

#4
(kJ/L)
25.1
2.59

#4 Unc
(kJ/L)
0.91
0.02

#5
(kJ/L)
23.0
2.11

#5 Unc
(kJ/L)
0.83
0.02

27 MJ/L10

0.10

0.10

0.10

0.10

0.10

0.10

0.10

0.10

0.10

0.10

Centrifuge (kJ/L)

14.1

0.80

13.5

0.77

16.1

0.91

13.7

0.77

12.3

0.70

Centrifuge Pump (kJ/L)

3.97

0.23

3.76

0.23

10.02

0.02

8.65

0.02

8.42

0.02

�́ 𝑪𝑳
Cell Lysing Total, 𝑬
Pump (kJ/L)

3.08
0.02

0.46
0.00

3.65
0.02

0.54
0.00

5.26
0.03

0.50
0.02

3.56
0.04

0.50
0.02

3.44
0.02

0.48
0.02

Power Supply (kJ/L)

3.05

0.46

3.63

0.54

4.66

0.46

3.14

0.46

3.05

0.45

Fans (kJ/L)

0.00

0.00

0.00

0.00

0.57

0.02

0.38

0.02

0.37

0.02

130

25.0

-10.119

12.0

137

14.3

67.0

12.9

27.2

3.51

0.26

0.03

1.26

0.09

1.54

0.05

0.50

0.03

2.55

0.14

Feed Pump (kJ/L)

1.33

0.04

1.89

0.04

2.90

0.04

0.91

0.03

0.65

0.02

Vacuum Pump (kJ/L)

21.9

0.04

17.5

0.04

23.1

0.04

10.4

0.03

8.01

0.02

Stage 1 Heater (kJ/L)

5.44

0.04

6.28

0.04

9.99

0.04

4.03

0.03

2.52

0.02

1.82

0.04

0.44

0.04

1.28

0.04

0.49

0.03

0.39

0.02

4.34

1.15

4.51

1.23

3.47

0.58

5.51

1.40

1.84

0.49

10.5

95.2

13.6

45.2

11.3

11.2

2.80

0.20
0.01

0.23
0.01

0.23
0.01

0.23
0.01

0.23
0.01

0.27
0.00

0.27
0.00

Inputs and Outputs
�́ 𝑯
Harvesting Total, 𝑬
Pump from pond (kJ/L)
Propane (kJ/L)

�́ 𝑺
Separations Total, 𝑬
MHF Contactor
2 Pumps (kJ/L)
Distillation

Stage 2 Heater (kJ/L)
Chill Water (kJ/L)
Heptane Loss (kJ/L)
�́ 𝑹
Refining Total8, 𝑬
Bio-oil Refining (kJ/L)

Refining Materials9 (kJ/L)
Biomass Fuel Refining (kJ/L)

16

11.23 kJ/L

17

41.75 MJ/L

40.70 MJ/kg17

19

94.5

23.6

-42.0

0.23
0.00

0.23
0.00

0.20
0.01

0.00

0.00

0.00

0.00

0.01

0.01

0.00

0.00

0.01

0.01

0.22

0.22

0.19

0.19

0.22

0.22

0.23

0.23

0.27

0.27
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Table 4-2 (continued)
Inputs and Outputs

Energy
Equivalent

#1
(kJ/L)
2560
1.5 g

#1 Unc
(kJ/L)
185
0.2 g

#2
(kJ/L)
2530
2.9 g

#2 Unc
(kJ/L)
188
0.5 g

#3
(kJ/L)
2210
4.9 g

#3 Unc
(kJ/L)
178
0.8 g

#4
(kJ/L)
4740
4.4 g

#4 Unc
(kJ/L)
288
0g

#5
(kJ/L)
816
2.1 g

#5 Unc
(kJ/L)
74.9
0g

154 g

7.7 g

238 g

6.9 g

301 g

15.1 g

310 g

15.5 g

383 g

18.9 g

40 MJ/kg10

0.06

0.03

0.12

0.05

0.10

0.04

0.09

0.03

0.04

0.01

55 MJ/kg

2.25

0.79

1.96

0.69

2.21

0.77

2.27

0.79

2.74

0.95

2.32

0.81

2.08

0.73

2.31

0.81

2.36

0.82

2.78

0.97

0.91

0.32

0.82

0.29

1.04

0.37

0.50

0.18

3.41

1.29

Total Input (kJ/L), 𝑬́𝒊𝒏
Biocrude (g), 𝑴𝑩𝑪

Biomass in Slurry (g), 𝑴𝑩𝑺
Bio-oil (kJ/L)

Methane (kJ/L)
Total Output (kJ/L), 𝑬́𝒐𝒖𝒕
EROI (x103)
1

Water was supplied from a public utility, and therefore the water supply power is not known. However, embedded energy in
water in included in the energy equivalent value.
2
3
Recycling is not included in these data.
Indirect water consumption is not included in this analysis.
4
CO2 was delivered from pressurized tanks. The energy for delivery is included in the embedded energy of CO2 and the
5
compressor used to provide the CO2/air mixture.
Nutrients were added by hand.
6
Other minor ingredients include: copper sulfate pentahydrate, zinc sulfate heptahydrate, cobalt(II) chloride hexahydrate,
vitamin B12, vitamin H, and vitamin B1. (cf. utex.org)
7
Other minor ingredients include: calcium chloride dihydrate, magnesium sulfate heptahydrate, potassium hydrogen phosphate,
sodium chloride, metal solution, soilwater, and vitamin B12. (cf. utex.org)
8
Refining was not conducted. These data were taken from the literature [85, 369, 377] as estimates for refining energy
requirements.
9
Refining materials depend on specific refining process. Data listed here is based on estimated methanol consumption [85, 369].
10
14
15
Rough estimate. 11 [382, 383] 12 [29, 368] 13 [14, 29, 368, 384-387]
[29, 368, 384]
[386, 388]
16
Energy for chill water is estimated as the sum of the embedded energy in public water supply (1.33 kJ/L) [382, 383] and the
energy required to chill water 9.4 °C using an ideal refrigeration system with a COP of 3.97 (9.90 kJ/L).
17
18
19
[389]
Urea was replaced by sodium nitrate between harvesting of batches 4 and 5.
Some heptane from the wash
process of Batch 1 was recoverd during Batch 2.
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Table 4-3. Average results of most impacting inputs for Batches 1 – 5. Data are reported
in units of kJ per L of processed volume.

CO2 (kJ/L)

Ave Total Energy
(kJ/L)
2480
68.6

Percent of
Total (%)
96.23
2.67

Ave Tot
Energy Unc.
(kJ/L)
168
14.0

Standard
Deviation
1400
28.9

Urea (kJ/L)

11.2

0.43

2.55

9.0

Instant Ocean Salt (kJ/L)

22.4

0.87

16.8

7.3

Lighting (kJ/L)

860

33.45

23.4

541

Compressor (kJ/L)

393

15.27

57.0

185

Mixing (kJ/L)

1055

41.00

39.9

662

Greenhouse Fans (kJ/L)

60.4

2.35

12.0

9.9

�́ 𝑯
Harvesting Total, 𝑬
Centrifuge (kJ/L)

22.8
14.0

0.89
0.54

1.02
0.79

3.9
1.37

Centrifuge Pump (kJ/L)

6.96

0.27

0.10

2.9

�́ 𝑪𝑳
Cell Lysing Total, 𝑬
Power Supply (kJ/L)

3.80
3.51

0.15
0.14

0.50
0.47

0.8
0.7

�́ 𝑺
Separations Total, 𝑬
Vacuum Pump (kJ/L)

70.2
16.2

2.73
0.63

13.5
0.03

63.9
6.7

Stage 1 Heater (kJ/L)

5.65

0.22

0.03

2.8

Chill Water (kJ/L)

3.94

0.15

0.97

1.4

Heptane Loss (kJ/L)

40.8

1.59

12.4

58.3

�́ 𝑹
Refining Total1, 𝑬
Total Input (kJ/L), 𝑬́𝒊𝒏

0.24

0.01

0.23

0.03

2570

100.00

183

1410

Inputs and Outputs
�́ 𝑮
Growth Total (kJ/L), 𝑬

Biocrude (g), 𝑴𝑩𝑪

Biomass in Slurry (g), 𝑴𝑩𝑺
Bio-oil (kJ/L)
Methane (kJ/L)

Total Output (kJ/L), 𝑬́𝒐𝒖𝒕
EROI

2.1 g

0.31 g

1.5 g

165 g

12.8 g

107 g

0.08

3.56

0.03

0.03

2.29

96.44

0.80

0.28

2.37

100.00

0.83

0.25

9.2 x 10-4

-

3.3 x 10-4

1

Refining was not conducted. These data were taken from the literature [85, 369, 377] as
estimates for refining energy requirements.
2
Bio-oil and methane were not actually produced in the experiments.

200

Reduced Case and Highly Productive Case Results
The Reduced Case and Highly Productive Case model estimates the EROI for a
configuration that uses closed bioreactors, chemical flocculation for harvesting, and
optimized lysing and separations processes. The energy flow data are presented in Table
4-4. Using closed growth containers could nearly eliminate evaporation (a result
observed for the indoor bioreactors), which would reduce the water consumption to 1
L/L, on average without recycling, and 0.05 L/L with 95% recycling (equivalent to 0.07
kJ/L processed). The amount of CO2 required to produce 1 kg of algal biomass has been
estimated to be between 1.7 and 2 kg [19, 29, 85, 86], although this value corresponds to
the theoretical minimum by assuming 100% uptake and no respiration (as illustrated in
Chapter 7). The algal concentration for Batches 1-5, on average, was 0.26 g/L. With
100% conversion efficiency, this grown mass would require about 0.52 g/L of CO2.
However, for the indoor bioreactors, the amount of CO2 supplied was roughly 4X the
amount that was absorbed. Applying this rate of absorption to 0.52 g of CO2 required per
liter of growth volume processed, the CO2 consumption for the Reduced Case is modeled
as being 2.08 g/L (with 7.33 MJ/kg of energy equivalent), which is 22% of the CO2
consumed per liter for Batches 1-5, on average. The same assumptions are used to
calculate the CO2 required in the Highly Productive Case, except for an algal
concentration of 1 g/L, resulting in CO2 consumption of 8 g/L.
Nutrient requirements modeled in the Reduced Case are estimated from averaged
literature data to be ~70 g of nitrogen per kg of grown mass and ~8 g of phosphorus per
kg of grown mass.[29, 85, 368, 371] Although it is acknowledged that these nutrient
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requirements are near the theoretical minimum (as determined in Chapter 7), specific
uptake rates are not considered here. For the Reduced Case with an algal concentration
of 0.26 g/L, 18 mg/L of nitrogen and 2 mg/L of phosphorus are consumed, with energy
equivalent values of 59 MJ/kg [14, 29, 368, 384, 385] and 44 MJ/kg [29, 368, 384],
respectively. The indirect energy consumption from nitrogen and phosphorus nutrients in
the Reduced Case is 10% and 44% of the experimental results, respectively. For an algal
concentration of 1 g/L in the Highly Productive Case, 70 mg/L nitrogen and 8 mg/L of
phosphorus are consumed.
For a closed system (without volume transfers) it is expected that contamination
would be less problematic. Therefore, the Reduced and Highly Productive Cases
estimate the antibiotic consumption as 0.28 mg/L and 0.1 mg/L (which is ~15% and 5%
of that consumed for Batches 1-5, on average, respectively. cf. Table 4-2). It is assumed
that artificial lighting and volume transfers would not be needed, and therefore these
energy values are reduced to zero. In these cases, an air compressor is not required: pure
CO2 is modeled as being delivered directly from pressurized tanks and mixing is
accomplished via rotary stirring. Also, there is no greenhouse modeled (and thus no
fans). The mixing energy is estimated at 99 J/(L-d) which is an average of data that have
been used in previous studies.[29, 83, 85, 112, 368, 371] This value for mixing energy is
equivalent to 1.2 W/m3, which is very optimistic as compared to data reported by
Jorquera et al.[112]. With 123 days of cultivation (the average for Batches 1-5), the
mixing energy in the Reduce Case is 12.18 kJ/L (<2% of the experimental mixing
energy). The algal productivity assumed in the Highly Productive Case is 0.08 g/L-d,
202

which is equivalent to 16 g/m2-d in a 20 cm deep pond. Thus, 12.5 days are required to
yield an algal concentration for harvest of 1 g/L, resulting in 1.24 kJ/L of mixing energy
for the Highly Productive Case. The ability to achieve these mixing scenarios and yield
the assumed biomass and lipid productivities is not known.
Harvesting energy includes a pump and the embedded energy of flocculants. The
energy for pumping is modeled as,
4-17

𝐸𝑝𝑢𝑚𝑝 =

∀∙∆𝑃
𝜂

where ∀ is the volume that is transported, ∆𝑃 is the pressure drop, and 𝜂 is the pump

efficiency. The pressure drop associated with pumping the growth volume for harvesting
is modeled as,
4-18

𝐿 𝑉2

𝑉2

∆𝑃 = 𝜌𝑔(∆𝑧 + 𝑓 𝐷 2𝑔 + 𝐾𝐿 2𝑔)

where: density (𝜌) is 1 kg/L, elevation (∆𝑧) is 3 m, friction factor (𝑓) is 0.03 (for a
Reynolds number of ~104), pumping distance (𝐿) is 20 m, pipe diameter (𝐷) is 1.3 cm,
flow velocity (𝑉) is 4.8 m/s, minor loss coefficient (𝐾𝐿 ) is 1.5 (assuming a square entry

and discharge orifice), and 𝑔 is the gravity constant (9.8 m/s2). This relationship yields a
∆𝑃 of 573 kPa, which corresponds to an energy consumption of 0.96 kJ/L (assuming

𝜂=0.6) for both cases. The embedded energy of flocculants is estimated at 20 MJ/kg and

354 mg of flocculants are assumed to be consumed per g of algae. With algal densities of
0.26 g/L and 1 g/L, the indirect energy consumption of flocculants is 1.82 kJ/L and 7.08
kJ/L for the Reduced and Highly Productive Cases, respectively.
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For cell lysing, energy efficiency improvements of 17X have been demonstrated with
respect to the power supply used during the processing of Batches 1-5.[354] Thus, the
energy consumed by the lysing power supply in the Reduced Case and Highly Productive
Case is 0.21 kJ/L. The energy used to pump algal concentrate from harvesting, through
lysing, and through the contactor is modeled using Equation 4-17 (∆𝑃=138 kPa, 𝜂=0.6,
1

and ∀= 65 𝑉�𝑃 (due to a 65X concentration factor)) to be 3.5 J/L of growth volume

processed.

With proper sizing of separations equipment, the volumetric ratio of heptane used
(not consumed) to algal concentrate could be reduced to 1:20. Assuming a concentration
of 65X, this corresponds to a heptane to growth-volume-processed ratio of 1:1300. The
energy required for passing this heptane through the contactor is modeled using Equation
1

4-17 and is negligible (∀= 1300 ∙ 𝑉�𝑃 , ∆𝑃=7 kPa, and 𝜂=0.6).

Heptane loss into the algal slurry is estimated at the solubility limit in water (5 ppm)

and neglects heptane evaporation into non-condensing gas during distillation. The energy
1
consumption of the solvent/oil feed pump is negligible (∀= 1300 ∙ 𝑉�𝐺 , ∆𝑃=69 kPa, and

𝜂=0.6 in Equation 4-17). The heat of vaporization required to distill heptane is 318

kJ/kg, which translates to 0.17 kJ per L of growth volume processed (assuming a heptane
1

density of 0.68 kg/L, ∀= 1300 ∙ 𝑉�𝐺 , and a heat loss of 10%). Commonly, the energy
required to establish a vacuum during distillation is less than 2% of the heat of

vaporization, and it is therefore modeled as being 3.3 J/L for the Reduced Case and
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Highly Productive Case. Finally, the amount of chilled water needed per liter processed,
𝑀́𝐶𝑊 , is estimated to be 4.3 g (4.3 mL) per liter of processed volume according to,
𝑀́𝐶𝑊 = 𝑐
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𝑄

𝑝 ∙∆𝑇

where 𝑄 is the amount of heat required to chill the water (which is equal to the amount of

heat required to vaporize the heptane, 0.17 kJ per liter of growth volume processed), 𝑐𝑝 is

the specific heat capacity of water (4.18 kJ/(kg-K)), and ∆𝑇 is the temperature difference

required for the chilled water (9.4 °C). Per liter, 39.4 kJ are required for chilling (9.4 °C,
4.18 kJ/(kg-K)) and an ideal vapor-compression refrigeration cycle is assumed to remove
the heat from the water (coefficient of performance of 3.97), resulting in a compressor
energy requirement of 9.9 kJ per L of chill water. The embedded energy in the chilled
water includes the energy to provide the water (1.33 kJ/L [383]) and the energy
consumed for chilling (9.9 kJ/L). The total energy embedded in the chilling water is
therefore 48.6 J per L of processed volume (the product of 4.3 mL of water consumed
and 11.23 kJ/L of embedded energy).
With all of these reductions, the total energy input for the Reduced Case is estimated
at 32 kJ/L, which is two orders of magnitude less than the energy consumption for
Batches 1-5. If the same biocrude and biomass production as in the experiments can be
achieved (the feasibility of which is not known), the EROI can be represented as,
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𝐸𝑅𝑂𝐼𝑅𝐶 =

0.0021∙𝜑𝑟𝑒𝑓𝐵𝑂 ∙ 𝜈𝐵𝑂 +0.165∙𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ∙𝜈𝐵𝑀𝐹
32+𝐸�́
𝑅

If the unknown terms in Equation 4-20 are estimated with the same values as for
Equation 4-16 (𝜑𝑟𝑒𝑓𝐵𝑂 = 1, 𝜈𝐵𝑂 = 40 𝑀𝐽/𝑘𝑔, 𝐸�𝑅𝐵𝑂 = 4.6 𝐽/𝐿, 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 = 0.25,
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𝜈𝐵𝑀𝐹 = 55 𝑀𝐽/𝑘𝑔, and 𝐸�𝑅𝐵𝑀𝐹 = 0.23 𝑘𝐽/𝐿), the EROI for the Reduced Case would be
0.074. This result indicates that the energy productivity needs to be increased by more

than an order of magnitude or the energy inputs need to be further reduced by more than
an order of magnitude to have net positive energy production from algae with the system
modeled in this scenario. Using the same quality factors as described above for the
experimental results, the quality-adjusted EROI for the Reduced Case was determined to
be 0.013.
The growth and processing energy inputs for the Highly Productive Case are
estimated to be 73 kJ/L, which is about twice as much as that for the Reduced Case, and
primarily due to increased indirect energy consumed by nutrients required to produce
more algal biomass. Based on the nomenclature defined in [1], the direct energy output
for the Highly Productive Case is calculated as,
́ 𝐵𝑂 + 𝐸𝐷
́ 𝐵𝑀𝐹 [𝐽/𝐿]
́ 𝑜𝑢𝑡 = 𝐸𝐷
𝐸𝐷
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́ 𝑜𝑢𝑡 = 𝑃𝐺𝑀 ∙ 𝑡𝑐 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ �𝜑𝑠𝑒𝑝 ∙ 𝜑𝑟𝑒𝑓 ∙ 𝜈𝐵𝑂 + (1 − 𝐿𝐹) ∙ 𝜑𝑠𝑒𝑝 ∙
𝐸𝐷
𝐵𝑂
𝐵𝑆

𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ∙ 𝜈𝐵𝑀𝐹 )

𝐽

�𝐿 �

with 𝐿𝐹 = 0.3, 𝑈𝐿𝐹 = 1, 𝜑ℎ𝑎𝑟𝑣 = 0.9, 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 = 0.95, 𝜑𝑠𝑒𝑝𝐿∙ 𝜑𝑠𝑒𝑝𝑈𝐿 = 0.9, 𝜈𝐵𝑂 =

40 𝑀𝐽/𝑘𝑔, 𝜑𝑟𝑒𝑓𝐵𝑂 = 0.9, 𝜑𝑠𝑒𝑝𝐵𝑆 = 1, 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 = 0.25, and 𝜈𝐵𝑀𝐹 = 55 𝑀𝐽/𝑘𝑔. This
yields,
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́ 𝑜𝑢𝑡 = 8.31 + 8.30 �𝑘𝐽� = 16.61 𝑘𝐽/𝐿
𝐸𝐷
𝐿

Therefore, using an 𝐸�𝑅 = 2.13 𝑘 𝐽/𝐿, the EROI can be represented as,
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16.61

𝐸𝑅𝑂𝐼𝐻𝑃𝐶 = 72.92+2.13 = 0.22

Using the same quality factors as described above for the experimental results, the
quality-adjusted EROI for the Highly Productive Case was determined to be 0.36. The
quality-adjusted EROI is greater than the non-adjusted result because 78% of the energy
input is associated with CO2, which has a relatively low quality factor of 2.1, while the
energy outputs have relatively high quality factors. This result is in contrast with the
Experimental Case and the Reduced Case, where electricity (with high quality) was the
primary energy input.
Table 4-4. Quality-adjusted Experimental Case results, Reduced Case results, and the
Highly Productive Case results.

568

Quality
Adjusted
Experiments
Energy
(kJ/L)
74,000
1440

Quality
Factors
�́ 𝑮
Growth Total, 𝑬
Water

Reduced
Case
Energy
(kJ/L)
28.5
0.07

Quality
Adjusted
Reduced
Case
(kJ/L)
522
37.7

Highly
Productive
Case
Energy
(kJ/L)
64.4
0.07

Quality
Adjusted
Highly
Productive
Case
(kJ/L)
302
37.7

CO2

2.14

147

15.1

32.4

58.6

126

Urea

8.96

100

1.07

9.62

4.13

37.0

Phosphorus

27.4

5.69

0.09

2.51

0.35

9.65

Instant Ocean Salts

11,100

24700

0.00

0.00

0.00

0.00

Antibiotics

14,300

1350

0.01

202

0.00

67.4

Lighting

19.5

16800

0.00

0.00

0.00

0.00

Compressor

19.5

7660

0.00

0.00

0.00

0.00

Transfers

19.5

15.9

0.00

0.00

0.00

0.00

Mixing

19.5

20600

12.2

237

1.24

24.1

Greenhouse Fans

19.5

1180

0.00

0.00

0.00

0.00

2.78
0.96

25.8
18.6

8.04
0.96

46.4
18.6

�́ 𝑯
Harvesting Total, 𝑬
Pump from Pond

19.5

445
35.1

Centrifuge

19.5

272

0.00

0.00

0.00

0.00

Centrifuge Pump

19.5

136

0.00

0.00

0.00

0.00
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Table 4-4 (continued)

Flocculants
�́ 𝑪𝑳
Cell Lysing Total, 𝑬
Power Supply
�́ 𝑺
Separations Total, 𝑬
Vacuum Pump

Quality
Factors
3.93

Quality
Adjusted
Experiments
Energy
(kJ/L)
0.00

Reduced
Case
Energy
(kJ/L)
1.82

Quality
Adjusted
Reduced
Case
(kJ/L)
7.17

Highly
Productive
Case
Energy
(kJ/L)
7.08

Quality
Adjusted
Highly
Productive
Case
(kJ/L)
27.8

19.5

74.1
68.4

0.21
0.21

4.09
4.02

0.21
0.21

4.09
4.02

19.5

4820
315

0.24
0.00

31.5
0.06

0.24
0.00

30.9
0.06

Stage 1 Heater

19.5

110

0.18

3.60

0.18

3.60

Chilled Water

568

2230

0.05

27.6

0.05

27.0

Heptane Loss

51.3

2090

0.00

0.25

0.00

0.25

2.66

0.67
0.01

0.24
0.00

0.67
0.01

2.13
0.46

8.84
1.22

Refining Materials

6.40

0.06

0.01

0.06

0.85

5.41

Biomass Fuel Refining
Total Input, 𝑬́𝒊𝒏

2.66

0.60

0.23

0.60

0.83

2.21

79300

32.0

584

75.1

392

�́ 𝑹
Refining Total, 𝑬
Bio-oil Refining

Bio-oil

14.5

1.22

0.08

1.22

8.31

120

Methane

2.66

6.08

2.29

6.08

8.30

22.1

Total Output (kJ/L), 𝑬́𝒐𝒖𝒕
EROI

7.31

2.37

7.31

16.6

142

9.2 x 10-5

0.074

0.013

0.22

0.36

Literature Model Results
The Literature Model of the EROI is a spreadsheet model that combines data from
studies in the literature that are relevant to this study. Table 4-5 lists the data used and
the associated references for each data point. The majority of literature sources report
energy consumption and production data as rates for a continuous system (e.g., MJ/(hayr)). All of the energy data was converted into units of J/(L-d) and the non-energy input
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data were similarly converted into units such as mL/(L-d) or mg/(L-d). In these units, L
represents liters of growth volume and an inverted apostrophe accent (𝑋̀) is used to

represent data in units of J/(L-d). In order to compare directly with the experimental
results, the analytical results would need to be converted from units of J/(L-d) to J/L by
multiplying by the cultivation duration. However, the multi-scale growth scenario and
batch processing methods used at UT make this approach an inconsistent comparison.
Furthermore, the UT results include burdens associated with start-up operations required
to scale-up algal growth from the flask volume to a pond volume, which are not included
in the analysis used for the analytical model data. For these reasons, the analytical data
were left in the rate form of J/(L-d).
The energy consumed in the Literature Model for growth, harvesting, cell lysing,
lipid separations, and refining account for 65%, 5%, 4%, 15%, and 11%. As for the
experimental results, growth is the most energy intensive portion of the production
pathway, followed by lipid separation.
CO2 consumption is responsible for 54% of the total energy input in the Literature
Model (as compared to 47% and 78% in the Reduced Case and Highly Productive Case),
while only consuming 2.7% of the experimental energy consumption. The Literature
Model estimates CO2 consumption to be 0.2 g/(L-d), which corresponds to 2.5 kg of CO2
per kg of algae (compared to 36 kg/kg in the Experimental Case and 8 kg/kg in the
Reduced and Highly Productive Cases).
Using energy production and consumption rates (in units of J/(L-d)), rather than
amounts (in units of J/L), the EROI for the analytical data can be calculated as,
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𝐸𝑅𝑂𝐼 = (𝐸𝐷
̀

𝑃𝐵𝐶 ∙𝜑𝑟𝑒𝑓𝐵𝑂 ∙ 𝜈𝐵𝑂 +𝑃𝐵𝑆 ∙𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ∙𝜈𝐵𝑀𝐹

̀ 𝑖𝑛 +∑𝑘 𝛾𝑘 𝐼̀𝑘 )𝑃 +(𝐸𝐷
̀ 𝑖𝑛 +∑𝑘 𝛾𝑘 𝐼̀𝑘 )𝑅
𝑖𝑛 +∑𝑘 𝛾𝑘 𝐼̀𝑘 )𝐺 +(𝐸𝐷

where 𝑃𝐵𝐶 is the biocrude productivity and 𝑃𝐵𝑆 is the biomass in slurry productivity. The

biocrude productivity is calculated according to,
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𝑃𝐵𝐶 = 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝

𝑔

[𝐿−𝑑]

and the biomass in slurry productivity (in g of algal mass per L per d) is,
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𝑃𝐵𝑆 = 𝑃𝐺𝑀 ∙ (1 − 𝐿𝐹) ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝𝐵𝑆

𝑔

[𝐿−𝑑]

where each of these terms is listed in Table 4-3 (and defined in [1], except 𝜑𝑠𝑒𝑝𝐵𝑆 which

is the biomass (in slurry) separations efficiency. This term is defined as the mass of algal
biomass in the post-extraction slurry divided by the lysed mass.). The separations
efficiency, 𝜑𝑠𝑒𝑝 , contains the lipid fraction, 𝐿𝐹, and the useful lipid fraction, 𝑈𝐿𝐹. The
refining energy inputs (per liter of growth volume per day) include the bio-oil refining,
𝐸�̀𝑅𝐵𝑂 , and biomass fuel refining, 𝐸�̀𝑅𝐵𝑀𝐹 , such as,
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𝐽
̀ 𝑖𝑛 + ∑𝑘 𝛾𝑘 𝐼̀𝑘 )𝑅 = 𝐸�̀𝑅 + 𝐸�̀𝑅
𝐸�̀𝑅 = (𝐸𝐷
[𝐿−𝑑]
𝐵𝑂
𝐵𝑀𝐹

Inserting the data from Table 4-3 into Equation 4-25 yields an EROI of,
4-29

𝐸𝑅𝑂𝐼 =

0.006 �

𝑔
𝑔
�∙ 𝜈𝐵𝑂 +0.013[
]∙𝜈
𝐿−𝑑
𝐿−𝑑 𝐵𝑀𝐹

2700 [𝐽/(𝐿−𝑑)]

If the unknown terms in Equation 4-29 are estimated by optimistic values (𝜈𝐵𝑂 =

40 𝑀𝐽/𝑘𝑔 and 𝜈𝐵𝑀𝐹 = 55 𝑀𝐽/𝑘𝑔) the EROI for the Literature Model would be 0.35.
Since the energy forms of the Literature Model inputs are not specified, a qualityadjusted EROI was not calculated.
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Table 4-5. Literature Model EROI data.

Inputs and Outputs
�̀
Growth Energy, 𝑬

Model
Value

Energy
Equiv.1

𝑮

Total
Energy
(J/
(L-d))
1800

% of
Total
65

Mixing (J/(L-d))

100

1 MJ/MJ

100

4

Water Supply (Surface to
Pond)2 (J/(L-d))

20

1 MJ/MJ

20

1

Nutrient Supply (J/(L-d))

2

1 MJ/MJ

2

0

Carbon Supply (J/(L-d))

40

1 MJ/MJ

40

1

0.2

1.33 kJ/L

0.3

0

Direct Water Use3
(mL H20 consumed/L/d)
Nutrients
Nitrogen (mg/(L-d))

59 MJ/kg

130

5

Phosphorus (mg/(L-d))

0.5

44 MJ/kg

22

1

CO2 (mg/(L-d))

200

7.33
MJ/kg

1500

54

0.16 - 0.238 [29], 0.33 [85]

80

-

-

Lipid Fraction (-), 𝑳𝑭

0.23

-

-

Useful Lipid Fraction (-), 𝑼𝑳𝑭

0.50

-

-

40

1 MJ/MJ

211

1.6 - 2.2 [29], 0.7 - 3.9 [85], 10
[368], 60 [369], 0.56 [371], 5
[370], 0.01 [325]
0.2 - 0.3 [29], 0.2 – 0.6 [85], 0.6
[368], 8.2 [369], 0.06 [371], 0.7
[370], 0.0008 [325]
255 - 510 [83], 34 - 47 [29], 130 150 [85], 240 [368], 170 [371],
113 [370], 0.0004 [325]
50 - 170 [19], 95 - 300 [83], 19 26 [29], 64 - 83 [85], 80 [368], 35
[112], 410 [369], 100 [371], 83
[370], 200 [325], 70 [378], 550
[105]
0.25 [98], 0.22 [2], 0.3 [112], 0.5
[369], 0.5 [325], 0.25 [378],0.23
[105], 0.15 [84], 0.21 - 0.25 [390],
0.16 – 0.75 [92], 0.18 – 0.39 [85],
0.2 – 0.35 [368]
0.4 [368], up to 0.8 [98], 1 (In LF)
[378], 0.2 – 0.4 [368]

4

�̀ 𝑯
Harvesting Energy, 𝑬
Pumping Energy (J/(L-d))

22 [83], 50 [390], 31 - 53 [391],
6.4 [29], 100 [85], 28 – 240 [368],
346 (4,800 – 220,000 bioreactors)
[112], 674 [369], 72 [371], 60
[370], 130 [325], 58 [378]
1.1 [391], 43 [390], 7.7 [29], 12
[368]
2.0 [391], 2.6 [390], In Mixing
[369]
120 [391], 11 (In Mixing) [85], 6.6
[370], 35 [325], 0 [29], In Mixing
[369]

3

Biomass Productivity
(mg/(L-d)), 𝑷𝑮𝑴

Data, [Source]

140

5

40

1

46 [370], 37 [368]

Table 4-5 (continued)

Model
Value

Energy
Equiv.1

Total
Energy
(J/
(L-d))

100

1 MJ/MJ

100

4

Drying Energy (J/(L-d))

05

1 MJ/MJ

0.00

0.00

Flocculants (mg/(L-d))

05

NA

0.00

0.00

0.90

-

-

Inputs and Outputs

% of
Total

5

Concentration Energy
(J/(L-d))

Harvesting Efficiency (-)
�̀ 𝑪𝑳
Cell Lysing Energy, 𝑬
6
Lysing Electricity
Lysing Efficiency

�̀ 𝑺
Separations Energy, 𝑬
Electricity (J/(L-d))

100

4
4

100

1 MJ/MJ

100

0.92

-

415

15

1 MJ/MJ

100

4

Heat (J/(L-d))

300

1 MJ/MJ

300

11

Solvent (mg/(L-d))

0.35

41.75
MJ/L

15

1

Fraction of Lipids Recov.

0.90

150

Methanol (mg/(L-d))

2

Refining Efficiency

0.90

Biomass Fuel Refining
�̀ 𝑹
Energy, 𝑬
𝑩𝑴𝑭
Biomass Refining Energy
(J/(L-d))
Biomass Refining Efficiency

-

1 MJ/MJ
40.7
MJ/kg7
-

90 [354]
0.92 cf. Table 4-1

100

Bio-oil Refining Energy,
�̀ 𝑹
𝑬
𝑩𝑶
Refining Energy (J/(L-d))

Data, [Source]
11 [29], 92 [85], 237 [368], 500
[369], 13 [370], 0 [325], 63 [390],
37 [391]
1,135 [85], 4,200 [368], 0 [325]
38 - 50 [85], 0.24 [371], 0.16
[368]
0.9 [85], 0.85 [368], 0.95 [325],
0.95 [392]

17 - 83 [85], 206 [369], 5.3 [378]
76 - 221 [85], 641 [369], 210
[378]
0.16 - 0.54 [85]
0.7 [85], 0.9 [368], 0.9 [369]

230

8

150

5

8.8 – 21 [85], 428 [369]

80

3

1.1 – 2.7 [85], 0.02 [369]

-

NA

70

3

70

1 MJ/MJ

70

3

70 [377]

0.25

-

-

-

0.25 [377]

2700

100

�̀ 𝒊𝒏
Energy Input (J/(L-d)), 𝑬
Output

Bio-oil (g/(L-d)),

0.006

40 MJ/kg
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250

0.006 [368], 0.16 [369], 660 J/(Ld) [378]10

Table 4-5 (continued)

Inputs and Outputs
Methane (g/(L-d))

Model
Value

Energy
Equiv.1

Total
Energy
(J/
(L-d))

0.013

55 MJ/kg

700

Energy Output (J/(L-d)), 𝑬̀𝒐𝒖𝒕

% of
Total

Data, [Source]
350 J /(L-d)9 [371], 630 J/(L-d)
[378]10

950

EROI

0.35

cf. [29, 85, 325, 368-371]

1

References listed in Table 4-2.
It is assumed that water is available at the ground surface (e.g., seawater). Energy for
recycling water is neglected (which could potentially be accomplished by gravity).
3
Indirect water use is omitted from this study, although it is a large contribution in other
studies (e.g., Clarens et al., 2010).
4
This volumetric productivity (0.08 g/(L-d)) corresponds to an areal productivity of 16
g/m2/d, which has been demonstrated at scale.[2]
5
Harvesting is modeled as centrifugation without flocculation or additional drying.
6
Lysing energy is estimated from personal experience, assuming 200 J/pulse and a
grown mass productivity of 0.08 g/(L-d).
7
8
9
[389]
Only includes carry-out water
Electricity produced from methane
10
Case 5 is used for Lundquist et al.
2

DISCUSSION
This study presents the first known experimental results with end-to-end
measurements for determining the EROI for an integrated algal biocrude facility.
Although the EROI was significantly less than 1 for the biocrude production process
evaluated here, it is the result for a single, research system that was not designed to
optimize EROI. However, the less-than-unity EROI results for the Reduced Case, Highly
Productive Case, and the Literature Model also support the need to develop alternative,
energy-efficient production methods. As noted, the majority of the energy consumption
in all four calculations is from growth.
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In addition to reducing many of the high energy inputs, it is reasonable to expect algal
productivity and lipid yields to be increased. For Batches 1-5, the grown mass
productivity was roughly 0.002 g/(L-d), which is 40 times less than yields that have been
demonstrated at similar scales (e.g., 0.08 g/(L-d)) [2]. Similarly, based on
chromatography analysis (not shown), the neutral lipid fraction of the algae processed in
Batches 1-5 was a mere 0.02 (i.e., 2% of dry cell weight).
As shown above, for the Highly Productive Case the energy output is 16.6 kJ/L of
growth volume. Therefore, for a system operating under these conditions, the total
energy input for growth, processing, and refining must be less than 16.6 kJ/L to obtain an
EROI that is greater than 1. This result illustrates the challenge for profitable algal
biofuel production and the need for ultra-low energy methods, as even the speculative
Reduced Case energy input was estimated to be 32 kJ/L.
The energy used for processing (harvesting, cell lysing, and separations), 𝐸�́𝑃 , was

measured to be 118 kJ/L, on average. This amount is 7 times greater than the theoretical
value for the energy production of the growth volume in the Highly Productive Case
(16.6 kJ/L). The centrifuge, itself, consumed nearly as much energy per liter of growth
volume processed (14.0 kJ/L) than the Highly Productive Case output (16.6 kJ/L).
Furthermore, the energy required to pump algae roughly 10 m from the pond for
harvesting was 1.8 kJ/L, on average, which is nearly 11% of the Highly Productive Case
energy production of that volume (16.6 kJ/L). Specific analysis of those steps had
already led the UT team to develop low energy alternatives to centrifugation and to focus
on the minimization of pumping. In the Highly Productive Case, the energy consumption
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for processing and refining, 𝐸�́𝑃 + 𝐸�́𝑅 , was modeled to be 3.58 kJ/L, which is only 22% of
the theoretical energy production (16.6 kJ/L). Therefore, if growth could be

accomplished for less than 13.03 kJ/L of growth volume, the second-order EROI would
be greater than 1.
́ 𝐺𝑉 , is the energy
The volumetric net energy content of the growth volume, 𝑁𝐸𝐶

́ 𝐺𝑉 , minus the energy inputs for growth per
contained in the growth volume per liter, 𝐸𝐶
liter, 𝐸�́𝐺 , and can be expressed as,
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́ 𝐺𝑉 = 𝐸𝐶
́ 𝐺𝑉 − 𝐸�́𝐺 = 𝑃𝐺𝑀 ∙ 𝑡𝑐 ∙ (𝐿𝐹 ∙ 𝜈𝐿 + (1 − 𝐿𝐹) ∙ 𝜈𝐵𝑀 ) − 𝐸�́𝐺
𝑁𝐸𝐶

𝐽

[𝐿 ]

where 𝜈𝐿 is the energy content of the lipids, 𝜈𝐵𝑀 is the energy content of the non-lipid
́ 𝐺𝑉 is a similar metric as the
biomass, and the other terms are defined above. The 𝑁𝐸𝐶
“Net Energy Ratio” defined by Jorquera et al. [112] to evaluate growth systems.

́ 𝐺𝑉 is preferred in this study so as not to confuse it with an end-to-end
However, the 𝑁𝐸𝐶

energy ratio for biofuel production (i.e., the EROI). For the EROI be greater than 1 and
assuming an ideal process (all efficiencies in Equation 4-22 being equal to 1, 𝜈𝐿 = 𝜈𝐵𝑂 ,

and 𝜈𝐵𝑀 = 𝜈𝐵𝑀𝐹 ), Equation 4-16 and 4-30 can be combined and manipulated to be,
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𝐸�́𝑃 + 𝐸�́𝑅 ≤ 𝑁𝐸𝐶̇ 𝐺𝑉

(𝑓𝑜𝑟 𝐸𝑅𝑂𝐼 ≥ 1 𝑎𝑛𝑑 𝑎𝑠𝑠𝑢𝑚𝑖𝑛𝑔 𝑖𝑑𝑒𝑎𝑙 𝑝𝑟𝑜𝑐𝑒𝑠𝑠𝑖𝑛𝑔)

Therefore, for energy to be produced from algae, assuming an ideal process (i.e., 100% efficiency
throughout), the volumetric net energy content of the growth volume must be greater than the
processing and refining energy requirements per liter of growth volume. For energy production
in real pathways, the net energy content of the growth volume must be significantly greater than
the processing and refining energy requirements to compensate for processing inefficiencies and
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useful product fractions (cf. Equation 4-22). Increasing the biomass productivity, lipid content,
and processing efficiencies of Equation 4-22 would result in a greater energy output, therefore
allowing a greater energy input while achieving an EROI of 1. As a theoretical case, the
photosynthetic limit for the maximum algal biomass productivity, 𝑃𝐺𝑀 , can be estimated to be
~184 g/(m2-d), which is ~0.92 g/(L-d) in a 0.2 m deep pond (cf. Chapter 7 and [381]). As

optimistic assumptions, the lipid fraction (𝐿𝐹) and useful lipid fraction (𝑈𝐿𝐹) can be estimated as
0.3 and 1, respectively. Inserting these data into a modified form of Equation 4-22 (omitting the
cultivation time (𝑡𝑐 ), which results in units of J/(L-d)) yields,

4-32
𝑔
̀ 𝑜𝑢𝑡 = 0.92 �
� ∙ 0.9 ∙ 0.95 ∙ (0.3 ∙ 1 ∙ 0.9 ∙ 0.9 ∙ 40[𝑘𝐽/𝑔] + (1 − 0.3) ∙ 1 ∙ 0.25
𝐸𝐷
𝐿−𝑑
∙ 55[𝑘𝐽/𝑔])
̀ 𝑜𝑢𝑡 = 15.2 � 𝑘𝐽 �
𝐸𝐷
𝐿−𝑑
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This result is similar to that reported for the Theoretical Optimum Case in Chapter 7.
To achieve this biomass productivity, additional carbon, nitrogen, and phosphorus would
be required. For each kg of algae, the minimum possible CO2, nitrogen, and phosphorus
consumption can be approximated as 1.8 kg, 70 g, and 8 g, respectively (cf. Chapter
7).[19, 29, 85, 86, 368, 371] Using these data, and the energy equivalent values for each
nutrient as listed in Table 4-2, the energy input for nutrients can be calculated as,
4-34

𝑔𝐺𝑀
𝑔𝐶𝑂2
𝑘𝐽
𝑔𝑁
𝑘𝐽
� ∙ (1.8 �
� ∙ 7.33 �
� + 0.07 �
� ∙ 59 � �
𝐿−𝑑
𝑔𝐺𝑀
𝑔𝐶𝑂2
𝑔𝐺𝑀
𝑔𝑁
𝑔𝑃
𝑘𝐽
+ 0.008 �
� ∙ 44 � �)
𝑔𝐺𝑀
𝑔𝑃
𝑘𝐽
̀ 𝑖𝑛
𝐸𝐷
= 16.3 �𝐿−𝑑�
𝑛𝑢𝑡𝑟𝑖𝑒𝑛𝑡𝑠

̀ 𝑖𝑛
𝐸𝐷
= 0.92 �
𝑛𝑢𝑡𝑟𝑖𝑒𝑛𝑡𝑠
4-35
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Therefore, the embedded energy expense in CO2 and nutrients would require more
energy than the total energy produced (Equation 4-33). This result can be calculated as
the ratio of Equation 4-32 and 4-34, and is therefore independent of the biomass
productivity, but is dependent on production efficiencies (including the lipid fractions).
This result demonstrates the need to acquire usable waste forms of carbon, nitrogen, and
phosphorus, which have energy equivalent values near zero (because little or no energy is
required to obtain the nutrients). The actual energy embedded in CO2 and nutrients of
any real algal production system will depend on the specific methods used to produce and
acquire those materials. Using atmospheric carbon dioxide could also reduce the indirect
energy input, but would likely reduce the biomass productivity.
These results highlight the reason why the nascent industry is focusing on the
development of low-energy input, high-energy output algal growth and processing
methods. While the discussion in this section considers a break-even scenario in which
the EROI is equal to 1 (cf. Equation 4-31), for algal fuels to be economically competitive,
the EROI must be comparable to that of current energy sources (i.e., fossil fuels, nuclear,
wind, and solar). Ways to improve the EROI (beyond the Reduced Case and Highly
Productive Case scenarios) include: 1) using waste forms of nitrogen and phosphorus
(e.g., wastewater and animal waste) [29, 369, 378], 2) using waste heat and flu-gas CO2
from industrial plants [325], 3) minimizing pumping [393], 4) employing less energyintensive harvesting methods [34-36], and 5) avoiding separation methods that require
distillation. However, Lundquist et al. determined that relying on cheap waste materials
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as feedstocks relegates algal biofuel production to relatively low levels of production (a
few percent of U.S. demand).[378]

LIMITATIONS
It is important to re-state the limitations of this study. First of all, this work focused
on developing and assessing a process to determine EROI for algal biofuels. There was
not a system available for study that provided a representative surrogate for future
commercial processes. So, this study characterized the EROI for a functional research
process. It is expected that technology improvements, biology improvements, and
industrial synergies (e.g., the use of wastewater nutrients or CO2 from power plants) will
enable algal biofuel production with a more favorable EROI.
In addition, for a variety of reasons related to the research goals of the project, UT did
not incorporate its most efficient processes into this investigation. Consequently, the
experimental data are a reflection of energy consumption during these specific tests.
They are not typical of even the full UT process, as some of the UT processes are
licensed to a company and could not be disclosed in this investigation.
Also, these results are limited to the operating energy balance, and do not include
capital energy expenses. Clearly, direct capital energy expenses (earthworks, water
supply, etc.) and materials (pond liners, processing equipment, etc.) will significantly
impact the overall life-cycle assessment and “cradle-to-grave” energy balance for algal
biofuel production. Lundquist et al. provide a thorough analysis of capital costs for a
similar algal biofuel production system, which are roughly 50% of the total cost for the
biofuel production cases presented in that study (cf. Case 5).[378]
218

Finally, the growth

scenario evaluated here includes scale-up burdens associated with cultivating algae from
small scale (flasks) to large scale (2500 L pond), and commercial production is
envisioned as a continuous, large-scale process.
The value of this study, in our opinion, is to provide an initial result for the operating
EROI associated with algal biofuel production and to outline many of the important
parameters that need to be included in such an analysis. As production is scaled-up, algal
biofuels have the potential to experience exponential improvements in energy efficiency,
analogous to the advances made in solar and wind technology over the last several
decades.

CONCLUSION
With significant rigor and effort it is possible to experimentally assess the energy
return on energy investment for algal biofuel production. Such assessments on operating
facilities will likely remain proprietary for an extended time, because making them public
requires revealing significant information about what are generally perceived as
proprietary processes. Such assessments are critical, however, to help identify and
eliminate process inefficiencies. This assessment of a research facility shows an
approach and the information required.
The results of the four cases presented in this study are summarized in Table 4-6. As
shown, the EROI for all four cases was determined to be less than unity. Furthermore,
the quality-adjusted EROI, which parallels a partial FROI analysis, was also less than
unity for all cases. However, it is most important that the cumulative EROI for an entire
energy profile is greater than unity, including the contributions from all energy sources
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(e.g., fossil fuels, solar energy, wind energy, biofuels, etc.), while providing the necessary
fuels for essential services (i.e., transportation, industry, defense, etc.). Therefore,
although the EROI for algal fuels might remain less than one in the foreseeable future,
algae represent one of the most promising petroleum fuel substitutes, particularly for high
energy density fuels, such as aviation fuel. Therefore, algal fuels have the potential to
satisfy some of these niche markets.
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Table 4-6. Summary of Results

Bioreactors,
tanks, and
ponds

Growth
Inputs,
𝐸�𝐺

2500 kJ/L

Processing
Inputs,
𝐸�𝑃
97 kJ/L

0.24 kJ/L

Bioreactors

29 kJ/L

3.2 kJ/L

Inputs estimated,
Highly
optimistic
Bioreactors
Productive
production outputs

64 kJ/L

1.62 kJ/L-d

Case

Description

Growth
System

Experimental

Inputs and outputs
measured

Reduced
Inputs

Inputs estimated,
experimental
outputs

Literature
Model

Data based on
values reported in
the literature

NA

Refining
Inputs,
𝐸�𝑅

EROI

Quality
Adjusted
EROI

2.37 kJ/L
(0.26 g/L, ~1.8% LF)

9.2 x 10-4

9.2 x 10-5

0.24 kJ/L

2.37 kJ/L
(0.26 g/L, ~1.8% LF)

0.079

0.013

8.5 kJ/L

2.1 kJ/L

16.61 kJ/L
(1 g/L, 30% LF)

0.22

0.36

0.72 kJ/L-d

0.32 kJ/L-d

0.96 kJ/L-d
(0.08 g/L-d, 23% LF,
50% ULF)

0.35

NA

221

Energy Output,
𝐸𝐷𝑜𝑢𝑡

APPENDIX 4A. GROWTH PROCESS

Figure 4-5. Growth volume transfer diagram. The L reactors were inoculated from bench top
flasks. Each transfer correlates to those listed in Table 4-8. For example, the 9th transfer from
L2 went to G2 and is labeled as L2-9.
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Table 4-7. Key for volume transfers shown in Figure 4-5.
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Table 4-7 (continued)

224

APPENDIX 4B. DATA COLLECTION AND UNCERTAINTY ANALYSIS
This section describes the methods and equipment used to measure the direct and indirect
energy flows and describes the uncertainty in the results presented in Table 4-2 and Table 4-3 for
growth and processing. There are two types of inputs during growth: discrete inputs (e.g., water,
nutrients, etc.) and continuous (or daily) inputs (e.g., CO2, mixing energy, bioreactor lighting,
etc.). The discrete inputs were measured upon addition. The daily total amount of each
continuous input was calculated for each growth volume. For days in which continuous inputs
were not measured (e.g., weekends), averaged data were used to estimate the consumption for
that day, because growth conditions were very similar from day-to-day.
All inputs were allocated to transfers by relative volume. For example, if 20 g of salt were
added to L5 on day 10, and 50% of L5 was transferred to G2 on day 11, 10 g of the salt added on
day 10 would be allocated to G2 with this transfer. All inputs from previous days would be
allocated similarly, using the allocation matrix of Table 4-8. As an example, the amount of
water allocated to the third transfer from L1 (L1-3, which transferred 10 L on 3/12, which is
16.7% of L1) is calculated as,
4-36

𝐶𝑂2 𝐿1−3 = 0.167 ∙ (0.42 ∙ 60 + 0.83 ∙ 30 + 1 ∙ 10) = 10 𝐿

Thus, in this 10 L of transfer, some is contributed from the initial 60 L of water added (added
1/26, of which 42% was remaining in L1), some is contributed from the second addition of 30 L
(added 2/8, of which 83% was remaining in L1), and some is contributed from third water
addition of 10 L (added 3/10, of which 100% was remaining in L1).
Additions to each growth volume were made in the form of transfers from other growth
volumes (and thus containing embedded amounts of each input) and as direct additions to that
growth volume. All of these additions are listed in Table 4-9. For example, in the L2 reactor,
several inputs (water, CO2, lighting, etc.) were consumed directly during the period of 3/12-3/17.
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In addition, embedded inputs were added from the L1-3 transfer of 10 L from L1 to L2 on 3/12.
In this way, the amount of each input that is consumed in the smaller growth volumes is
embedded into the total amount allocated to the batches of Batch 1-Batch 5.
It is important to note that although there is significant uncertainty associated with this largescale, long-term experiment, there is also significant variability. Variability refers to applying
different conditions throughout the experiment, and is characterized by the standard deviation of
results, as shown in Table 4-3. Furthermore, no single production pathway can represent all
future pathways. Different systems may use different equipment and processing methods,
resulting in pathway-to-pathway variability. With that in mind, this section focuses on
measurements and measurement uncertainty.
The method for calculating uncertainty in each result is to calculate uncertainty for the
cumulative amount of that input for each time period in each growth volume. The amount of
each input was measured or estimated in each growth volume every day during the cultivation
period (below, the amount of an arbitrary input, 𝐼, consumed per growth volume per day is
denoted as 𝐼𝑉,𝑡 ). The uncertainty in each daily measurement was determined using the

propagation of error method for each component in that measurement and includes random

errors (yielding an uncertainty in the amount of each input consumed each day in each reactor,
𝑢𝐼𝑣,𝑡 ). This method is,
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1/2

𝑢𝐼𝑣,𝑡 = ±�∑𝐿𝑖=1(𝜃𝑖 𝑢𝑥̅ 𝑖 )2 �

where 𝑖 is each variable in the calculation of 𝐼, 𝜃 is the partial derivative of 𝐼 with respect to 𝑖,

and 𝑢𝑥̅ 𝑖 is the uncertainty in the average value of 𝑖. Several examples are provided below. These

daily uncertainty values were combined using the RSS method to determine the total uncertainty
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in the consumption of that input assigned to a volume transfer, 𝑢𝐼𝑡𝑟𝑎𝑛𝑠 , (e.g., the amount of an
input allocated to 20 L of L5 transferred to G2),

4-38

1/2

2
𝑢𝐼𝑡𝑟𝑎𝑛𝑠 = ±�∑𝐾
𝑡=1(𝑢𝐼𝑣,𝑡 ) �

In Equation 4-38, the summation is applied over time, where 𝑡 is measured in days (day 1, 2,

3, etc.) and 𝐾 represents the number of days between transfers. The uncertainty values

associated with transfers for each input were inserted into the uncertainty allocation matrix
(Table 4-8), using the same fractions that were used to allocate consumption among the batches
processed (i.e., Batch 1-Batch 5). Using this matrix, the uncertainty of the consumption of each
input for each batch could be determined (e.g., the uncertainty in the total CO2 consumed for
Batch 1, 𝑢𝐶𝑂2𝐵𝑎𝑡𝑐ℎ1 ). This method is a conservative estimate of the uncertainty because it sums

all of the uncertainty measurements for each transfer (𝑢𝐼𝑡𝑟𝑎𝑛𝑠 ) and assigns some portion of this

total to each batch (according to the culmination of volume transfers throughout processing). A
lower total uncertainty would be calculated if each of the transfer uncertainty values (𝑢𝐼𝑡𝑟𝑎𝑛𝑠 )

were assumed to be random and were combined using the RSS method.

In addition, the measurement and uncertainty of each output is described along with the
calculation of the total uncertainty in the EROI for each batch.
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Table 4-8. Energy and Uncertainty Allocation Matrix. The allocation fractions are shown in the
triangular array. This allocation matrix was applied to all growth inputs (water, CO2, lighting,
etc.), however, only the water consumption data is shown here (in liters of water used). The
transfers (e.g., L1-1, L1-2, etc.) are illustrated in Figure 4-5.
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Table 4-8 (continued)
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Table 4-8 (continued)
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Table 4-8 (continued)

Table 4-9. Amount of each input added during each period for all growth volumes during the
cultivation of Batch 1-Batch 5. Additions were made as transfers from other volumes (e.g., L13) or direct additions to the growth volume (e.g., X126-208).
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Table 4-9 (continued)
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Table 4-9 (continued)
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Table 4-9 (continued)
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Table 4-9 (continued)
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Discrete Inputs
Water
Fresh water from public utility was added to each growth medium as needed. The total
amount of water consumed for Batch 1-Batch 5 (and the amount processed), respectively, was
1986 L (947 L), 2065 L (974 L), 3181 L (1889 L), 4581 L (1893 L), and 2377 L (1941 L). The
difference between consumption and amount processed results from water lost to evaporation
during growth (from the G tanks and P ponds). The uncertainty for water consumed by each
batch was, 389 L, 404 L, 1292 L, 852 L, and 586 L, for Batch 1 - Batch 5, respectively. This
corresponds to 19% – 41% of the direct water consumption during growth for these batches.
Because water has a low energy equivalent value, these uncertainties translated to an uncertainty
in the energy consumed indirectly by water inputs of only ~0.6 kJ/L of growth volume
processed, on average.
Airlift Bioreactors (L’s): Water inputs were measured using a ruler on each reactor with
resolution of 10 L, resulting in a zero-order measurement uncertainty of ±5 L. This is the value
for 𝑢𝐻2𝑂𝑣,𝑡 for all days with water additions because no more than one addition was made each

day. The uncertainty associated with water consumption embedded in each transfer, 𝑢𝐻2𝑂𝑡𝑟𝑎𝑛𝑠 , is

calculated according to Equation 4-38 above.

Greenhouse Tanks (G’s): Up to 379 L of water were added on a given day to the greenhouse
tanks, and these volumes were estimated roughly by the change in culture depth. However, the
tanks have variable cross sections and an accurate depth-to-volume correlation was not known at
the time of water addition. The depth-to-volume ratio was subsequently determined to be (with
R2 value of 0.9999),
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𝑉 = 0.4346 ∙ 𝐷2 + 37.232 ∙ 𝐷 − 62.34
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where 𝑉 is the liquid volume (in L) and 𝐷 is the water level depth (in inches). The depth of the
algal culture was measured concomitantly on a daily basis in the greenhouse tanks and ponds.
Evaporation was also considered as a factor in daily changes to the culture depth, and the
average daily evaporation rate, averaged across the four greenhouse tanks, was 6.47 L/day (with
σ=1.11 L/d for the four tank average daily evaporation rates). The daily depth measurements
were used to verify the estimated water volume additions that were recorded, and the two
methods correlated within 30% in all instances. Therefore, ±30% is used as a conservative
estimate for the random error associated with water additions to the greenhouse tanks. The
random daily errors were combined using Equation 4-38 to determine the uncertainty in water
associated with each transfer.
Outdoor Ponds (P’s): Up to 757 L of water were added on a given day to the ponds, and these
volumes were estimated roughly by change in pond depth. The depth-to-volume ratio was
subsequently determined to be (with 𝑉 in liters and 𝐷 in inches),
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𝑉 = 228.52 ∙ 𝐷

The change in pond volume as determined by the daily depth measurements and Equation 4-40
were within 30% of the recorded volume transferred during that day for all instances. Therefore,
the measurement error for water added to the P ponds is estimated conservatively as ±30%. The
evaporation rate of the pond was determined to be 22.5 L/d.
Therefore the uncertainty of each water addition to the greenhouse tanks and ponds, 𝑢𝐻2𝑂𝑉,𝑡 ,

was determined to be,
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𝑢𝐻2𝑂𝑉,𝑡 = ±0.3 ∙ 𝑉𝑟𝑒𝑐𝑜𝑟𝑑𝑒𝑑

where 𝑉𝑟𝑒𝑐𝑜𝑟𝑑𝑒𝑑 is the volume of water recorded according to the rough change in depth

estimate. These random uncertainties were then combined using Equation 4-38 and entered into
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the uncertainty allocation matrix of Table 4-8 to determine the total uncertainty in water
consumed for each batch.

Urea
Urea was added in discrete amounts to various growth volumes throughout cultivation (in the
form of aqueous urea (0.78 M) and as a component in F/2 media). The amounts added were
allocated to each batch using Table 4-8, and resulted in total urea consumption for Batch 1-Batch
5, respectively, of 221 g, 230 g, 972 g, 1864 g, and 305 g. The variation in these data reflect
different feeding strategies used during the year. The total uncertainty for urea consumed by
Batch 1-Batch 5 (including the aqueous urea and F/2 contributions) was 1.23 g, 1.28 g, 2.90 g,
6.36 g, and 1.21 g, respectively (representing 0-1% of the total urea consumed in each batch).
This translates to uncertainty in the embedded energy in urea per batch of less than 0.04 kJ/L of
volume processed. The zero-order uncertainty in each aqueous urea dose at 0.78 M was 1 mL,
and these random uncertainties were combined to determine the uncertainty for urea associated
with each transfer using Equation 4-38, and then allocated to each batch (Batch 1-Batch 5) using
the uncertainty allocation matrix in Table 4-8. This total was then added to the uncertainty
associated with urea added as a component of F/2 media (described below).

F/2 Media
F/2 media was added in discrete amounts from a 3150X stock solution throughout
cultivation. The total amount of this 3150X stock solution was tracked throughout growth (and
allocated using Table 4-8) and then used to calculate the mass of each component (i.e., urea,
sodium phosphate monobasic hydrate, etc.) that was consumed in each batch. The total amount
of 3150X stock F/2 media consumed for Batch 1-Batch 5, respectively, was 0.40 L, 0.42 L, 1.87
L, 4.2 L, and 1.42 L respectively. The uncertainty in the consumption of F/2 media, and
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therefore also for each component of F/2 media, for all five batches (Batch 1-Batch 5) was
between 6 mL and 26 mL (0.3 - 1.5% of the total consumed in each batch). This amount
translates to an uncertainty in energy consumption of less than 0.004 kJ/L of volume processed.
The zero-order uncertainty in each dose of stock F/2 media was 1 mL, and these random
uncertainties were combined to determine the uncertainty associated with the amount of stock
F/2 media associated with each transfer using Equation 4-38, and then allocated to each batch
(Batch 1-Batch 5) using the uncertainty allocation matrix in Table 4-8.

B3N Media
One dose of 600 mL of B3N media (1X) was added to the L2 indoor, airlift bioreactor on
3/12/2010. Based on subsequent transfers, this dose resulted in B3N consumption in Batch 1Batch 5, respectively, of 102 mL, 106 mL, 65 mL, 143 mL, and 1 mL. The remainder was
allocated to algae that remained in the growth volumes. The zero-order uncertainty for the initial
dose is 1 mL, which resulted in a negligible total uncertainty in B3N consumption (less than 0.2
mL for all batches).

Nitrate
In June, urea was replaced with sodium nitrate (to eliminate ammonia formation, which
inhibits lipid production). The nitrate additions only affected Batch 5. 932 mL of 3150X stock
solution (214 g of NaNO3 per liter) were allocated to Batch 5, which resulted in 199 g of sodium
nitrate. The uncertainty in this value was determined using the same method as described for
other nutrients (above) and resulted in an uncertainty of 0.63 g.

Salt
The saline growth volumes were maintained using Instant Ocean salt, and the total amount of
salt consumed for each batch, Batch 1-Batch 5, respectively, was 15.3 kg, 15.9 kg, 42.1 kg, 55.1
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kg, and 25.9 kg. The uncertainty in these values is 1.5 kg, 1.6 kg, 5.1 kg, 5.8 kg, and 3.3 kg,
respectively (representing 10-13% of the total).
Airlift Bioreactors (L’s): Instant Ocean Salt was added to the bioreactors with water additions
(𝐻2𝑂𝑉,𝑡 ) to establish a salinity of 15 g/L. Thus, the amount of salt added to an L reactor (LX) is,
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𝑆𝐿𝑋,𝑡 = 15 ∙ 𝐻2𝑂𝐿𝑋,𝑡

Using Equation 4-37, the random uncertainty in 𝑆𝐿𝑋,𝑡 is,
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𝑢𝑆𝐿𝑋,𝑡 = 15 ∙ 𝑢𝐻2𝑂 𝐿𝑋,𝑡 = ±75 𝑔

where 𝑢𝐻2𝑂 𝐿𝑋,𝑡 is ±5 L. These values were combined for each transfer from each reactor using
Equation 4-38.

Greenhouse Tanks (G’s) and Outdoor Ponds (P’s): Salt was added to the greenhouse tanks and
outdoor ponds “by-the-bag.” Each bag of Instant Ocean salt was measured to be 3,175 g.
Sometimes salt was added in half-bag increments. Bag-to-bag variability was determined to be
minor, however estimating half-bag increments contains random error, estimated to be ±20%.
Thus, the uncertainty in each addition of salt in the G tanks and P ponds (denoted G-P), 𝑢𝑆𝐺−𝑃,𝑡 ,
is estimated to be ±15%, which is conservative because most additions were in whole-bag

amounts, containing little variability/error. The uncertainty of each transfer is determined using
Equation 4-38 (less than 15% of the total salt associated with each transfer in all cases) and
allocated using Table 4-8.

Antibiotics
Antibiotics were added as needed during cultivation and allocated using the allocation matrix
of Table 4-8. The total amount of antibiotic consumed in Batch 1-Batch 5 was 1.9 g, 2.0 g, 1.36
g, 8.8 g, and 0 g, respectively. The uncertainty in each of these results is 0.31 g, 0.32 g, 0.21 g,
1.37 g, and 0 g, respectively. Each scoop of antibiotics was 0.2 grams, with an estimated random

240

uncertainty (𝑢𝐴𝑉,𝑡 ) of ±20%. These daily random uncertainties were combined using Equation
4-38 and inserted into the uncertainty allocation matrix of Table 4-8.

Transfers
As shown in Figure 4-5, algae were commonly transferred from one growth volume to
another during the scale-up phase of cultivation. Many transfers were done by hand (using 5
gallon buckets) and could not be measured. Thus, energy consumption for all transfers was
approximated as 0.8 kJ/L. This value was the average pump energy consumed to move algae
from the greenhouse tanks to the outdoor ponds. The uncertainty in this approximation is
unknown, however, transfers accounted for 0.03% of the total energy consumption (0.82 kJ per L
processed), on average. Although this percentage is low, the energy for pumping algae during
cultivation is an important consideration. For instance, consuming 0.82 kJ per L processed
during cultivation would consume a significant portion of the total energy content of the growth
volume. Based on these considerations, the uncertainty in the total energy estimated for transfers
for each batch is estimated as 100%. This estimate is arbitrary: random measurement errors and
the uncertainty allocation matrix were not used. The total energy consumed (and also the
assumed uncertainty) for Batch 1-Batch 5 for transfers was 0.70 MJ, 0.73 MJ, 1.45 MJ, 3.33 MJ,
0.10 MJ.

Continuous or Semi-continuous Inputs
Carbon Dioxide
CO2 was provided continuously to each growth volume throughout cultivation. The total
amount of CO2 consumed by each batch, Batch 1-Batch 5, respectively, was 9.75 kg, 10.31 kg,
13.43 kg, 27.67 kg, and 8.07 kg. The total uncertainty in the CO2 consumption for each batch
was 0.73 kg, 0.82 kg, 1.28 kg, 1.94 kg, and 0.86 kg for Batch 1 – Batch 5, respectively. This
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represents 7-11% of the total amount of CO2 consumed for these batches. These data correspond
to an uncertainty in the (embedded) energy in CO2 consumed per liter of growth volume
processed of between 3.26 and 7.50 kJ/L (where the energy consumption associated with CO2
was, on average, 69 kJ/L of processed volume).
Airlift Bioreactors (L’s): CO2 measurements were made on ~55 of the 95 days of cultivation in
the airlift reactors (plus or minus a few days depending on the reactor). Averaged data was used
for dates without measurements by data from days preceding and following the dates without
measurements. The amount of CO2 consumed each day in each reactor (𝑄𝐶𝑂2 𝑉,𝑡 ) was
determined as,
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𝑄𝐶𝑂2 𝑉,𝑡 = 𝑄𝑎𝑖𝑟/𝐶𝑂2 ∙ %𝐶𝑂2 ∙ 24

[𝑐𝑓/𝑑𝑎𝑦]

Where 𝑄𝑎𝑖𝑟/𝐶𝑂2 is the flowrate of the air/CO2 mixture (in cfh) and %𝐶𝑂2 is the volumetric

percent of CO2 in the mixture. During the ~55 days with measurements, the standard deviation
of the air/CO2 flowrate, 𝑄𝑎𝑖𝑟/𝐶𝑂2 , for all seven reactors was less than 5.3% of the average

flowrate for each reactor during that time, illustrating consistent conditions during the cultivation
periods. The percent of CO2 in the mixture, %𝐶𝑂2, had a standard deviation of less than 30%

over of the average for each reactor across those ~55 measurements. The day-to-day variation
was significantly less, which supports the accuracy of using averaged data from nearby dates to
estimate the flowrate on days without measurements. For example, the %𝐶𝑂2 increased

gradually from ~0.9% in February to ~1.25% in June, which resulted in the standard deviation of
nearly 30%, while day-to-day variations were much smaller. The air/CO2 mixture flowrate was
determined by adjusting the reading on the rotameters (Omega FL-2000) to account for the
increased density of the air due to being compressed (a regulator maintained the pressure
upstream from the rotameters at 20 psig). The flowrate is calculated as,
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� ∙ 𝐴(𝑦)
𝑄𝑎𝑖𝑟/𝐶𝑂2 = 𝑈

However, the meters are calibrated for air at STP (0 psig, 20°C), and the average velocity of the
flow through the rotameter (neglecting buoyancy) can be calculated as (cf. Figliola and Beasley
p. 410, [394]),
1/2

� = �2∙𝑉𝑓 ∙𝑔∙𝜌𝑓 �
𝑈
𝐶 ∙𝜌∙𝐴
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𝐷

𝑐

where 𝑉𝑓 is the float volume, 𝜌𝑓 is the float density, 𝐶𝐷 is the drag coefficient, 𝜌 is the fluid

density, and 𝐴𝑐 is the cross-sectional area of the float. Each of these variables, except the fluid
density, remains nearly constant for moderate variations in pressure and temperature. Using

� at STP and that at the actual temperature and absolute pressure at
Equation 4-46 to determine 𝑈

the rotameter (T,P), the quotient of these results, labeled as α, is,
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�𝑆𝑇𝑃
𝑈
�𝑇,𝑃
𝑈

𝜌

1/2

= 𝛼 = �𝜌 𝑇,𝑃 �
𝑆𝑇𝑃

𝑃∙293 1/2

= �𝑇∙101�

where the ideal gas law was used to determine the right-hand-side of Equation 4-47. The actual
temperature and pressure at the meter is not known. However, the temperature can be estimated
as room temperature (~20°C) and the pressure is estimated to be at the approximate mid-point
between the regulator pressure (20 psig, 138 kPa) and the hydrostatic pressure at the bottom of
the airlift bioreactors where the air/CO2 mixture is discharged (~12 kPa). Thus, the static gauge
pressure at the meter is estimated to be 75 kPa (176 kPa absolute). Inserting 20°C and 176 kPa
into Equation 4-47 yields,
�𝑆𝑇𝑃
𝑈
�𝑇,𝑃
𝑈

4-48

= 𝛼 = 1.32

Using Equations 4-45 and 4-48, the flow rate reading on the rotameters can therefore be related
to the actual flow rate according to,
4-49

𝑄𝑎𝑖𝑟/𝐶𝑂2𝑆𝑇𝑃
𝑄𝑎𝑖𝑟/𝐶𝑂2𝑇,𝑃

=

�𝑆𝑇𝑃
𝑈
�𝑇,𝑃
𝑈

= 𝛼 = 1.32
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Therefore, the actual flow rate of the air/CO2 mixture, 𝑄𝑎𝑖𝑟/𝐶𝑂2𝑇,𝑃 , is 76% of the reading on the

rotameters that assumed STP (𝑄𝑎𝑖𝑟/𝐶𝑂2𝑆𝑇𝑃 ). Using these results, Equation 4-44 can be re-written
as,

4-50

𝑄𝐶𝑂2 𝑉,𝑡 = 𝑄𝑎𝑖𝑟/𝐶𝑂2𝑇,𝑃 ∙ %𝐶𝑂2 ∙ 24 =

𝑄𝑎𝑖𝑟/𝐶𝑂2𝑆𝑇𝑃
𝛼

∙ %𝐶𝑂2 ∙ 24

[𝑐𝑓/𝑑𝑎𝑦]

The uncertainty in this measurement is calculated using Equation 4-37 and 4-50 as,
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𝑄𝑎𝑖𝑟/𝐶𝑂2𝑆𝑇𝑃

𝑢𝑄𝐶𝑂2 𝑉 = ��
2 1/2

𝑢𝑄𝑎𝑖𝑟/𝐶𝑂2 � �

𝛼

2
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𝛼2

2

%𝐶𝑂2

∙ %𝐶𝑂2 ∙ 24 ∙ 𝑢𝛼 � + �

𝛼

∙ 24 ∙

The uncertainty in the percent CO2 measurement, 𝑢%𝐶𝑂2 , is the zero-order uncertainty of the

Telaire 7001 meter of 0.01%. The zero-order uncertainty associated with reading the rotameter
(which yields 𝑄𝑎𝑖𝑟/𝐶𝑂2𝑆𝑇𝑃 ) is ±0.5 cfh (𝑢𝑄𝑎𝑖𝑟/𝐶𝑂2 ). The uncertainty in α is calculated using

Equation 4-37 applied to Equation 4-47, which yields,
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𝑇
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The pressure at the flowmeter was assumed to be at the mid-point of the tank pressure and the
hydrostatic pressure in the growth volume, and the uncertainty of this method is estimated to be
±25%, yielding,
4-53

𝑢𝑃 = 0.25 ∙ 𝑃 [𝑘𝑃𝑎]

The temperature was assumed to be 20°C (293 K), and the uncertainty in this assumption is
estimated to be ±10°C, resulting in,
4-54

𝑢𝑇 = 10 [𝐾]

Inserting these uncertainties into Equation 4-52, with average values for pressure (176 kPa), and
temperature (20°C), yields,
4-55

𝑢𝛼 = 0.17 [−]
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The uncertainty of the CO2 flowrate for the “L” reactors was calculated for every day using the
measured (or estimated) values for 𝑄𝑎𝑖𝑟/𝐶𝑂2, %𝐶𝑂2, and 𝛼 (always 1.32) and inserting 𝑢𝛼 ,

𝑢%𝐶𝑂2 , and 𝑢𝑄𝑎𝑖𝑟/𝐶𝑂2 into Equation 4-51. Each daily uncertainty, 𝑢𝐶𝑂2𝑣,𝑡 , was then combined to

determine the uncertainty of the CO2 allocated to each transfer from the L bioreactors to the G

tanks, 𝑢𝐶𝑂2𝑡𝑟𝑎𝑛𝑠 , as shown in Equation 4-38 (and these values were generally ~5-10% of the total
amount of CO2 allocated per transfer).

Greenhouse Tanks (G’s): The daily total CO2 supplied to a greenhouse tank, 𝑄𝐶𝑂2 𝑉 , was
allocated by relative volume by,
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𝑄𝐶𝑂2 𝑉,𝑡 =

𝑄𝐶𝑂2 𝑇𝑜𝑡𝑎𝑙
𝛼

∙∀

∀

𝑇𝑜𝑡𝑎𝑙

∙ 24

[𝑐𝑓/𝑑𝑎𝑦]

where 𝑄𝐶𝑂2 𝑇𝑜𝑡𝑎𝑙 is the amount of CO2 supplied to all of the greenhouse tanks and outdoor ponds,
𝛼 is the rotameter pressure correction factor defined above, ∀ is the volume of that tank (or

pond), and ∀ 𝑇𝑜𝑡𝑎𝑙 is the total volume in all tanks and ponds. The total CO2 was measured 76

times in the AM and 46 times in the PM throughout the 126 days of cultivation in the G tanks.
On average, the PM readings were slightly higher than the AM readings (by 9.1%), which is
attributed to higher temperatures and different people making the AM and PM readings. The
AM reading was made near the coolest time of day (~8 AM) and the PM reading was made near
the hottest time of day (~4 PM). Thus, the error associated with temperature, illustrated by the
AM/PM difference, is accounted for by a large uncertainty in temperature included below
(±15°C). When both measurements were recorded, the average value was used in calculations.
The uncertainty in the daily volumetric CO2 consumption (assuming a single total CO2
measurement) is calculated using Equation 4-37, which yields,
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The hydrostatic pressure in the greenhouse tanks is ~5 kPa, which results in an estimated
absolute pressure at the rotameter of 172 kPa. Also, the temperature was estimated to be
25±15°C (𝑇,𝑢𝑇 ). The calculation of 𝛼 (Equation 4-47) yields 1.30 and 𝑢𝛼 (Equation 4-52) is

0.17. These results are used to calculate the daily volumetric flow rate of CO2 and the associated

uncertainty. Averaged data was used for dates without measurements. The RSS method of
Equation 4-38 is used to calculate the uncertainty associated with the CO2 embedded in each
volume transfer to the outdoor ponds. The uncertainty was about 8-18% of the total amount of
CO2 allocated per transfer.
Outdoor Ponds (“P’s”): As done for the G tanks, the amount of CO2 consumed in the P ponds
and the associated uncertainty is calculated using Equations 4-56 and 4-57 and allocating by
relative volume of each pond. The hydrostatic pressure in the ponds is ~2 kPa, which results in
an estimated absolute pressure at the rotameter of 171 kPa. Also, the temperature was estimated
to be 25±15°C (𝑇,𝑢𝑇 ). Using Equations 4-47 and 4-52, for the ponds 𝛼 is 1.30 and 𝑢𝛼 is 0.17.
Indoor Bioreactor Lighting
Each bioreactor was provided artificial lighting on a 12 hour on/off cycle using four 54 W,
Hg bulbs. The total energy consumed for lighting was measured directly (P3 Kill-A-Watt Power
Meter, P4400) and divided equally to each reactor. The total lighting energy consumption for
Batch 1-Batch 5 was 935 MJ, 972 MJ, 1117 MJ, 3015 MJ, and 261 MJ, respectively. The total
uncertainty in these measurements is 23 MJ, 24 MJ, 32 MJ, 91 MJ, and 8 MJ, respectively. 30
measurements were made (although many measurements include integrated energy consumption
for many days) with an average energy consumption and standard deviation of 4.54
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kWh/day/reactor (16.34 MJ/day/reactor) and 0.20 kWh/day/reactor (0.72 MJ/day/reactor),
respectively. The standard deviation, which is 4% of the average, reflects the consistent
operation of the lights. Averaged data was used to estimate the energy consumption for days
without measurements. The energy consumed for lighting per day per reactor (𝐸𝐿 𝐿𝑋,𝑡 ) is
calculated as,
4-58

𝐸𝐿 𝐿𝑋,𝑡 =

𝐸𝐿 ∙24
𝑡∙#𝐿

𝑘𝑊ℎ

�𝑑𝑎𝑦−𝑟𝑒𝑎𝑐𝑡𝑜𝑟�

where 𝐸𝐿 is the lighting energy measured during a given time period (𝑡, in hours) and #𝐿 is the
number of reactors that this energy is divided among. The uncertainty in this measurement is
calculated from Equation 4-37 as,
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𝑢𝐸𝐿 ∙24 2

𝑢𝐸𝐿 𝐿𝑋,𝑡 = ��

𝑡∙#𝐿

−𝐸 ∙24
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� + � 𝑡 2𝐿∙#𝐿 𝑢𝑡 � �

where the uncertainty in the total energy measurement, 𝑢𝐸𝐿 , is 0.2% (manufacturer

specifications) and the uncertainty in the time measurement, 𝑢𝑡 , is the zero-order uncertainty of

0.5 hour. For all 30 measurements, 𝑢𝐸𝐿 𝐿𝑋,𝑡 was between 0.022 and 0.099 kWh/day/reactor with
an average of 0.073 kWh/day/reactor (which is 1.6% of the average lighting energy
consumption).
The random daily uncertainty for the lighting energy consumed on all days in all reactors is
estimated as 0.41 kWh/day/reactor, which is the 95% confidence interval of the 30
measurements above (with 𝑡30,95 = 2.042, 𝜎 = 0.2 kWh/day/reactor, 𝐸�𝐿 𝐿𝑋,𝑡 = 4.54 ± 0.41).

The uncertainty associated with each transfer to the G tanks was calculated by Equation 4-38 and
these results were inserted into the uncertainty allocation matrix of Table 4-8.
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Compressor Energy
Compressed air was mixed with CO2 and bubbled continuously into each growth volume.
The total energy consumed to provide this air was 390 MJ, 413 MJ, 606 MJ, 1246 MJ, and 290
MJ, for Batch 1-Batch 5 respectively. The uncertainty in these data is 49 MJ, 52 MJ, 81 MJ, 221
MJ, and 39 MJ, respectively, which represents 13 – 18% of the total. On average, this translates
to an uncertainty in the energy inputs for compression per liter of growth volume processed of 57
kJ/L.
Airlift Bioreactors (“L’s”): The compressed air was provided to the indoor reactors from a
general use shop compressor, and could not be deciphered from other uses. So, the data
collected for the compressor energy consumed by the greenhouse tanks and outdoor ponds
(described below) was used to estimate that for the indoor reactors. On average, 43.6 kJ were
consumed per cf of air provided to the outdoor growth volumes (𝐸�𝑐𝑜𝑚𝑝 ) and the random

uncertainty in this estimate (𝑢𝐸�𝑐𝑜𝑚𝑝 ) is assumed to be 34.1 kJ/cf, which is the 95% confidence

interval for the average value (𝑡30,95 = 2.042, 𝜎 = 17 𝑘𝐽/𝑐𝑓). The actual uncertainty is infinite,

as no measurements were made. The daily energy consumption for compression, 𝐸𝑐𝑜𝑚𝑝𝐿𝑋,𝑡 , is,
𝑄
∙24
𝐸𝑐𝑜𝑚𝑝𝐿𝑋,𝑡 = 𝐸�𝑐𝑜𝑚𝑝 ∙ 𝑎𝑖𝑟 𝐿𝑋
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𝑘𝐽
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𝛼

where 𝑄𝑎𝑖𝑟 𝐿𝑋 is the measured flow rate for a reactor and 𝛼 is the pressure correction factor (1.32,
cf. Equation 4-47). The uncertainty in 𝐸𝑐𝑜𝑚𝑝𝐿𝑋,𝑡 is,
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where 𝑢𝑄𝑎𝑖𝑟 𝐿𝑋 is the zero-order flow rate measurement error (0.5 cfh) and 𝑢𝛼 is the pressure
correction factor uncertainty (0.17, cf. Equation 4-55). Each of the daily uncertainties were
combined using Equation 4-38 and then inserted into the uncertainty allocation matrix.
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Greenhouse Tanks (“G’s”) and Outdoor Ponds (“P’s”): Two compressors were used during
cultivation in the greenhouse and outdoor ponds (3/10/10 – 7/19/10). The first was a 135 psi,
DeWalt D55140 compressor and the associated energy consumption was measured directly (P3
Kill-A-Watt Power Meter, P4400). The total flow rate was measured using an Omega FL-2000
flow meter and adjusted for pressure using Equation 4-49 (the compressor regulator was 20 psig,
yielding 𝛼 = 1.30). From 3/10/10 – 5/20/10, this compressor provided ~17 cfh continuously and
consumed 67 kJ/cf on average (8 measurements with 𝜎 = 5 𝑘𝐽/𝑐𝑓). From 5/20/10 – 7/1/10, this
compressor provided ~10 cfh continuously and consumed ~36 kJ/cf (25 measurements with

𝜎 = 11 𝑘𝐽/𝑐𝑓). The overall average and standard deviation for all 33 measurements was 43.6

kJ/cf and 16.7 kJ/cf, respectively. This average value was used to estimate the energy required
for providing compressed air to the indoor reactors. The daily energy consumption per cf of

compressed air, 𝐸𝑐𝑜𝑚𝑝𝑡 , is,
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𝐸𝑐𝑜𝑚𝑝𝑡 =

𝐸𝑐𝑜𝑚𝑝 ∙3.6∙103 ∙𝛼

𝑘𝐽
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𝑄𝑎𝑖𝑟 ∙𝑡

where 𝐸𝑐𝑜𝑚𝑝𝑡 is the cumulative energy measured (kWh), 𝑄𝑎𝑖𝑟 is the air flow rate measured (cfh),
𝛼 is the pressure correction factor (1.30), and 𝑡 is the time over which the energy was consumed
(hrs). The uncertainty in this measurement is calculated by Equation 4-37 as,
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where 𝑢𝐸𝑐𝑜𝑚𝑝 is the uncertainty in the energy consumption (0.2%, manufacturer specificiations),
𝑢𝛼 is the pressure correction factor uncertainty (0.17, cf. Equation 4-52) , 𝑢𝑄𝑎𝑖𝑟 is the

uncertainty in the air flow rate (zero-order uncertainty of 0.5 cfh), and 𝑢𝑡 is the zero-order time
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measurement uncertainty (0.5 hr). For the 33 measurements made, the average uncertainty was
7.7% of the daily energy consumed by the compressor (𝑢�𝐸𝑐𝑜𝑚𝑝 ). The total daily energy
𝑡

consumption was allocated to the greenhouse tanks and outdoor ponds by relative volume.
Although there is uncertainty in the daily volume measurements, this is neglected because the
volumes were only used for allocation (and thus they are correlated, non-random errors). Thus,
the random uncertainty of the daily energy consumed per growth volume (𝑢𝐸𝑐𝑜𝑚𝑝

𝐺−𝑃,𝑡

) is 7.7%.

Each of these daily uncertainties were combined using Equation 4-38 and then inserted into the
uncertainty allocation matrix.
The second compressor was used from 7/5/10-7/19/10 and was hard-wired into a 220-V
circuit and the energy consumption was estimated by measuring the current (𝐼) using a clamp-on
amp meter and measuring the duty cycle (𝐷𝑆). The daily energy consumption was thus,
𝐽

𝐸𝑐𝑜𝑚𝑝 𝑡 = 𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝐷𝑆 ∙ 24 ∙ 60 ∙ 60 [𝑑𝑎𝑦]
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where 𝑉 is voltage (220V) and 𝑃𝐹 is the power factor (0.9). On average, the current and duty
cycle were measured to be 20.1 A and 14% (i.e., 0.14), respectively. The second compressor
consumed 65 kJ/cf, on average while providing ~32 cfh continuously.
The uncertainty in the second compressor energy consumption is,
4-65

𝑢𝐸𝑐𝑜𝑚𝑝 = [(𝑢𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝐷𝑆 ∙ 24 ∙ 60 ∙ 60)2 + (𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝑢𝐷𝑆 ∙ 24 ∙ 60 ∙ 60)2 ]1/2
𝑡

where 𝑢𝐼 is the current uncertainty (estimated as 20%) and 𝑢𝐷𝑆 is the duty cycle uncertainty

(estimated as 20%), yielding 𝑢𝐸𝑐𝑜𝑚𝑝 = 0.28 ∙ 𝐸𝑐𝑜𝑚𝑝𝑡 . Thus, the random uncertainty of the daily
𝑡

energy consumed per growth volume (𝑢𝐸𝑐𝑜𝑚𝑝

𝐺−𝑃,𝑡

) is 28%. Each of these daily uncertainties

were combined using Equation 4-38 and then inserted into the uncertainty allocation matrix.
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Mixing
Circulation in the outdoor raceway ponds was accomplished by using a 1/3 HP Hayward
pump. Circulation was provided 24 hours a day, 7 days a week. One pond was inoculated on
4/13/10 and the other was inoculated on 4/26/10. The total mixing energy for Batch 1-Batch 5
was 841 MJ, 929 MJ, 993 MJ, 2152 MJ, and 360 MJ, respectively. The uncertainty in these data
is 37.5 MJ, 52.0 MJ, 57.5 MJ, 37.0 MJ, and 15.5 MJ, respectively. This uncertainty is between
2% and 6% of the total mixing energy. The daily energy consumed by these pumps was
measured (P3 Kill-A-Watt Power Meter, P4400) as,
4-66

𝐸𝑀 𝑃𝑋,𝑡 =

𝐸𝑀 ∙60∙60∙24
𝑡

𝐽

�𝑑𝑎𝑦−𝑝𝑜𝑛𝑑�

where 𝐸𝑀 is the cumulative energy consumed by the pump for that pond (in Wh) during that

time period, 𝑡 (in hours). The energy consumed by the pump for P2A was measured 17 times

and that for P2B was measured 13 times. The average daily consumption was 97.7 MJ/day for
P2A (σ=9.4 MJ/day) and 101.0 MJ/day for P2B (σ=5.3 MJ/day). The uncertainty in each daily
energy consumption is estimated as the 95% confidence interval for these results, which is 19.8
MJ/day and 11.5 MJ/day, respectively (with 𝑡17,95 = 2.110, 𝑡13,95 = 2.160). Each of these daily

uncertainties were combined using Equation 4-38 and then inserted into the uncertainty
allocation matrix.

Greenhouse Fans
Fans in the greenhouse were operated on a thermostat (usually set to 32.2°C) and the energy
consumption was measured directly (P3 Kill-A-Watt Power Meter, P4400). The daily energy
consumption by the greenhouse fans is,
4-67

𝐸𝐺𝐹 𝑡 =

𝐸𝐺𝐹 ∙60∙60∙24
𝑡
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𝐽

�𝑑𝑎𝑦�

where 𝐸𝐺𝐹 is the cumulative energy consumed by the greenhouse fans (in Wh) during that time

period, 𝑡 (in hours). The energy consumed by the greenhouse fans was measured 58 times. The
average daily consumption was 9.74 MJ/day (σ=2.96 MJ/day) and the uncertainty in each daily

energy consumption is estimated as the 95% confidence interval for these results, which is 5.92
MJ/day (with 𝑡60,95 = 2.0). The total energy and uncertainty values were allocated by relative
volume and each of these daily uncertainties was combined using Equation 4-38 and then
inserted into the uncertainty allocation matrix.

Harvesting Energy
Pump from Pond
The pumping energy to remove the algae from the ponds was measured directly (P3 Kill-AWatt Power Meter, P4400) and the uncertainty in these data is the zero-order uncertainty of the
energy meter, 0.036 MJ (the manufacturer specified error of ±0.2% is neglected). The total
energy consumed for pumping algae from the ponds for Batch 1-Batch 5 was 1.19 MJ, 1.26 MJ,
3.31 MJ, 4.90 MJ, and 4.10 MJ, respectively, which translates to 1.8 kJ/L, on average.

Forklift Fuel
The amount of fuel consumed by the forklift to transport the algae from the ponds to the
centrifuge was estimated roughly for Batch 1 – Batch 5 as,
4-68

𝑑

𝐸 = 𝑚𝑝𝑔 ≡ ~0.09 𝑀𝐽 𝑝𝑒𝑟 𝑡𝑟𝑖𝑝

where 𝑑 is the distance traveled (0.13 mi) and 𝑚𝑝𝑔 is the fuel efficiency (estimated as 10 miles

per gallon of fuel). Assuming the fuel energy content ~7 MJ per gallon, the total energy

consumed per roundtrip is ~0.09 MJ. This translates to ~0.1 kJ per liter of growth volume
transferred. This input is not expected for a commercial system in which the ponds and
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harvesting facilities would be co-located. The uncertainty in this estimate is arbitrarily assumed
to be 100%.

Centrifuge
The energy consumed by the centrifuge was calculated as,
4-69

𝐸𝑐𝑒𝑛𝑡 = 𝑃 ∙ 𝑡 = 𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝑡

where 𝑃 is the constant load power, 𝑡 is the time of operation, 𝐼 is the current (as measured by
the variable frequency drive), 𝑉 is the voltage, and 𝑃𝐹 is the power factor. The total energy

consumed for centrifugation of Batch 1-Batch 5 was 13.30 MJ, 13.19 MJ, 30.43 MJ, 25.97 MJ,
and 23.96 MJ, respectively (~13.95 kJ/L). The uncertainty in this measurement is calculated
with Equation 4-37 as,
4-70
𝑢𝐸 𝑐𝑒𝑛𝑡 = [(𝑢𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝑡)2 + (𝑢𝑉 ∙ 𝐼 ∙ 𝑃𝐹 ∙ 𝑡)2 + (𝑢𝑃𝐹 ∙ 𝐼 ∙ 𝑉 ∙ 𝑡)2 + (𝑢𝑡 ∙ 𝐼 ∙ 𝑉 ∙ 𝑃𝐹)2 ]1/2

The uncertainty in the current and voltage is assumed as the zero-order measurement error (0.01
A and 1 V, respectively). The power factor uncertainty is assumed as 0.05 and the uncertainty in
the total time is estimated as 5 minutes.

The uncertainty in each of these results is between 0.75

and 1.71 MJ, which relates to ~6% of the total centrifuge energy consumed for each batch, on
average.

Centrifuge Pump
Two pumps were used to supply algae to the centrifuge during Batch 1 – Batch 5: for Batch
1 and Batch 2, a 0.7 A, 220 V Little Giant pump was used and for Batch 3, Batch 4, and Batch 5,
a 120 V Little Giant pump was used. The first pump was hard-wired, the energy consumption
was estimated using Equation 4-69, and the uncertainty was determined using Equation 4-70
(with a 0.9 𝑃𝐹 and the same uncertainty values as listed for the centrifuge energy calculation).
The centrifuge pump energy for Batch 1 and Batch 2 was 3.76 MJ and 3.66 MJ, respectively,
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with 0.22 MJ of uncertainty in each value. For Batch 3, Batch 4, and Batch 5, the energy was
measured directly (P3 Kill-A-Watt Power Meter, P4400) to be 18.94 MJ, 16.38 MJ, and 16.34
MJ, respectively. The uncertainty in each measurement is the zero-order uncertainty of 0.036
MJ (~0.22% of the total for each batch, the manufacturer specified error of ±0.2% was
neglected).

Lysing Energy
Lysing Pump
A micro-pump (Fluid Metering Inc., Model QV) moved the algal concentrate through the
lysing test cell and the energy consumed by the pump was measured using a P3 Kill-A-Watt
Power Meter, P4400. For Batch 1 and Batch 2, the total energy consumed was less than the
meter detection limit (0.01 kWh), and was therefore calculated according to,
4-71

𝐸𝑙𝑦𝑠𝑝𝑢𝑚𝑝 = 𝑃 ∙ 𝑡

where 𝑃 is power (~2.8 W) and 𝑡 is time (~2 hrs). The total energy consumed for the micropump for Batch 1 – Batch 5 was between 0.02 and 0.07 MJ. The uncertainty in this

measurement for Batch 1 and Batch 2 was calculated according to Equation 4-37 as,
4-72

𝑢𝐸𝑙𝑦𝑠𝑝𝑢𝑚𝑝 = ((𝑢𝑃 ∙ 𝑡)2 + (𝑢𝑡 ∙ 𝑃)2 )0.5

with the uncertainty in the power, 𝑢𝑝 , as 0.1 W and the uncertainty in the time, 𝑢𝑡 , as 5 min,

yielding a 𝑢𝐸𝑙𝑦𝑠𝑝𝑢𝑚𝑝 of 0.001 for Batch 1 and Batch 2. For the other batches, a energy was
measured directly and the zero-order uncertainty of 0.04 MJ (0.01 kWh) was used.

Lysing Power Supply
The total energy consumed by the lysing power supply was 2.9 MJ, 3.5 MJ, 8.8 MJ, 5.9 MJ,
and 5.9 MJ for Batch 1 – Batch 5, respectively (Batch 3 included re-lysing of half of the batch,
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resulting in higher energy consumption). The uncertainty in these measurements is 0.4 MJ, 0.5
MJ, 1.3 MJ, 0.9 MJ, and 0.9 MJ, respectively (~15% of the total).
A Marx bank power supply was used for lysing and was charged by a 3-phase, 480 V, AC
circuit. The energy consumed for each pulse was determined by measuring the power “at the
wall” using a Pearson current transformer (model 110, 10 A/V) and differential voltage divider
(model ADF 25) to measure the current (𝐼) and voltage (𝑉) for each of the three phases (A,B, and
C). These data were recorded with 1 million data points on two Nicolet Integra scopes. The
power, 𝑃𝑇𝑜𝑡𝑎𝑙 , is calculated as,

4-73
4-74
4-75
4-76

4-77

𝑉𝐴𝐵 = 𝑉𝐴 − 𝑉𝐵

𝑉𝐶𝐵 = 𝑉𝐶 − 𝑉𝐵
𝑃𝐴𝐵 = 𝑉𝐴𝐵 ∙ 𝐼𝐴

𝑃𝐶𝐵 = 𝑉𝐶𝐵 ∙ 𝐼𝐶

𝑃𝑇𝑜𝑡𝑎𝑙 = 𝑃𝐴𝐵 + 𝑃𝐶𝐵

Twenty measurements were recorded using the same pulse settings as were used for Batch 1
– Batch 5 (~6 kV/cm). Figure 4-6, Figure 4-7, and Figure 4-8 show the currents, voltages, and
cumulative energy measured for a single pulse. The average energy consumed per pulse, 𝐸� , was

480 J with a standard deviation of 33 J. This yields a 95% confidence interval of ±69 J, which is
used as the uncertainty of this measurement (𝑢𝐸� ).
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Figure 4-6. Current in each phase measured during 1 pulse

Figure 4-7. Voltage for each phase measured during 1 pulse

Figure 4-8. Cumulative energy measured during 1 pulse
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The total energy consumed by the power supply during each batch, 𝐸𝑙𝑦𝑠𝑃𝑆 , is calculated as,
4-78

𝐸𝑙𝑦𝑠𝑃𝑆 = 𝐸� ∙ 𝑁𝑃 = 𝐸� ∙ 𝑃𝑅 ∙ 𝑡

where 𝑁𝑃 is the number of pulses, which is the product of pulse rate (𝑃𝑅) and lysing time (𝑡).
The uncertainty in 𝐸𝑙𝑦𝑠𝑃𝑆 is calculated by Equation 4-37 as,
4-79

2

2 0.5

𝑢𝐸𝑙𝑦𝑠𝑃𝑆 = �(𝑢𝐸� ∙ 𝑃𝑅 ∙ 𝑡)2 + �𝐸� ∙ 𝑢𝑃𝑅 ∙ 𝑡� + �𝐸� ∙ 𝑃𝑅 ∙ 𝑢𝑡 � �

The uncertainty in the pulse rate and time were 1 pulse/min and 5 min, respectively.

Fan
A fan was used to cool the resistors during pulsing and the energy consumption was
measured directly to be 0 MJ, 0 MJ, 1.08 MJ, 0.72 MJ, and 0.72 MJ for Batch 1 – Batch 5,
respectively. The uncertainty in the non-zero measurements is 0.04 MJ.

Separations Energy
MHF Contactor Pumps
Two pumps were required to operate the microporous hollow fiber membrane contactor
(MHF contactor), an algae pump and a solvent pump. The total energy consumed for these
pumps was 0.24 MJ, 1.14 MJ, 2.91 MJ, 0.94 MJ, and 4.95 MJ for Batch 1 – Batch 5,
respectively. The fluctuations in these data reflect run-to-run variation in the circulation time of
the algae in the contactor, repeated separations processes (for Batch 3), and variations in the
contactor wash process. The total uncertainty in each measurement was 0.03 MJ, 0.09 MJ, 0.09
MJ, 0.06 MJ, and 0.28 MJ, respectively.
The energy consumption for these pumps was either measured directly (when possible, using
a P3 Kill-A-Watt Power Meter, P4400) or estimated as,
4-80

𝐸𝑝𝑢𝑚𝑝 = 𝑃 ∙ 𝑡 = 𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝑡
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with current (𝐼), voltage (𝑉), power factor (𝑃𝐹) and time (𝑡). The current was estimated using
manufacturer specifications. For direct measurements, the uncertainty is 0.04 MJ and for
calculations using Equation 4-80 the uncertainty was calculated using Equation 4-37 as,
4-81
𝑢𝐸 𝑝𝑢𝑚𝑝 = [(𝑢𝐼 ∙ 𝑉 ∙ 𝑃𝐹 ∙ 𝑡)2 + (𝑢𝑉 ∙ 𝐼 ∙ 𝑃𝐹 ∙ 𝑡)2 + (𝑢𝑃𝐹 ∙ 𝐼 ∙ 𝑉 ∙ 𝑡)2 + (𝑢𝑡 ∙ 𝐼 ∙ 𝑉 ∙ 𝑃𝐹)2 ]1/2

Uncertainty values for the current, voltage, power factor, and time were 0.1 A, 10 V, 0.05, and 1
min, respectively. The uncertainty in the total pumping energy was determined as,
4-82

𝑢𝐸𝑝𝑢𝑚𝑝𝑡𝑜𝑡𝑎𝑙 = �𝑢𝐸 𝑝𝑢𝑚𝑝

𝑎𝑙𝑔𝑎𝑒

2

+ 𝑢𝐸 𝑝𝑢𝑚𝑝

𝑠𝑜𝑙𝑣

2

0.5

�

For Batch 3 and Batch 4, sub-batches were processed (i.e., Batch 3-A,B, and C and Batch 4A) and the total uncertainty includes all sub-batch uncertainty (combined using the RSS method).

Distillation Pumps
A peristaltic solvent/oil feed pump was used to deliver the solvent-rich heptane to the
distillation column and a vacuum pump was used to produce the desired associated vacuum. The
energy consumption was measured directly (P3 Kill-A-Watt Power Meter, P4400) and summed
for batches with multiple contactor runs (i.e., Batch 3 and Batch 4). The total energy
consumption for the solvent/oil feed pump was 1.3 MJ, 1.8 MJ, 5.5 MJ, 1.7 MJ, and 1.3 MJ for
Batch 1 – Batch 5, respectively. The uncertainty in each measurement was 0.04 MJ (0.01 kWh)
and these random uncertainties were combined using the RSS method, when applicable. The
uncertainty in these data is 0.04 MJ, 0.04 MJ, 0.07 MJ, 0.05 MJ, and 0.04 MJ, respectively. The
total energy consumed by the vacuum pump in each run was 20.7 MJ, 17.1 MJ, 43.6 MJ, 19.6
MJ, and 15.6 MJ, respectively. The uncertainty in these data is 0.04 MJ, 0.04 MJ, 0.07 MJ, 0.05
MJ, and 0.04 MJ, respectively.
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Distillation Heaters
Distillation was accomplished in two-stages and the energy consumed by the heater of each
stage was measured directly (P3 Kill-A-Watt Power Meter, P4400). The uncertainty was
calculated from the zero-order measurement uncertainty (0.01 kWh). The stage 1 heater
consumed 5.1 MJ, 6.1 MJ, 18.9 MJ, 7.6 MJ, and 4.9 MJ, for Batch 1 – Batch 5, respectively.
The uncertainty in these data is 0.04 MJ, 0.04 MJ, 0.07 MJ, 0.05 MJ, and 0.04 MJ, respectively.
The stage 2 heater consumed 1.7 MJ, 0.4 MJ, 2.4 MJ, 0.9 MJ, and 0.8 MJ, for Batch 1 – Batch 5,
respectively. The uncertainty in these data is 0.04 MJ, 0.04 MJ, 0.07 MJ, 0.05 MJ, and 0.04 MJ,
respectively.

Chilled Water
Chilled water was used to condense the solvent distillate. The amount of chilled water used
for Batch 1 – Batch 5 was 366 L, 391 L, 584 L, 929 L, and 318 L, respectively. The embedded
energy in the chilled water was determined to be ~11.23 kJ/L (cf. Reduced Case). The total
uncertainty in the chilled water consumption was 31 L, 43 L, 65 L, 41 L, and 31 L, respectively.
The amount of chilled water consumed was calculated according to,
4-83

𝑀𝐶𝑊 = 𝑄 ∙ 𝑡

where 𝑄 is the flow rate (in liters per minute) and 𝑡 is the time that chilled water was used (in
minutes). The uncertainty in this measurement is thus,
4-84

1/2

2

𝑢𝑀 𝐶𝑊 = ��𝑢𝑄 ∙ 𝑡� + (𝑢𝑡 ∙ 𝑄)2 �

with the flow rate uncertainty, 𝑢𝑄 , as 0.1 L/min and the uncertainty in the time, 𝑢𝑡 , as 10 min.
Heptane
The amount of heptane lost during Batch 1 – Batch 5 was 2.14 L, -0.98 L, 4.31 L, 2.05 L, and
0.52 L, respectively. These data, although accurate, are a result of batch processing (as the MHF
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contactor must be wetted with ~1.5 L for each run and the retained solvent is lost to
evaporation). Some of the wash solvent from Batch 1 was recovered during the separation
process of Batch 2 (yielding a heptane gain for Batch 2), on the following day. The amount of
oil in the transferred wash solvent is believed to be negligible. The total heptane loss for each
contactor run is the summation of four volume measurements (initial solvent volume, wash
solvent volume, stage 1 distillate, and stage 2 distillate). The uncertainty in each measurement is
±5 mL, yielding a total uncertainty in each batch using the RSS method (including sub-batch
processes for Batch 3 and Batch 4) of 0.01 L, 0.01 L, 0.02 L, 0.01 L, and 0.01 L, for Batch 1 –
Batch 5, respectively.

Outputs
Biocrude (algal lipids)
For each batch, the biocrude was recovered from the distillation bottom by multiple syringe
transfers (1 mL syringe). The total biocrude mass for Batch 1 – Batch 5 was 1.52 g, 2.88 g, 4.92
g, 4.43 g, and 2.05 g, respectively (this translates to 2.1 mg of biocrude per liter processed, on
average). The uncertainty in each of these data points is 0.25 g, 0.47 g, 0.81 g, 0.02 g, and 0.02
g, respectively.
The biocrude mass, 𝑀𝐵𝐶 , was determined as,
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𝑀𝐵𝐶 = 𝜌𝐵𝐶 ∙ ∑ 𝑉𝐵𝐶

where 𝜌𝐵𝐶 is the biocrude density and ∑ 𝑉𝐵𝐶 is the cumulative biocrude volume recovered. The
uncertainty in this measurement is calculated from Equation 4-37 as,
4-86

2

2 0.5

𝑢𝑀𝐵𝐶 = ��𝑢𝜌𝐵𝐶 ∙ ∑ 𝑉𝐵𝐶 � + �𝑢∑ 𝑉𝐵𝐶 ∙ 𝜌𝐵𝐶 � �
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where 𝑢𝜌𝐵𝐶 is the uncertainty in the density and 𝑢∑ 𝑉𝐵𝐶 is the total biocrude volume uncertainty,

which is calculated using the RSS method and a measurement resolution of 0.01 mL for each
syringe transfer. For example, for Batch 3 (requiring 7 syringe transfers), 𝑢∑ 𝑉𝐵𝐶 is,
4-87

𝑢∑ 𝑉𝐵𝐶 = (7 ∙ 0.012 )0.5 = 0.03 𝑚𝐿

The mass of biocrude was measured directly for Batch 4 and Batch 5 (with 0.1 mg resolution)
using pre-weighed vials and the density was determined to be 0.80 and 0.93 g/mL, respectively
(with a negligible 𝑢𝜌𝐵𝐶 ). The density for Batch 1, Batch 2, and Batch 3 was assumed to be 0.8

g/mL, and the uncertainty in this estimate, 𝑢𝜌𝐵𝐶 , is approximated as 0.13 g/mL, based on the
variation between Batch 4 and Batch 5.

In general, the biocrude was very viscous (often solid at room temperature) and dark brown.
Although there was some biocrude lost as residual in the distillation bottom and in small
amounts trapped in the syringe needles, these losses are considered to be part of the separations
efficiency, rather than measurement uncertainty. It is estimated that 0.1 – 0.2 mL of biocrude
(up to ~10% of the biocrude recovered) was lost as residual in the distillation bottom and syringe
needles.
The uncertainty in the processed volume (𝑉𝑃 ) is negligible, yielding,

4-88

𝑢𝑀́𝐵𝐶 =

𝑢𝑀𝐵𝐶
𝑉𝑃

𝑘𝑔

[𝐿]

where 𝑢𝑀́𝐵𝐶 is the uncertainty of biocrude produced per liter of processed volume.
Biomass Slurry
The amount of algal biomass available after separations was determined by measuring the
algal concentration (dry cell weight) of the post-extraction biomass slurry. For Batch 1 – Batch
5, 154 g, 138 g, 301 g, 310 g, and 383 g of biomass was available in the post-extraction biomass
slurry. The uncertainty in each of these data is 7.7 g, 6.9 g, 1.5 g, 1.6 g, and 1.9 g, respectively.
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The amount of algal mass in the post-separations slurry, 𝑀𝐵𝑆 , is calculated as,
𝑀𝐵𝑆 = µ ∙ 𝑉𝐵𝑆

4-89

where µ is the algal density (in g/L) and 𝑉𝐵𝑆 is the biomass slurry volume. (in L) The

uncertainty in this measurement is therefore,
4-90
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2

𝑢𝑀𝐵𝑆 = ��𝑢𝜇 ∙ 𝑉𝐵𝑆 � + �𝑢𝑉𝐵𝑆 ∙ 𝜇� �

where 𝑢𝜇 is the uncertainty in the algal concentration and 𝑢𝑉𝐵𝑆 is the uncertainty in the slurry
volume. The algal concentration is determined by washing a sample three times to remove

inorganic solids and placing it in an oven at 70ºC until constant weight is obtained. This method
was also used to determine the algal concentration of many samples throughout processing for
each batch. For all batches, two samples were collected within a short period of time prior to
harvesting and the variation in algal concentration for this pair of samples was less than 5% for
all batches. Therefore, the algal concentration uncertainty, 𝑢𝜇 , is estimated as 5%. A graduated
cylinder (with 0.01 L resolution) was used to measure the slurry volume, yielding a total

uncertainty (𝑢𝑉𝐵𝑆 ) determined by the RSS method, resulting in uncertainty less than 1% of the
total volume measured.

The uncertainty in the processed volume (𝑉𝑃 ) is negligible, yielding,
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𝑢𝑀́𝐵𝑆 =

𝑢𝑀𝐵𝑆
𝑉𝑃

where 𝑢𝑀́𝐵𝑆 is the uncertainty of biomass in slurry produced per liter of processed volume.
EROI Calculation
Energy Inputs
The sections above provide the uncertainty in the data acquired for each input and output (in
units such as kg, L, or MJ). Each direct energy input, 𝐸𝐷𝑗 , was divided by the processed volume

to determine the energy consumption per liter of growth volume processed. Each indirect input,
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𝐼𝑘 , was multiplied by the energy equivalent, 𝛾𝑘 , (in MJ/kg or MJ/L) and divided by the

processed volume (𝑉𝑃 ) to yield the energy inputs per liter of growth volume processed. The total

energy input is then,
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𝐸́𝑖𝑛 = ∑𝑙

𝐸𝐷𝑖𝑛𝑙
𝑉𝑃

+ ∑𝑘

𝛾𝑘 𝐼𝑘
𝑉𝑃

́ 𝑖𝑛 + 𝐸𝐼
́ 𝑖𝑛
= 𝐸𝐷

[𝐽/𝐿]

where 𝐸𝐷 is the direct energy, 𝐸𝐼 is the indirect energy, and an apostrophe accent is used to

denote values per liter of processed volume. The uncertainty in the volume processed is ±0.5 L,
which is less than 0.05% for all batches, and is therefore considered to be negligible. Rather than
using the RSS method, the total uncertainty in 𝐸́𝑖𝑛 is calculated conservatively as the sum of the

uncertainty for each (direct and indirect) input. The uncertainty in the direct energy inputs per

liter of growth volume, 𝑢𝐸𝐷
́ 𝑖𝑛 , is the sum of the uncertainty of each direct energy input divided

by the processed volume for that batch,
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𝑢𝐸𝐷
́ 𝑖𝑛 = ∑𝑙 𝑢́ 𝐸𝐷𝑖𝑛 = ∑𝑙
𝑙

𝑢𝐸𝐷𝑖𝑛
𝑉𝑃

𝑙

The uncertainty in the indirect energy inputs per liter of growth volume, 𝑢𝐸𝐼́𝑖𝑛 , is calculated using
Equation 4-37 as,
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𝑢𝐸𝐼́𝑖𝑛 = ∑𝑘 𝑢́ 𝐸𝐼𝑘 = ∑𝑘 ��

𝑢𝛾𝑘 ∙𝐼𝑘 2
𝑉𝑃

� +�

0.5
𝑢𝐼𝑘 ∙𝛾𝑘 2
𝑉𝑃

� �

where 𝑢𝛾𝑘 is the uncertainty in the energy equivalent value and 𝑢𝐼𝑘 is the uncertainty in the

amount of the kth input (these values are reported for each input in the previous sections and
listed in Table 4-2). The values for 𝑢́ 𝐸𝐷𝑖𝑛 and 𝑢́ 𝐸𝐼𝑘 (which are the uncertainty in the direct and
𝑙

indirect energy inputs per liter of growth volume) are reported in Table 4-2. The total
uncertainty in the energy input for each batch is,
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4-95

𝑢𝐸́𝑖𝑛 = 𝑢𝐸𝐷
́ 𝑖𝑛 + 𝑢𝐸𝐼
́ 𝑖𝑛

The total energy input per liter of processed volume for Batch 1 – Batch 5 was 2601 kJ/L,
2511 kJ/L, 2259 kJ/L, 4763 kJ/L, and 820 kJ/L, respectively. The uncertainty in these data, as
calculated by Equation 4-95, was 195 kJ/L, 193 kJ/L, 185 kJ/L, 294 kJ/L, and 76 kJ/L,
respectively. These uncertainties represent between 6% and 9% of the total energy input for
each batch.

Energy Outputs
The total energy output is,
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́ 𝐵𝑂 + 𝐸𝐷
́ 𝐵𝑀𝐹
𝐸́𝑜𝑢𝑡 = 𝐸𝐷

[𝐽/𝐿]

Rather than using the RSS method, the uncertainty in 𝐸́𝑜𝑢𝑡 is calculated as,
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𝑢𝐸́𝑜𝑢𝑡 = 𝑢𝐸𝐷
́ 𝐵𝑂 + 𝑢𝐸𝐷
́ 𝐵𝑀𝐹

The terms in Equation 4-97 can be calculated by applying Equation 4-37 to Equations 4-98 and
4-99,
4-98
4-99
This yields,

́ 𝐵𝑂 = 𝑀́𝐵𝐶 ∙ 𝜑𝑟𝑒𝑓 ∙ 𝜈𝐵𝑂
𝐸𝐷
𝐵𝑂

[𝐽/𝐿]

́ 𝐵𝑀𝐹 = 𝑀́𝐵𝑆 ∙ 𝜑𝑟𝑒𝑓
𝐸𝐷
∙ 𝜈𝐵𝑀𝐹
𝐵𝑀𝐹

[𝐽/𝐿]
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2

́ 𝐵𝐶 ∙ 𝑢𝜑
𝑢𝐸𝐷
́ 𝐵𝑂 = ��𝑢𝑀́𝐵𝐶 ∙ 𝜑𝑟𝑒𝑓𝐵𝑂 ∙ 𝜈𝐵𝑂 � + �𝑀
𝑟𝑒𝑓
and,
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𝐵𝑂

2

2

∙ 𝜈𝐵𝑂 � + �𝑀́𝐵𝐶 ∙ 𝜑𝑟𝑒𝑓𝐵𝑂 ∙ 𝑢𝜈𝐵𝑂 � �

0.5

2
́ 𝐵𝑆 ∙ 𝑢𝜑
𝑢𝐸𝐷
́ 𝐵𝑀𝐹 = ��𝑢𝑀́𝐵𝑆 ∙ 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ∙ 𝜈𝐵𝑀𝐹 � + �𝑀
𝑟𝑒𝑓
2 0.5

+ �𝑀́𝐵𝑆 ∙ 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 ∙ 𝑢𝜈𝐵𝑀𝐹 � �

𝐵𝑀𝐹

2

∙ 𝜈𝐵𝑀𝐹 �

Although some of the terms in these equations are unknown, they are estimated as described in
the Experimental Results section above (𝜑𝑟𝑒𝑓𝐵𝑂 = 1, 𝜈𝐵𝑂 = 40 𝑀𝐽/𝑘𝑔, 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 = 0.25, and
𝜈𝐵𝑀𝐹 = 55 𝑀𝐽/𝑘𝑔). The uncertainty in the biocrude and slurry biomass are defined in

Equations 4-88 and 4-91. The other uncertainties can be approximated as 25% of the value used,
being 𝑢𝜑𝑟𝑒𝑓

𝐵𝑂

= 0.25, 𝑢𝜈𝐵𝑂 = 10 𝑀𝐽/𝑘𝑔, 𝑢𝜑𝑟𝑒𝑓

𝐵𝑀𝐹

= 0.06, and 𝑢𝜈𝐵𝑀𝐹 = 13.8 𝑀𝐽/𝑘𝑔.

The total energy output per liter of processed volume for Batch 1 – Batch 5 was 2.36 kJ/L,

2.12 kJ/L, 2.35 kJ/L, 2.40 kJ/L, and 2.83 kJ/L, respectively. The uncertainty in these data,
calculated from Equation 4-95, is 0.59 kJ/L, 0.56 kJ/L, 1.21 kJ/L, 1.22 kJ/L, and 1.48 kJ/L,
respectively. These uncertainties represent between 25% and 52% of the energy output.

EROI
The EROI is calculated as,
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𝐸𝑅𝑂𝐼 =

𝐸́𝑜𝑢𝑡
𝐸́𝑖𝑛

2

−𝐸́𝑜𝑢𝑡

and the associated uncertainty is,
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𝑢𝐸𝑅𝑂𝐼 = ��

𝑢𝐸́

𝑜𝑢𝑡

𝐸́𝑖𝑛

� +�

2
𝐸́𝑖𝑛

2 0.5

∙ 𝑢𝐸́𝑖𝑛 � �

The EROI for Batch 1 – Batch 5 was 9.1 x 10-4, 8.4 x 10-4, 10.4 x 10-4, 5.0 x 10-4, and 34.5 x 10-4,
respectively. The uncertainty in these values is 2.4 x 10-4, 2.3 x 10-4, 5.4 x 10-4, 2.6 x 10-4, and
18.7 x 10-4, respectively. These uncertainties are between 26% and 54% of the EROI values.
The majority of this uncertainty is associated with the energy outputs and much of it is
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propagated from uncertainty for unknown terms in the equations (e.g., 𝜑𝑟𝑒𝑓𝐵𝑂 and 𝜈𝐵𝑂 ).

However, when evaluating such a large, multi-phase production process, a relatively large
uncertainty was expected. On average, the EROI for Batch 1 – Batch 5 was determined to be 9.2
x 10-4 ± 3.3 x 10-4.
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5. Water Intensity of Algal Biofuel Production
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INTRODUCTION
In Chapter 4, the energy return on investment (EROI) was calculated for four cases: the
Experimental Case, Reduced Case, Highly Productive Case, and the Literature Model. In this
chapter, the water intensity of producing biofuel in the first three cases of the EROI analysis are
determined using the data presented in Chapter 4. Analogous to the second-order EROI that
includes direct and indirect energy inputs, the water intensity is calculated using direct and
indirect water inputs. Direct water inputs include water used to cultivate algae and chilling water
used during oil separations (specifically, distillation). Indirect inputs include water required for
producing electricity and material inputs. The water intensity for these three cases is evaluated
with respect to the amount of water that would be consumed and the amount of water that would
be withdrawn. As defined by King and Webber,
“Water consumption describes water that is taken from surface water or groundwater
source and not directly returned, for example, a closed-loop cooling system for
thermoelectric steam power generation where the withdrawn water is run through a cooling
tower and evaporated instead of being returned to the source is consumption. Water
withdrawal pertains to water that is taken from a surface water or groundwater source, used
in a process, and (may be) given back from whence it came to be available again for the same
or other purposes. An example is an open-loop cooling system for thermoelectric steam
power generation that pumps cool water from a reservoir into its condensing unit and
discharges the majority of that heated water back into the reservoir where any water not
evaporated due to the added heat is withdrawn. For any given water withdrawal,
consumption is less than or equal to the amount withdrawn. To determine the water
consumption or withdrawal for each input, the amount of each energy or material input is
multiplied by the water equivalent for that input.”[395]
The amount of water consumption and withdrawal for each input was calculated in the same
manner as described by King and Webber. Using this framework, withdrawals must match or
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exceed consumption. In this chapter, 1,000 L of processed growth volume is selected as the
reference unit, and therefore water consumption and withdrawal is reported in units of liters per
kL of processed volume, i.e., L/kLp. As an example, 1054 kJ and 1.24 kJ of electricity were
consumed per liter of growth volume to mix the ponds in the Experimental Case and the Highly
Productive Case. The water consumption and water withdrawal equivalent values for electricity
are 0.49 L/MJ and 21.2 L/MJ, respectively.[395] Thus, for pond mixing, 517 liters and 0.69
liters of water were consumed per thousand liters of growth volume that was processed (L/kLp)
in the Experimental Case and the Highly Productive Case, respectively. Similarly, 22,362 liters
and 26.24 liters of water were withdrawn per thousand liters of growth volume that was
processed (L/kLp) for pond mixing in these cases. In this way, the same data set that was used
for each input in the EROI analysis (e.g., kg of CO2 consumed during growth, kWh of electricity
for the power supply used for cell lysing, etc.) was used to calculate the water intensity
(consumption and withdrawal) by replacing the energy equivalent (cf. Table 4-2) with the water
equivalent for that input (cf. Table 5-1 and Table 5-2). The system boundary is shown in Figure
5-1 and all values assumed for calculations are the same as those used previously by King and
Webber.[395]
This analysis assumes that all water consumed or withdrawn is fresh water, although the
results of this study and others indicate that using salt water, brackish water, and waste water will
be necessary for large-scale production.[29, 378, 392] For determining the total water intensity,
it is assumed that both the biomass fuel (methane) and the bio-oil (a diesel substitute) are used
for transportation yielding a total distance traveled from the combination of these fuels. The
water intensity is therefore the total water required for producing these fuels divided by the
combined distance traveled.
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Figure 5-1. Algal biofuel production pathway used in this analysis.
RESULTS
Water Intensity for Algal Biofuels
The total amount of water, consumed or withdrawn, for producing fuels required for 1 mile
of transportation was calculated and compared with equivalent results for other transportation
fuels, as determined previously [395]. Using this metric (gallons of water consumed/withdrawn
per mile traveled) for all transportation fuels provides a direct comparison to evaluate the relative
magnitude of the water consumption and withdrawal required for producing transportation fuel
from algae. There are three major parts of this calculation: 1) determining the amount water
consumed and withdrawn for each of the three cases (in L of water per kL of growth volume
processed), 2) determining how much biofuel could be produced in each of the three cases (in kg
of biocrude and kg of methane per kL of growth volume processed), and 3) estimating the
distance that could be traveled using the biofuel produced (in miles per kg of each biofuel).
Combining the results of these parts, with necessary unit conversions, yields the total water
consumption and withdrawal per mile traveled for each of the three cases as,
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𝑊𝐶𝐼 = (𝑉́
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where 𝑊𝐶𝐼 is the water consumption intensity, 𝑊𝑊𝐼 is the water withdrawal intensity, 𝑊𝐶

́ is the water withdrawn per liter
the water consumed per liter of growth volume processed, 𝑊𝑊

of growth volume processed, 𝑉́𝐵𝐶 and 𝑉́𝐵𝑀𝐹 are the volumes of bio-oil and biomass fuel

(methane) produced, and 𝐹𝐸𝐵𝑂 and 𝐹𝐸𝐵𝑀𝐹 are the fuel economy values for transportation via
bio-oil and methane fuels.

The amount of water consumed and withdrawn for each input of the 5 batches described in
Chapter 4 is shown in Table 5-1 and Table 5-2, respectively. Table 5-3 lists the average results
for the Experimental Case and the associated uncertainty, along with the water consumption and
withdrawal for the Reduced Case and the Highly Productive Case. In total, 3,540 L, 77 L, and
116 L would be consumed for each kL of volume processed for the Experimental Case, Reduced
Case, and Highly Productive Case, respectively. The amount of water withdrawn in these cases
is 53,689 L, 1,307 L, and 1,230 L, respectively.

Recall from the EROI analysis that the

Experimental Case contains major artifacts associated with lab-scale production. The biocrude
yield is 2.1 mg, 2.1 mg, and 210 mg per Lp for the Experimental Case, Reduced Case, and
Highly Productive Case, respectively. The methane yield is 42 mg, 42 mg, and 150 mg per Lp
for these cases. As shown in Table 5-4, these results yield a water consumption of 1,680 kL,
36.3 kL, and 0.56 kL per kg of bio-oil produced (allocating 100% of the water to bio-oil and 0%
to methane).
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Direct water inputs associated with cultivation account for 54%, 65%, and 43% of the total
water consumed for the Experimental Case, Reduced Case, and the Highly Productive Case,
respectively. Thus, using salt water, brackish water, or waste water could significantly reduce
the overall fresh water intensity. However, some fresh water consumption for cultivation is
inevitable for maintaining proper growth conditions (i.e., blow down). It is also important to
consider allocation of water requirements among all co-products in a production pathway. Since
a significant amount of methane is assumed to be produced, allocating the water impacts
between bio-oil and methane reduces the overall water impact per kg of bio-oil produced.
Electricity production consumes 0.49 L of water per MJ output and withdraws 21.2 L of
water per MJ output, on average.[395] Owing to the less-than-unity EROI for algal biofuels in
this production pathway (cf. Chapter 4), the water intensity per MJ of energy output is much
higher for all three cases than for electricity, as shown in Table 5-4. Specifically, the water
consumption per MJ output for the Experimental Case, Reduced Case, and Highly Productive
Case is 1,493 L/MJ, 32.3 L/MJ, and 7.0 L/MJ, respectively. The water withdrawn per MJ of
output for these cases is 22,600 L/MJ, 551 L/MJ, and 68.1 L/MJ, respectively.

Water

availability is often a limiting resource for electricity production [395], and these results
demonstrate that this limitation will be much more significant for algal biofuels. The Reduced
Case and Highly Productive Case assume no evaporation and 95% recycling, which are very
optimistic assumptions for practical large-scale production. Therefore, water availability will be
particularly limiting for biofuels produced from open-pond algal cultivation.
The fuel economy for transportation using bio-oil and methane was calculated using similar
assumptions as in [395]. The distance traveled using bio-oil per liter of processed (pond) volume
(𝑋́𝐵𝑂 , in miles per kL of processed volume) is calculated as,
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5-3

́

𝑀 ∙𝐹𝐸
[𝑘𝑔/𝑘𝐿𝑝]∙[𝑚𝑖/𝑔𝑎𝑙]
𝑋́𝐵𝑂 = 𝐵𝑂𝜌 𝐵𝑂 ≡
[𝑘𝑔/𝑔𝑎𝑙]
𝐵𝑂

where 𝑀́𝐵𝑂 is the mass of bio-oil produced per processed volume, 𝜌𝐵𝑂 is the bio-oil density (0.8
kg/L or 3.03 kg/gal), and 𝐹𝐸𝐵𝑂 is the bio-oil fuel economy (28.2 mpg). Similarly, the distance

traveled using methane (biomass fuel) per liter of processed (pond) volume (𝑋́𝐵𝑀𝐹 , in miles per

kL of processed volume) is calculated as,
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𝑀
∙𝐹𝐸
[𝑘𝑔/𝑘𝐿𝑝]∙[𝑚𝑖/𝑆𝐶𝐹]
𝑋́𝐵𝑀𝐹 = 𝐵𝑀𝐹 𝐵𝑀𝐹 ≡
[𝑘𝑔/𝑆𝐶𝐹]
𝜌
𝐵𝑀𝐹

where 𝑀́𝐵𝑀𝐹 is the mass of methane produced per processed volume, 𝜌𝐵𝑀𝐹 is the methane
density (0.68 g/L or 19.28 g/SCF), and 𝐹𝐸𝐵𝑀𝐹 is the methane fuel economy (0.17 miles/SCF).

The distances traveled using bio-oil and methane per ML of growth volume processed are 386

mi, 386 mi, and 3,262 mi, for the Experimental Case, Reduced Case, and the Highly Productive
Case, as reported in Table 5-4. The water intensity values (𝑊𝐶𝐼 and 𝑊𝑊𝐼) are then calculated

according to Equations 5-1 and 5-2, and the results are also reported in Table 5-4 and plotted in
Figure 5-2.

Comparison to Other Transportation Fuels
Figure 5-2 plots the overall water intensity (consumption and withdrawal) for the three cases
considered in this study alongside equivalent results for a variety of transportation fuels,
including fossil fuels, electricity for electric vehicles, and biofuels (note the logarithmic scales).
As shown, the Experimental Case water intensity (which includes significant lab-scale artifacts)
far exceeds any of the other transportation fuels. The Reduced Case water intensity is similar to
that for irrigated biofuels (on the order of hundreds of gallons of water consumed per mile
traveled), but significantly exceeds all of the other fuels’ water intensities. Meanwhile, the
Highly Productive Case water consumption intensity is lower than that of irrigated biofuels, but
its water withdrawal intensity is greater than that of irrigated corn ethanol. Still, the Highly

272

Productive Case, which assumes very efficient water use, is orders of magnitude more water
intensive than traditional fossil fuels or non-irrigated biofuels.

Figure 5-2. Water intensity of transportation for several fuels, including the bio-oil and methane
co-products from the algal biofuel cases: Experimental Case, Reduced Case, and Highly
Productive Case.*Note the logarithmic scale and cf. Table 5-4 for raw data for the algal biofuel
cases.
Comparison to Other Studies
Several other studies have been conducted to determine the water intensity of algal biofuel
production and the systems modeled in each study vary.[29, 378, 392, 396] Analogous to energy
inputs, the water inputs for a production pathway include direct and indirect parts. Additionally,
the water consumption required to produce capital equipment can be included (e.g., water
required for producing glass bioreactors [396]). Figure 5-3 illustrates the relationship between
water intensity of algal fuels and the number of inputs considered along with data reported in
several studies, which are described below.
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Figure 5-3. Water consumption intensity (gal of water per mile traveled) for various studies that
include different numbers of inputs (direct, indirect, capital, etc.). The curves shown are for
illustration purposes only, as the actual curve shapes are not known.
Harto et al. determined that producing 1 kg of biodiesel would consume between 24 and 50 L
of water using closed bioreactors for growth and between 26 and 526 L of water would be
consumed using open ponds.[396] In that study, direct water consumption and water
consumption associated with some capital equipment (glass photobioreactors) was considered.
Additionally, water inputs were allocated between biodiesel and co-products (similar to the
allocation between bio-oil and methane, cf. Table 5-4). However, most indirect inputs were
omitted, such as water associated with nutrients and electricity. The results by Harto et al. for
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closed-bioreactors are roughly an order of magnitude lower than those in the Highly Productive
Case (which also assumes closed reactors), and this difference results from the omission of
indirect water consumed for nutrients and electricity by Harto et al.
Yang et al. also calculated the amount of direct water that would be consumed (no indirect
water inputs) for producing 1 kg of biodiesel using open ponds for growth and with various
water recycling rates. The study by Yang et al. does not consider any co-products, which would
reduce the water intensity for biofuel production by allocating the total water requirements
among all products. For 0% recycling and 100% recycling, respectively, Yang et al. determined
that 3,726 kL of water and 596 L of water would be consumed to produce 1 kg of biodiesel.
[392] The results for open ponds by Harto et al. discussed above agree within a factor of 3 with
those by Yang et al. that assume 100% recycling. Coincidentally, the Highly Productive Case
result (which models a closed bioreactor with 95% recycling, yielding 560 L consumed per kg of
bio-oil) compares well with these results, despite using a very different hypothetical production
pathway.

The differences between these three studies offset one-another. Specifically, the

Highly Productive Case assumes 95% recycling (as opposed to 100% by Yang et al. and ~98%
by Harto et al.) and includes indirect water requirements (omitted by Yang et al. and Harto et
al.), which increases the water intensity with respect to the other studies. Conversely, the Highly
Productive Case assumes no evaporation by cultivation in bioreactors (as opposed to lake
evaporation used by Yang et al. and the open-pond model used by Harto et al.), which decreases
the water intensity with respect to the other studies. These effects off-set one-another yielding
comparable water intensity estimates for these hypothetical cases of ~0.2-0.6 kL per kg of biooil, which translates to about 6 – 17 gal of water per mile traveled. Finally, Lundquist et al.
provide an assessment of waste water required for algal biocrude and methane production, and
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estimate that 2,170 L of waste water would be consumed per kg of biocrude produced with a
methane co-product of 1.1 m3 per kg of biocrude. These values translate to a WCI of 36 gal of
waste water per mile traveled).[378]

In this case, treatment (and thus consumption) of

wastewater is a desired result. Lardon et al. state an estimated water requirement of 4 L per kg
of algae, which would yield between and 11 and 34 L of water required per kg of biodiesel (and
an “oilcake” co-product), which compares reasonably with the results presented by Harto et
al.[85]

CONCLUSION
These results demonstrate the challenge of water availability that faces algal biofuel
production.

This challenge is exacerbated by the mismatched resource location of water

resources and warm, sunny climates. Although, in some locations, there are sufficient resources
of brackish water aquifers (e.g., west Texas) or sea water (e.g., Hawaii), which are co-located
with high solar resources and warm climates. These locations, particularly those with access to
cheap electricity, nitrogen, and phosphorus sources (e.g., at a waste-water treatment plant and/or
electricity generation plant), are the most suitable locations for algal biofuel production. In these
select locations, the EROI will be improved by utilizing free or cheap nutrients and electricity
and the fresh water intensity might be lowered by utilizing non-fresh water resources for
cultivation. However, the total amount of biofuel production would therefore be limited by the
number of these suitable locations. Alternatively, ultra-low water intensive algal cultivation
methods are being investigated that could significantly reduce the water requirements for
growing algae.[397] To fully evaluate the feasibility of those approaches, a complete EROI,
water intensity, and FROI analysis is needed.
While the WCI and WWI metrics are useful to evaluate the magnitude of water required for
fuel production, they do not consider water quality.

The relationship between water

requirements (considering magnitude and quality) and water availability is more important than
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the water intensities. However, this relationship is dependent on several parameters for any
given location, and therefore must be evaluated on a case-by-case basis. Water resources are
abundant in many locations, and thus the high water intensity of algal biofuels might not be a
limiting factor.

Use of wastewater and saline waters (which represent variations in water

quality) would also impact the overall fresh water intensities.
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Table 5-1. Water Consumption. Direct and indirect water consumption and associated uncertainty for 5 batches. Unless otherwise
noted, data are reported in units of liters per thousand liters of processed volume (L/kLp). “Unc” is the uncertainty of the associated
measurement, cf. Chapter 4 for details.

Inputs and Outputs
Vol. Processed (Lp)

Water
Equiv.
(L/X)

Growth Total
Direct Water

1 L/L
1

#1
(L/kLp)
947.00

#1 Unc
(L/kLp)

#2
(L/kLp)
974.00

#2 Unc
(L/kLp)

#3
(L/kLp)
1889.00

#3 Unc
(L/kLp)

#4
(L/kLp)
1893.00

#4 Unc
(L/kLp)

#5
(L/kLp)
1941.00

#5 Unc
(L/kLp)

Ave
Water
(L/kLp)

3294.21

976.29

3372.86

998.89

2689.80

1066.34

4716.68

1353.40

1600.72

529.19

3134.85

2097.48

665.82

2119.67

672.86

1683.79

803.00

2420.20

754.23

1224.43

429.90

1909.11

CO2

6.50 L/kg

66.95

17.46

68.81

18.04

46.21

12.37

95.00

24.66

27.03

7.35

60.80

Urea

7.88 L/kg1

1.84

0.46

1.86

0.46

4.05

1.01

7.76

1.94

1.24

0.31

3.35

10 L/kg2

0.07

0.02

0.07

0.02

0.16

0.04

0.35

0.09

0.11

0.03

0.15

10 L/kg2

0.04

0.01

0.04

0.01

0.10

0.02

0.22

0.05

0.07

0.02

0.10

2

10 L/kg

0.06

0.01

0.06

0.01

0.14

0.03

0.30

0.08

0.10

0.03

0.13

2.8 L/kg

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.29

0.07

0.06

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

F/2 Media
Sodium phosphate
monobasic dihydrate
Ferric chloride hexahydrate
EDTA dihydrate
B3N Media
Sodium Nitrate
Instant Ocean Salt (NaCl)
Lighting

0.49 L/MJ

483.70

121.50

488.82

122.78

289.73

72.90

780.42

196.51

65.81

16.58

421.69

Compressor

0.49 L/MJ

201.90

56.57

207.97

58.19

157.10

44.52

322.41

98.77

73.20

20.83

192.52

Transfers

0.49 L/MJ

0.36

0.38

0.37

0.38

0.38

0.39

0.86

0.89

0.03

0.03

0.40

Mixing

0.49 L/MJ

411.92

104.61

454.98

116.57

486.52

124.86

1054.31

264.20

176.53

44.78

516.86

Greenhouse Fans

0.49 L/MJ

29.77

9.43

30.09

9.53

21.59

7.18

34.60

11.91

31.87

9.27

29.58

9.44

2.42

9.11

2.34

13.67

3.47

12.23

3.10

11.21

2.84

11.13

Harvesting Total
Pump from pond

0.49 L/MJ

0.61

0.15

0.63

0.16

0.86

0.21

1.27

0.32

1.04

0.26

0.88

Forklift propane

0.3 L/L

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Centrifuge

0.49 L/MJ

6.88

1.77

6.64

1.70

7.89

2.02

6.72

1.72

6.05

1.55

6.84

Centrifuge Pump

0.49 L/MJ

1.94

0.50

1.84

0.47

4.91

1.23

4.24

1.06

4.13

1.03

3.41
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Table 5-1 (continued)
Lysing Total

1.51

0.44

1.79

0.52

2.58

0.51

1.74

0.50

1.69

0.49

1.86

Pump

0.49 L/MJ

0.01

0.00

0.01

0.00

0.01

0.01

0.02

0.01

0.01

0.01

0.01

Power Supply

0.49 L/MJ

1.50

0.44

1.78

0.52

2.28

0.45

1.54

0.45

1.50

0.43

1.72

Fans

0.49 L/MJ

0.00

0.00

0.00

0.00

0.28

0.05

0.19

0.05

0.18

0.05

0.13

469.22

122.87

384.83

120.69

396.74

63.88

531.35

134.77

178.92

47.73

392.21

0.49 L/MJ

0.13

0.04

0.62

0.16

0.75

0.09

0.24

0.06

1.25

0.32

0.60

Feed Pump

0.49 L/MJ

0.65

0.16

0.92

0.23

1.42

0.18

0.45

0.11

0.32

0.08

0.75

Vacuum Pump

0.49 L/MJ

10.71

2.68

8.58

2.15

11.30

1.38

5.07

1.27

3.93

0.98

7.92

Stage 1 Heater

0.49 L/MJ

2.66

0.67

3.08

0.77

4.89

0.58

1.98

0.49

1.24

0.31

2.77

Stage 2 Heater

0.49 L/MJ

0.89

0.22

0.22

0.06

0.63

0.06

0.24

0.06

0.19

0.05

0.43

Chilled Water

1 L/L

386.28

102.13

401.60

109.77

309.35

51.86

490.88

124.65

163.97

43.98

350.42

67.89

16.97

-30.18

7.55

68.40

9.73

32.49

8.13

8.04

2.02

29.32

0.01

0.01

0.01

0.01

0.01

0.01

0.01

0.01

0.00

0.00

0.01

Extraction Total
Membrane
2 Pumps
Distillation

Heptane Loss

2

30 L/L

Refining Total
Bio-oil refining

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Refining Materials

2

30 L/L

0.00

0.00

0.01

0.01

0.01

0.01

0.01

0.01

0.00

0.00

0.01

Biomass Fuel Refining

0 L/MJ

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

3774.38

1102.03

3768.61

1122.45

3102.79

1134.21

5262.01

1491.78

1792.55

580.26

3540.08

Total Input (L/kLp)
Biocrude (mg/Lp)

0.49 L/MJ

1.61

0.26

2.96

0.48

2.60

0.43

2.34

0.01

1.06

0.01

162.62

8.14

141.68

7.08

159.48

7.98

163.75

8.17

197.44

9.75

Bio-oil (mg/Lp)

1.61

0.26

2.96

0.48

2.60

0.43

2.34

0.01

1.06

0.01

Methane (mg/Lp)

40.98

2.05

35.70

1.78

40.19

2.01

41.27

2.06

49.76

2.46

Total Output (kJ/Lp)

2.32

Biomass in Slurry (mg/Lp)

2.08

2.31

2.36

2.78

1 – Derived from [398] including cooling water (12 kg of water per kg of ammonia). 2 – Estimated roughly.
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Table 5-2. Water Withdrawal. Direct and indirect water withdrawal and associated uncertainty for 5 batches. Unless otherwise noted,
data are reported in units of liters per thousand liters of processed volume (L/kLp). “Unc” is the uncertainty of the associated
measurement, cf. Chapter 4 for details.
Inputs and Outputs
Vol. Processed (Lp)

Water
Equiv.
(L/X)

#1
(L/kLp)
947.00

Growth Total
Direct Water
CO2

1 L/L

#2
(L/kLp)

#2 Unc
(L/kLp)

974.00

#3
(L/kLp)

#3 Unc
(L/kLp)

1,889.00

#4
(L/kLp)

#4 Unc
(L/kLp)

1,893.00

#5
(L/kLp)

#5 Unc
(L/kLp)

Ave
Water
(L/kLp)

1,941.00

50,955.0

13,337.8

53,340.1

13,993.1

43,066.4

11,626.4

97,387.7

25,540.8

16,285.4

4,396.1

52,206.9

2,097.48

665.82

2,119.67

672.86

1,683.79

803.00

2,420.20

754.23

1,224.43

429.90

1,909.11

1

66.95

17.46

68.81

18.04

46.21

12.37

95.00

24.66

27.03

7.35

60.80

1

7.88 L/kg

1.84

0.46

1.86

0.46

4.05

1.01

7.76

1.94

1.24

0.31

3.35

10 L/kg2

0.07

0.02

0.07

0.02

0.16

0.04

0.35

0.09

0.11

0.03

0.15

10 L/kg2

0.04

0.01

0.04

0.01

0.10

0.02

0.22

0.05

0.07

0.02

0.10

10 L/kg2

0.06

0.01

0.06

0.01

0.14

0.03

0.30

0.08

0.10

0.03

0.13

2.8 L/kg

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.29

0.07

0.06

6.50 L/kg

Urea

#1 Unc
(L/kLp)

F/2 Media
Sodium phosphate
monobasic dehydrate
Ferric chloride
hexahydrate
EDTA dehydrate
B3N Media
Sodium Nitrate
Instant Ocean Salt

0

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Lighting

21.2 L/MJ

20,927.4

5,256.5

21,148.8

5,312.1

12,535.2

3,154.1

33,765.0

8,502.1

2,847.1

717.4

18,244.7

Compressor

21.2 L/MJ

8,735.1

2,447.6

8,997.9

2,517.5

6,796.9

1,926.2

13,949.2

4,273.3

3,167.1

901.1

8,329.6

Transfers

21.2 L/MJ

15.78

16.26

15.95

16.44

16.33

16.83

37.28

38.42

1.12

1.15

17.29

Mixing

21.2 L/MJ

17,822.1

4,525.8

19,685.1

5,043.5

21,049.5

5,401.9

45,615.1

11,430.8

7,637.8

1,937.5

22,361.9

Greenhouse Fans

21.2 L/MJ

1,288.09

407.81

1,301.72

412.12

934.07

310.78

1,497.05

515.12

1,378.96

401.18

1,279.98

408.49

104.66

394.18

100.99

591.24

149.95

529.13

134.11

484.99

122.90

481.61

Harvesting Total
Pump from pond

21.2 L/MJ

26.60

6.70

27.43

6.90

37.17

9.30

54.83

13.71

44.82

11.21

38.17

Forklift propane

0.30 L/L

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Centrifuge

21.2 L/MJ

297.79

76.37

287.11

73.61

341.56

87.52

290.85

74.53

261.65

67.05

295.79

Centrifuge Pump

21.2 L/MJ

84.11

21.60

79.64

20.48

212.52

53.13

183.44

45.86

178.51

44.63

147.64
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Table 5-2 (continued)
Lysing Total

65.23

19.03

77.48

22.54

111.56

21.87

75.40

21.80

73.00

21.18

80.53

Pump

21.2 L/MJ

0.46

0.12

0.51

0.13

0.61

0.42

0.81

0.45

0.39

0.41

0.56

Power Supply

21.2 L/MJ

64.76

18.91

76.97

22.42

98.83

19.39

66.53

19.29

64.75

18.77

74.37

Fans

21.2 L/MJ

0.00

0.00

0.00

0.00

12.12

2.06

8.06

2.06

7.86

2.00

5.61

1,105.17

282.10

952.09

262.92

1,199.45

160.56

868.55

219.26

471.39

121.24

919.33

21.2 L/MJ

5.46

1.52

26.69

6.93

32.65

3.92

10.55

2.72

54.03

13.84

25.88

Feed Pump

21.2 L/MJ

28.21

7.10

39.96

10.02

61.41

7.92

19.35

4.87

13.76

3.46

32.54

Vacuum Pump

21.2 L/MJ

463.40

115.85

371.41

92.86

488.87

59.60

219.32

54.83

169.86

42.47

342.57

Stage 1 Heater

21.2 L/MJ

115.25

28.82

133.21

33.31

211.71

25.06

85.47

21.38

53.48

13.37

119.82

Stage 2 Heater

Extraction Total
Membrane
2 Pumps
Distillation

21.2 L/MJ

38.68

9.70

9.40

2.48

27.07

2.46

10.48

2.68

8.26

2.10

18.78

Chilled Water

1 L/L

386.28

102.13

401.60

109.77

309.35

51.86

490.88

124.65

163.97

43.98

350.42

Heptane Loss

30 L/L2

67.89

16.97

-30.18

7.55

68.40

9.73

32.49

8.13

8.04

2.02

29.32

0.08

0.08

0.15

0.15

0.13

0.13

0.12

0.12

0.05

0.05

0.11

Refining Total
Bio-oil refining

21.2 L/MJ

0.08

0.08

0.14

0.14

0.12

0.12

0.11

0.11

0.05

0.05

0.10

Refining Materials

21.2 L/MJ

0.00

0.00

0.01

0.01

0.01

0.01

0.01

0.01

0.00

0.00

0.01

0 L/MJ

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

52,534.0

13,743.7

54,764.0

14,379.7

44,968.8

11,958.9

98,860.9\

25,916.1

17,314.8

4,661.4

53,688.6

1.61

0.26

2.96

0.48

2.60

0.43

2.34

0.01

1.06

0.01

162.62

8.14

141.68

7.08

159.48

7.98

163.75

8.17

197.44

9.75

1.61

0.26

2.96

0.48

2.60

0.43

2.34

0.01

1.06

0.01

Methane (mg/Lp)

40.98

2.05

35.70

1.78

40.19

2.01

41.27

2.06

49.76

2.46

Total Output (kJ/Lp)

2.32

Biomass Fuel Refining
Total Input (L/kLp)
Biocrude (mg/Lp)
Biomass in Slurry
(mg/Lp)
Bio-oil (mg/Lp)

2.08

2.31

1 – Derived from [398] 2 – Estimated roughly
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2.36

2.78

Table 5-3. Water consumption and withdrawal for the Experimental Case, Reduced Case, and the Highly Productive Case.
Water Consumption

Water Withdrawal

Ave Total
Water
(L/kLp)
3,134.85

Ave Tot
Water Unc.
(L/kLp)
984.82

Reduced
Case
(L/kLp)
69.83

Highly
Productive
Case
(L/kLp)
103.89

Ave Total
Water
(L/kLp)
52,206.93

Ave Tot
Water Unc.
(kJ/Lp)
13,778.84

Reduced
Case
(L/kLp)
1,272.00

Highly
Productive Case
(L/kLp)
1,079.51

1,909.11

665.16

50.00

50.00

1,909.11

665.16

1,000.00

1,000.00

CO2

60.80

15.98

13.52

52.00

60.80

15.98

13.52

52.00

Urea

3.35

0.84

0.31

1.20

3.35

0.84

0.31

1.20

0.15

0.04

0.02

0.08

0.15

0.04

0.02

0.08

0.10

0.02

0.00

0.00

0.10

0.02

0.00

0.00

0.13

0.03

0.00

0.00

0.13

0.03

0.00

0.00

0.06

0.01

0.00

0.00

0.06

0.01

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Lighting

421.69

106.05

0.00

0.00

18,244.70

4,588.45

0.00

0.00

Compressor

192.52

55.78

0.00

0.00

8,329.26

2,413.15

0.00

0.00

Growth Total
Direct Water

F/2 Media
Sodium phosphate
monobasic dehydrate
Ferric chloride
hexahydrate
EDTA dehydrate
B3N Media
Sodium Nitrate
Instant Ocean Salt

Transfers

0.40

0.41

0.00

0.00

17.29

17.82

0.00

0.00

Mixing

516.86

131.00

5.97

0.61

22,361.90

5,667.91

258.15

26.24

Greenhouse Fans

29.58

9.46

0.00

0.00

1,279.98

409.40

0.00

0.00

Harvesting Total

11.13

2.83

2.34

7.55

481.61

122.52

22.12

27.33

Pump from pond

0.88

0.22

0.47

0.47

38.17

9.57

20.25

20.25

Forklift propane

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Centrifuge

6.84

1.75

0.00

0.00

295.79

75.82

0.00

0.00

Centrifuge Pump

3.41

0.86

0.00

0.00

147.64

37.14

0.00

0.00

1.87

7.08

1.87

7.08

Flocculants
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Table 5-3 (continued)
Lysing Total

1.86

0.49

0.10

0.10

80.53

21.28

4.45

4.45

Pump

0.01

0.01

0.00

0.00

0.56

0.30

0.08

0.08

Power Supply

1.72

0.46

0.10

0.10

74.37

19.75

4.37

4.37

Fans

0.13

0.03

0.00

0.00

5.61

1.22

0.00

0.00

392.21

97.99

4.42

4.42

919.33

209.21

8.32

8.32

0.60

0.13

0.00

0.00

25.88

5.79

0.00

0.00

Feed Pump

0.75

0.15

0.00

0.00

32.54

6.67

0.00

0.00

Vacuum Pump

7.92

1.69

0.00

0.00

342.57

73.12

0.07

0.07

Stage 1 Heater

2.77

0.56

0.09

0.09

119.82

24.39

3.92

3.92

Stage 2 Heater

0.00

0.00

18.78

3.89

0.00

0.00

Extraction Total
Membrane
2 Pumps
Distillation

0.43

0.09

Chill Water

350.42

86.48

4.33

4.33

350.42

86.48

4.33

4.33

Heptane Loss

29.32

8.88

0.00

0.00

29.32

8.88

0.00

0.00

Refining Total

0.01

0.00

0.00

0.23

0.11

0.10

0.11

10.36

Bio-oil refining

0.00

0.00

0.00

0.22

0.10

0.10

0.10

9.73

Refining Materials

0.01

0.00

0.00

0.00

0.01

0.00

0.01

0.62

Biomass Fuel Refining

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

3,540.08

1086.14

76.70

116.19

53,688.61

14,131.97

1,307.00

1,129.97

2.11

2.11

207.77

2.11

2.11

207.77

Total Input (L/kLp)

Biocrude (mg/Lp)
Biomass in Slurry (mg/Lp)

164.99

164.99

598.50

164.99

164.99

598.50

Bio-oil (mg/Lp)

2.11

2.11

207.77

2.11

2.11

207.77

Methane (mg/Lp)

41.58

41.58

150.82

41.58

41.58

150.82

Total Output (kJ/Lp)

2.37

2.37

16.61

2.37

2.37

16.61
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Table 5-4. Water intensity of transportation from bio-oil and methane derived from the algal
biofuel production pathway analyzed in Chapter 4.
Experimental
Case

Reduced
Case

Highly
Productive
Case

3,540

76.7

116

Mining/Farming (Growth) (L/kLp)

3130

69.8

104

Processing/Refining (L/kLp)

405

6.87

12.3

2.37

2.37

16.6

Bio-oil Produced per Vol. Processed (kg/kLp)

0.002

0.002

0.21

Methane Produced per Vol. Processed (kg/kLp)
Water Consumed per kg bio-oil (kL/kg)

0.04
1,680

0.04
36.3

0.15
0.56

Water Consumed per kg methane (kL/kg)

85.1

1.84

0.77

Water Consumed per Energy Output (L/MJ)

1,490

32.3

7.00

Miles Traveled from Bio-oil per Vol. Processed (mile/MLp)

19.7

19.7

1,930

Miles Traveled from Methane per Vol. Processed (mile/MLp)

366

366

1,330

Total Miles Traveled per Vol. Processed (mile/MLp)

386

386

3,260

Water Consumption per Mile (L/mile)

9,180

199

35.6

Water Consumption per Mile (gal/mile)

2,430

52.6

9.41

2,150

47.8

8.41
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4.71

1.00

Experimental
Case

Reduced
Case

Highly
Productive
Case

53,700

1,310

1,130

Mining/Farming (Growth) (L/kLp)

52,200

1,270

1,080

Processing/Refining (L/kLp)

1,480

35.0

50.5

2.37

2.37

16.6

Bio-oil Produced per Vol. Processed (kg/kLp)

0.002

0.002

0.21

Methane Produced per Vol. Processed (kg/kLp)
Water Withdrawal per kg bio-oil (kL/kg)

0.04
25,400

0.04
619

0.15
5.40

Water Withdrawal per kg methane (kL/kg)

1,290

31.4

7.49

Water Withdrawal per Energy Output (L/MJ)

22,600

551

68.1

Miles Traveled from Bio-oil per Vol. Processed (mile/MLp)

19.7

19.7

1,930

Miles Traveled from Methane per Vol. Processed (mile/MLp)

366

366

1,330

Total Miles Traveled per Vol. Processed (mile/MLp)

386

386

3,260

Water Withdrawal per Mile (L/mile)

139,000

3,390

346

Water Withdrawal per Mile (gal/mile)

36,800

895

91.5

Consumption
Water Consumed per Vol. Processed (L/kLp)

Energy Output per Vol. Processed (MJ/kLp)

Water Consumption from Mining/Farming (Growth) (gal/mile)
Water Consumption for Processing/Refining (gal/mile)

Withdrawal
Water Withdrawal per Vol. Processed (L/kLp)

Energy Output per Vol. Processed (MJ/kLp)

Water Withdrawal from Mining/Farming (Growth) (gal/mile)

35,800

871

87.4

Water Withdrawal for Processing/Refining (gal/mile)

1,020

24.0

4.09
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6. Economic Assessment of an Algal Biofuels Plant in Context to those for
Corn Ethanol Plants
ABSTRACT
In this study, the economics of a corn ethanol production plant are used as a model to
estimate the economics associated with a notional algal biofuels production plant. For the corn
ethanol model developed, corn represents 72% of the total cost (with the remainder divided
between non-corn variable costs and capital costs) and revenues are divided among corn ethanol
(67%), subsidies (21%), and dried distillers grains with solubles (11%). The general impacts of
corn ethanol production on other segments of the economy are also discussed.
A similar model was applied to estimate costs and revenues for an algal biofuels plant under
three scenarios that were presented in Chapter 4: an Experimental Case, a Reduced (Inputs)
Case, and a Highly Productive Case. The partial financial return on investment (PFROI) for
these three cases (excluding government subsidies as revenue and excluding fuel distribution,
capital costs and labor) was 9.2 x 10-5, 0.013, and 0.37, respectively. The amounts of CO2,
nitrogen, water, and electricity that would be required to produce 5 Bgal/yr (which would satisfy
the unspecified portion of the Renewable Fuel Standards), in these three scenarios were also
calculated. The results demonstrate that algal biofuel production under the Experimental Case is
completely unfeasible, as expected due to lab-scale artifacts. The Reduced Case would be
limited by resource availability (e.g., the nitrogen requirement to produce 5 Bgal/yr would be
1210% of current U.S. nitrogen fertilizer consumption). In the Highly Productive Case, the
amounts of resource requirements are more feasible, but still very large (e.g., the nitrogen
requirement to produce 5 Bgal/yr would be 45% of current U.S. nitrogen fertilizer consumption).
Unfortunately, the partial financial return on investment in both of these cases is much less than
1 (0.013 and 0.37, respectively). This study indicates that for the partial financial return on
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investment to be greater than one for the algal biofuel production system modeled in the Highly
Productive Case (variable costs of ~$0.55/kL of processed volume and processing capital costs
of ~$0.01/kL), the algal concentration needs to be 2.75 g/L with a 30% neutral lipid fraction
(which would yield ~$0.56/kL of processed volume of non-subsidy revenue). The challenge is
growing, processing, and refining this high-yield biomass for less than $0.56/kL ($0.18/kg of
biomass), especially since many of the costs scale directly with biomass productivity (e.g.,
nutrient costs increase as biomass productivity increases). For an overall financial return on
investment to be greater than 1, the biofuel yield would need to be significantly greater or these
costs would need to be significantly lower to enable revenue sufficient to cover fuel distribution,
capital costs (for growth and refining facilities), labor, and other expenses that are not included
in the partial financial return on investment calculated in this study.

INTRODUCTION
Biofuel production is motivated by the desire to create sustainable, domestic energy systems
and reduce greenhouse gas emissions. Currently, corn ethanol, sugar cane ethanol, and biodiesel
(which are all first-generation biofuels), comprise the vast majority of global biofuel production
[399-401] (yielding ~22 Bgal/yr in 2008 [400]). However, the production of biofuels has farreaching economic impacts. On the supply side, biofuel production increases the demand for
several agricultural commodities (i.e., corn, soybeans, and sugar cane), which causes
corresponding price increases in animal feed and food products. Furthermore, increased biofuel
feedstock production results in significant increases in the consumption of several critical
resources, including land, water, and fertilizer. On the demand side, biofuels and biofuel coproducts are substitutes for an assortment of goods, including gasoline, methyl tertiary-butyl
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ether (MTBE), natural gas, and animal feed.[402-405] Based on these relationships, there are
both positive and negative economic impacts associated with biofuel production.
Despite the widespread implementation of corn ethanol in the United States, sugar cane
ethanol in Brazil, and biodiesel in Europe, several studies have identified significant negative
economic impacts of first generation biofuels. Most importantly, first generation biofuels have
been shown to increase food prices and require vast amounts of land, thereby promoting land use
change.[406-408] In an attempt to avoid these negative impacts, there has been intense research
interest in developing second generation biofuels and algal biofuels that do not compete with
food crops, arable land, or fresh water.
In this study, the economic impacts of corn ethanol production are reviewed and used as a
guide to evaluate the projected economic impacts of algal biofuels. The economics for a corn
ethanol plant and a notional algal biofuels plant are described in detail and the larger economic
impacts are described generally.

ETHANOL PLANT ECONOMIC MODEL
There have been several economic models proposed to characterize the impacts of corn
ethanol production, and the scope of these models has varied. Several computable general
equilibrium analyses have been conducted [399, 408, 409], in addition to multiple partial
equilibrium analyses [410, 411]. However, this section focuses on characterizing the economics
of a single ethanol plant, based on the results from previous studies.[402, 403, 407, 412-415]
This characterization is done by considering the expenses and revenues associated with
processing a bushel of corn into fuel (including capital costs for the plant, operating costs,
subsidies, ethanol revenue, and co-product revenue), and largely based on the results from
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Elobeid et al. (2006) and Kwiatkoski et al. (2006).[412, 414] Figure 6-1 illustrates the top-level
cash flows for the ethanol plant model.

Figure 6-1. Expenses (on the left) and revenue (on the right) for a corn ethanol plant.[412, 414]
Expenses
The cost of corn is the greatest expense for an ethanol plant, consisting of between 50-75%
of the total production cost (including capital costs). Therefore the ethanol plant economics are
highly dependent on the price of corn, which is dependent on the price of oil, as described below.
The model in Figure 6-1 assumes a corn price of $5.00/bu, which is in-line with the predicted
long-run corn price of $4.74/bu as calculated by Elobeid et al. (based on a long-run oil price of
$70/bbl).[412] At the time of this study (November 2010), the corn price was $5.46/bu and the
oil price is $87/bbl. Kwiatkowski et al. provide cost estimates for building and operating a 40million-gallon (per year) ethanol plant. The capital costs were determined to be $0.33/bu
($0.11/gal) and the operating costs, excluding corn expenses, were $1.23/bu ($0.41/gal).
Similarly, Elobeid et al. provide cost estimates for a 50-million-gallon (per year) ethanol plant to
be $0.72/bu ($0.24/gal) for capital expenses and $1.56/bu ($0.52/gal) for non-corn variable costs.
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Therefore, assuming a corn price of $5.00/bu and average operating and capital costs from the
referenced studies (capital costs of $0.53/bu and operating costs of $1.40/bu) yields a total
production cost of $6.93/bu ($2.31/gal).

Revenue
Revenue is derived from three sources: ethanol, dried distillers grains with solubles (DDGS),
and subsidies. The price of ethanol, which is related to the price of petroleum, is also an
important factor and was assumed to be $1.61/gal. Since ethanol contains two-thirds of the
energy content of gasoline, this corresponds to a gasoline price of $2.12/gal, which is equitable
with an oil price of about $70/bbl. For every bushel of corn processed, roughly 3 gal of ethanol
can be produced, yielding revenue of $4.83/bu.[412, 414] Similarly, for every bushel, roughly
17 lbs of DDGS are produced [412] and the revenue from this co-product has been estimated to
be between $0.66 and $0.85 per bushel.[412, 414] Finally, government subsidies provide a
$0.51/gal incentive, resulting in $1.53/bu of income for ethanol refiners. Therefore, assuming an
ethanol price of $1.61/gal ($4.83/bu), a DDGS co-product revenue of $0.76/bu, and a subsidy of
$1.53/bu yields $7.12/bu of revenue. Therefore, the modeled revenue exceeds expenses by only
3%, which is reasonable for this top-level analysis. If actual revenues exceeded expenses,
additional investments in corn ethanol production would increase demand for corn, thereby
increasing the corn price until equilibrium were achieved.

ECONOMIC IMPACTS OF CORN ETHANOL PRODUCTION: A REVIEW
The Renewable Fuels Standards (RFS) of the Energy Independence and Security Act (EISA),
passed in 2007, mandates 22 Bgal/yr of biofuel production and allows for 15 Bgal/yr of that
production to be from corn ethanol by 2022.[416] By 2009, the U.S. was producing more than
10 Bgal/yr of corn ethanol (accounting for nearly half of the world’s biofuel production).[416] It
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is expected that the U.S. will reach its goal of 15 Bgal/yr of corn ethanol production by 2022 by
devoting additional acreage to corn production and diverting a larger portion of the corn crop to
biofuel production. Several studies have been conducted to evaluate the economic impacts of
U.S. corn ethanol production, and this section outlines the most significant factors identified in
those studies.
Figure 6-2 displays a schematic illustrating the supply and demand chain for corn ethanol and
related products. As shown, corn production is impacted by the availability of land, water, seeds,
fertilizer, and fuels. Demand for corn is divided among corn ethanol (32%), food products
(25%), and animal feed (43%).[401, 417] The price of corn, and therefore the price of corn
ethanol, is influenced by each of the relationships illustrated in Figure 6-2.

Figure 6-2. Supply and demand chain for corn (and corn ethanol). Dashed lines connect
substitutes.[401, 417]
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Food Prices
The impact of corn ethanol production on food prices is described in a report by the
Congressional Budget Office as:
“Producing ethanol for use in motor fuels increases the demand for corn, which ultimately
raises the prices that consumers pay for a wide variety of foods at the grocery store, ranging
from corn syrup sweeteners found in soft drinks to meat, dairy, and poultry products. In
addition, the demand for corn may help push up the prices of other commodities, such as
soybeans. (Farmers that increase the number of acres they plant with corn to meet rising
demand will most likely plant fewer acres with other crops.)”[401]
The same report estimates that of the food price increase in 2007 (~1% on average), roughly 10%
of the increase can be attributed to corn ethanol production, yielding a total impact of ethanol
production on food prices to be roughly a 0.1% increase.

Animal Feed
The use of corn for ethanol production is directly competitive with the use of corn for animal
feed. However, the co-product of ethanol, dried distiller grains with solubles (DDGS), can be
used for animal feeds. The percentage of the total corn crop that has been used to produce corn
ethanol was 0.5%, 4.4%, 6.3%, and 33% in 1980, 1990, 2000, and 2009, respectively.[418] The
increased percentage of corn used for fuel has drastically reduced the availability of corn feeds,
thereby increasing the cost of livestock production. Governor Perry (TX) stated that the
increased corn prices drove the leading pork producer in Texas out of business in 2008 due to
feed costs that rose 50% in four years.[419] The implementation of corn ethanol production has
also increased the cost of transporting corn feeds for livestock by 5-24%.[420]

Land Use
Crop production is land intensive, and the amount of available land devoted to each crop is
largely dependent on crop prices. In addition, high crop prices incentivize farmers to create new
lands for farming, which can result in deforestation or land conversions (e.g., from grasslands to

291

crop land). Based on these drivers, increased corn prices have been shown to cause farmers to
increase the amount of lands used for corn production (at the expense of wheat, soy, and other
crops) and to promote deforestation and land-use changes.[406, 421]
In addition, the finite availability of arable land restricts the total amount of biofuel that can
be produced. For instance, although nearly one third of all corn produced in the U.S. is used for
corn ethanol, this production (~10 Bgal/yr) only satisfies about 5% of the total U.S.
transportation fuel demand (~180 Bgal/yr). Assuming corn yields of 400 bushels per acre and 3
gal of ethanol produced from each bushel, satisfying 100% of the U.S. transportation needs
(~180 Bgal/yr) would require about 150 million acres, which is about 37% of the total U.S
cropland [422]. Clearly, arable land is a limiting resource for corn ethanol production.

Energy Prices
As shown in Figure 6-2, energy prices influence corn ethanol production on the supply side
(as inputs required for cultivating corn and processing it into fuel) and also on the demand side
(since ethanol is a substitute for gasoline). Specifically, price increases for natural gas increase
fertilizer prices, which can account for up to 20% of the cost of producing corn.[423] Corn
cultivation also requires a significant amount of petroleum fuels, thereby causing a correlation
between the price of petroleum and corn price. Conversely, because ethanol is a petroleum fuel
substitute, the corn price developed a strongly inelastic relationship with the price of petroleum
following the Renewable Fuel Standards.[401, 402, 407] Therefore, increased oil prices create a
cascade of increased prices for corn ethanol, corn, and subsequently, other agricultural products.
It has been shown that the corn ethanol price is typically 50 cents above the price of wholesale
gasoline.[407] The coupling of corn price to oil price on the consumer side is compounded by
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the relationship between fuel consumption at the farm and corn price, which are associated with
petroleum and natural gas used during cultivation (for equipment fuel and fertilizer).[407]

Agricultural Crop Prices
The price of corn ethanol is impacted by, and in-turn influences, the price of corn.[407, 414,
415] McNew and Griffith found that installing an ethanol plant increased the price of corn by
12.5 cents per bushel in that location.[415] Through the mechanism of substitution, corn prices
affect, and are affected by, other agricultural commodity prices (i.e., wheat, soybean, rice, etc.).
Therefore, corn ethanol production has increased the price of corn and thereby increased the
price of other agricultural commodities.[412]

Subsidies
As stated by Eidman [402],
“Perhaps the two most important programs for a discussion of ethanol profitability are the
Volumetric Ethanol Excise Tax Credit (VEETC) and the small ethanol producer tax credit.
VEETC provides a $0.51 excise tax credit per gallon of ethanol blended. … The small
producer tax credit provides an income tax credit for the ethanol plant of $0.l0 per gallon on
the first 15 million gallons produced per year.”

As illustrated in Figure 6-1, government subsidies are required to enable profitable corn ethanol
production.[402, 403, 410, 413, 420] Parcell and Westhoff estimate that government ethanol
subsidies total ~$2B/yr.[424] Additionally, there are state and local tax incentives for corn
ethanol production.
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ECONOMIC MODEL OF AN ALGAL BIOFUELS PLANT
In this section, an economic model for a notional algal biofuels plant is described based on
the similar model for corn ethanol, presented above. Constructing an economic model for algal
biofuel production is particularly challenging due to the lack of commercial-scale production.
As a result, researchers are left with two choices: 1) to calculate economic projections for
theoretical systems [83, 378] or 2) to characterize production based on research-scale processes.
The first approach provides results that might not be grounded in practicality and lack
experimental validation. The second approach yields results that are based on sub-optimal
processes that are often not being considered for future commercial-scale systems. Furthermore,
without an operating algal biofuel production plant, it is challenging to project the plant
construction and operating costs (i.e., fixed and variable costs) for such a system. Finally,
without knowing exact compositions of refined algal fuels, it is also difficult to estimate their
market price. With these precautions in mind, gross approximations are made to estimate the
expenses and revenue for operating a notional algal biofuels plant in three different scenarios
(described below and illustrated in Figure 6-3). One thousand liters of processed growth volume
(1 kL, which is equal to 1 m3) is used as the reference unit, analogous to 1 bushel of corn in the
preceding section.
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Figure 6-3. Expenses (on the left) and revenue (on the right) for an algal biofuel plant under
three scenarios: Experimental Case, Reduced Case, and Highly Productive Case. Capital costs
for plant construction were based on costs per oil yield for ethanol plants ($0.18/gal and do not
consider any growth facility or refining facility capital costs). Data is presented with respect to
one thousand liters of processed volume. For the Experimental Case and the Reduced Case,
0.00069 gal of bio-oil are produced per kL of processed volume, while the Highly Productive
Case would yield 0.069 gal/kL.
Expenses
The algal biofuels plant model is based on the system developed at the University of Texas at
Austin that been described previously (cf. Chapter 3 and 4).[114, 288, 289] That system enables
production of a petroleum fuel substitute (bio-oil) and methane (bio-gas). The energy and
materials consumed for producing bio-oil were measured for five large batches in Chapter 4 and
are used as the basis for the Experimental Case data. In addition, two speculative cases, a
Reduced (Inputs) Case and a Highly Productive Case, are presented. The Reduced Case is
designed to represent an efficient, commercial-scale operation of a system that is similar to the
Experimental Case, but would require significantly less energy and material inputs. The Highly
Productive Case uses similar assumptions for calculating variable costs as the Reduced Case and
very optimistic energy outputs (1 g/L of algal concentration and 30% neutral lipid fraction with
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cultivation operating costs of $0.42/kg). Figure 6-3 displays a schematic for the costs and
revenues of the three cases.
The capital costs for constructing cultivation facilities and a refining facility are neglected
(cf. Lundquist et al. for capital cost estimates [378]) , while the capital cost for constructing an
algal fuels processing plant is assumed to be the same as that for a corn ethanol plant (i.e., $0.18
per gal or $0.05 per liter of bio-oil). This value was used for all three cases and translates to
$0.12/ML for the Experimental and Reduced Cases and $12/ML for the Highly Productive Case.
Due to the low oil yield, the capital cost estimate in the Experimental and Reduced Cases is very
low, and not representative of the costs that would be required to build an algal biofuels plant.
The cost of growing algae (𝐶̃́𝐺 ) was calculated for the experimental data by applying the

electricity and material prices shown in Table 6-2, yielding a total cost of growth of $105.2/kL
for the Experimental Case. With 2.1 g of bio-oil produced from each kL of processed volume,
these cultivation costs, 𝐶̃𝐺 , are $152,500 per gal of bio-oil. Applying the same prices to the

material and energy inputs calculated for the Reduced Case (cf. Table 6-3) yields a total growth
cost of $0.74/kL, or $1,072/gal of bio-oil. The improvement of two orders of magnitude from
the Experimental Case to the Reduced Case is consistent with the energy balance results.[288,
289] The largest inputs in the Reduced Case are mixing, antibiotics, water, and CO2. The
Highly Productive Case uses similar assumptions as the Reduced Case, however, differences in
productivity result in a total cultivation cost of $0.42/kL (equivalent to $0.42/kg of algae or
$6.11/gal of bio-oil). For reference, Table 1-2 lists costs for producing algae that range from
$0.18/kg - $32/kg, as determined in other studies.
The combined cost of processing (harvesting, lysing, and separations), 𝐶̃́𝑃 , and refining, 𝐶̃́𝑅 ,

were calculated to be $7.70/kL ($11,159/gal of bio-oil) and $0.09/kL ($128/gal of bio-oil) for the
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Experimental and Reduced Cases respectively (cf. Table 6-2 and Table 6-3). In the Reduced
Case, pumping algae from the pond to the harvesting facility and chilled water for distillation
account for 3% and 5% of the total cost, respectively ($39/gal and $56/gal of bio-oil). The
Highly Productive Case requires $0.13/kL for processing and refining ($1.88/gal).

Revenue
For each kL of pond water processed, 2.1 g of biocrude and 160 g of biomass were
recovered, on average. These products correspond to roughly 250 mg of algal biomass per liter
of pond water, with 2% neutral lipid fraction (i.e., biocrude), 50% biocrude recovery, and about
64% biomass recovery. Assuming 100% conversion of biocrude to bio-oil and 0.25 g of
methane produced per g of biomass [377] yields 2.1 g of bio-oil per kL (0.00069 gal/kL) and
41.6 g of methane per kL. Assuming market prices of $2.50/gal ($0.83/kg) of bio-oil and
$4/MMBtu of methane ($0.21/kg) yields revenues of $0.0017/kL for bio-oil and $0.0087/kL for
methane in the Experimental Case ($0.010/kL of total revenue). The same fuel products (and
thus revenues) were assumed for the Reduced Case.
For the Highly Productive Case, the algal density was assumed to be 1 g/L, the neutral lipid
fraction was assumed to be 30%, and optimistic processing efficiencies were assumed (𝐿𝐹 =

0.23, 𝑈𝐿𝐹 = 1, 𝜑ℎ𝑎𝑟𝑣 = 0.9, 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 = 0.95, 𝜑𝑠𝑒𝑝𝐿∙ 𝜑𝑠𝑒𝑝𝑈𝐿 = 0.9, 𝜈𝐵𝑂 = 40 𝑀𝐽/𝑘𝑔, 𝜑𝑟𝑒𝑓𝐵𝑂 =

0.9, 𝜑𝑠𝑒𝑝𝐵𝑆 = 1, 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 = 0.25, and 𝜈𝐵𝑀𝐹 = 55 𝑀𝐽/𝑘𝑔, cf. Chapter 4 and [1, 288, 289]). This

scenario would produce 208 g (0.069 gal) of bio-oil and 151 g of methane for each kL of

processed volume. These yields amount to $0.17/kL of bio-oil revenue and $0.03/kL of methane
revenue ($0.20/kL of total revenue).
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A production subsidy of $0.51/gal is provided for corn ethanol. If an equal subsidy is
provided for algal fuels, the production plant would gain incremental income of $0.0004/kL for
the Experimental and Reduced Cases and $0.035/kL for the Highly Productive Case.

Financial Return on Investment (FROI)
Based on the framework presented in Chapter 1 and the financial flows in Figure 6-3, the
financial return on investment, 𝐹𝑅𝑂𝐼, can be calculated as,
6-1

𝑇𝑅

𝑅𝐵𝑂 +𝑅𝐵𝑀𝐹 +𝑅𝑆

𝐹𝑅𝑂𝐼 = 𝑇𝐶 = 𝑇𝐶

𝐺 +𝑇𝐶𝑃 +𝑇𝐶𝑅 +𝑇𝐶𝐷

[−]

where 𝑇𝑅 is the total revenue and 𝑇𝐶 is the total cost of the production pathway. Also shown in

Equation 6-1, 𝑅𝐵𝑂 is the revenue generated from bio-oil, 𝑅𝐵𝑀𝐹 is the revenue generated from

biomass fuel (methane), and 𝑅𝑆 is the subsidy revenue. The total cost can be expanded as the

total cost for growth (𝐺), processing (𝑃), refining (𝑅), and distribution (𝐷), as shown in Equation
6-1. Each of these terms is comprised of capital costs (𝐶𝐶), operating costs (material and energy
inputs) (𝑂𝐶), and labor (𝐿), yielding,
6-2

𝐹𝑅𝑂𝐼 = (𝐶𝐶+𝑂𝐶+𝐿)

𝑅𝐵𝑂 +𝑅𝐵𝑀𝐹 +𝑅𝑆

𝐺 +(𝐶𝐶+𝑂𝐶+𝐿)𝑃 +(𝐶𝐶+𝑂𝐶+𝐿)𝑅 +(𝐶𝐶+𝑂𝐶+𝐿)𝐷

[−]

The operating costs for growth, processing, and refining are reported in Table 6-2 and Table 6-3
and estimated capital costs for processing are shown in Figure 6-3. Considering only the
operating costs and the non-subsidy revenue, the partial financial return on investment (𝑃𝐹𝑅𝑂𝐼),
which is defined as,
6-3

𝑃𝐹𝑅𝑂𝐼 = (𝑂𝐶)

𝑅𝐵𝑂 +𝑅𝐵𝑀𝐹

𝐺 +(𝑂𝐶)𝑃 +(𝑂𝐶)𝑅

[−]

The relationships among the PFROI, FROI, EROI, and quality-adjusted EROI values are
described in more detail, below.
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Based on the data in Table 6-3, the PFROI would be 9.2 x 10-5, 0.013, and 0.37, for the
Experimental, Reduced, and Highly Productive Cases, respectively. These values are equal
(within rounding errors) to the quality-adjusted second-order EROI values calculated in Chapter
4 for the same cases. Adding a presumed $0.51/gal subsidy (𝑅𝑆 ) and processing facility capital

costs (which are a minor fraction of total costs) would increase these values to 9.6 x 10-5, 0.014,
and 0.43, respectively.

ECONOMIC IMPACTS OF ALGAL BIOFUEL PRODUCTION: A PROJECTION
The economic impact of algal biofuel production is assessed in this section by calculating the
amount of CO2, nitrogen fertilizer, water, and electricity that would be required for producing 5
Bgal of algal bio-oil per year based on the Experimental, Reduced, and Highly Productive Cases
presented above (cf. Table 6-2 and Table 6-3). In addition, the impact of the methane co-product
is considered. Each of the results is summarized in Table 6-1. This amount of fuel production (5
Bgal/yr) represents about 2.8% of the U.S. transportation fuel consumption and would satisfy the
mandate for “advanced biofuels” from unspecified sources in 2022 in the Renewable Fuels
Standards (RFS) of the Energy Independence and Security Act (EISA).[425] Figure 6-4 displays
a schematic illustrating the supply and demand chain for algal biofuel, analogous to that for corn
ethanol shown in Figure 6-2.
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Figure 6-4. Supply and demand chain for algal biofuels. Dashed lines connect substitutes.
Carbon Dioxide
Under ideal conditions, algae require roughly 2 kg of CO2 for each kg of algal biomass
produced (cf. Chapter 7).[19, 29, 85] However, in the experiments, most of the CO2 delivered to
the growth volumes was not retained in biomass (and released as outgas). As a result, 9.35 g of
CO2 were consumed per liter of pond water processed, which only contained 0.26 g of algae
(yielding 0.00069 gal of bio-oil/kL of pond water), on average. Based on this consumption, 13.8
Mg of CO2 were consumed per gal of bio-oil. For the Reduced Case, assuming 25% of the CO2
provided to an algal culture is absorbed and an algal concentration of 0.26 kg/kL is achieved,
2.06 kg of CO2 are consumed per kL of pond water processed. With 0.00069 gal of bio-oil
produced per kL of pond water (2.1 g/kL), 3.0 Mg of CO2 would be required for each gal of biooil produced. For 5 Bgal/yr, this amount equates to 1.5 x 1013 kg of CO2 per year, which is 2.7
times greater than the total CO2 emissions in the U.S. in 2009 (~5.51 x 1012 kg).[426] For the
Highly Productive Case (1 kg/kL, 8 kg of CO2 per kL of processed volume, 0.068 gal of bio-oil
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per kL of pond water) 115.9 kg of CO2 would be required for each gal of bio-oil produced. For 5
Bgal/yr of bio-oil, this equates to 5.8 x 1011 kg of CO2 consumed per year, which is ~10.5% of
the total CO2 emissions from the U.S.
Table 6-1. Summary of results for the Experimental, Reduced, and Highly Productive Cases.
Data per gal refers to gal of bio-oil production.
Experimental
Case
9.2 x 10-4
9.2 x 10-5

Reduced
Case
0.079
0.013

Highly
Productive
Case
0.24
0.36

PFROI
PFROI w/ Subsidies and Plant Costs

9.2 x 10-5
9.6 x 10-5

0.013
0.014

0.37
0.43

CO2 Consumption
(% of total annual U.S. emissions for 5 Bgal/yr)

14 Mg/gal
1,200%

3.0 Mg/gal
270%

120 kg/gal
11%

Nitrogen Consumption
(% of total annual U.S. N fertilizer use for 5 Bgal/yr)

290 kg/gal
13,000%

26 kg/gal
1,200%

1.0 kg/gal
45%

Water Consumption
(Multiples of annual Austin water use for 5 Bgal/yr)

5.1 ML/gal
150,000X

110 kL/gal
3,400X

1.7 kL/gal
51X

Electricity Consumption
(% of annual U.S. electricity production for 5 Bgal/yr)

3.5 TJ/gal
120,000%

20 GJ/gal
6,900%

38 MJ/gal
1.3%

Methane Production
(% of U.S. natural gas displaced for 5 Bgal/yr)

42 g/kL
60%

42 g/kL
60%

150 g/kL
2.2%

Bio-oil Production
(% of U.S. transp. oil displaced by 5 Bgal/yr))

2.1 g/kL
2.80%

2.1 g/kL
2.80%

210 g/kL
2.80%

Second-Order EROI [289]
Quality-Adjusted Second-Order EROI [289]

Nitrogen Fertilizer
For ideal conditions, roughly 70 g of nitrogen are required for each kg of algal biomass (cf.
Chapter 7).[29, 85, 371] In the experiments, 0.20 kg of nitrogen were consumed per kL of
processed volume. This amount translates to 292 kg of nitrogen per gal of bio-oil produced
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(which is 769 g of N per kg of algal biomass). For the Reduced Case, assuming 100% uptake
rate and 0.26 kg of algae per kL of pond water, about 18.2 g of N are required per kL of pond
water. With 0.00069 gal of bio-oil per kL, this amount translates to 26.4 kg of N per gal of biooil, or 1.32 x 1011 kg of N per year required to produce 5 Bgal of bio-oil, which is 12 times the
total amount of nitrogen consumed as fertilizer in the U.S. in 2005 (11.25 x 109 kg/yr).[423] In
the Highly Productive scenario (1 kg/kL, 70.0 g of N per kL of processed volume, 0.069 gal of
bio-oil per kL of pond water) 1.01 kg of N are required per gal, or 5.1 x 109 kg of N would be
required for 5 Bgal of bio-oil, which is 45% of the total amount of nitrogen fertilizer consumed
in the U.S. annually.

Water
As detailed in Chapter 5, with 0% recycling in the Experimental Case, 1.91 kL of water were
consumed for growth and 3.54 kL of total water (direct and indirect water) were consumed for
each kL of water processed. This consumption results in 5.1 ML of total water per gal of bio-oil
produced. Assuming 95% recycling (and no evaporation) in the Reduced Case and Highly
Productive Case, 50 L of direct water would be consumed during growth per kL of processed
volume. With the addition of chilled water (used during distillation) and indirect water inputs,
77 L and 116 L of total water are consumed for each kL of processed volume in the Reduced and
Highly Productive Cases, respectively (cf. Chapter 5). With an oil yield of 0.00069 gal/kL and
0.069 gal/kL for the Reduced Case and Highly Productive Case, this translates to 111.6 kL and
1.7 kL of water consumed per gal of bio-oil, respectively. This amount equates to 5.6 x 1014 L
and 8.5 x 1012 L of water required each year, respectively, to produce 5 Bgal of bio-oil per year.
For perspective, these values are equivalent to 3,400 times and 51 times more water than the city
of Austin consumes each year (~166 BL/yr).[427]
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Electricity
In the Experimental Case, 2.4 GJ of electricity were consumed per kL of pond water
processed, resulting in ~3.5 x 1012 J of electricity consumption per gal of bio-oil. In the Reduced
Case, 13.5 MJ of electricity are required per kL of pond water processed with 0.00069 gal of biooil produced per kL. Thus, 19.6 GJ of electricity would be required per gal of bio-oil, or 98.1 EJ
for 5 Bgal of bio-oil per year, which is 6.9 times the annual U.S. electricity generation (14 EJ in
2009)[428]. To make matters worse, the quality of electricity is about twice that of petroleum
fuels. In the Highly Productive Case, 2.59 MJ of electricity is consumed per kL of pond water,
which yields 0.068 gal of bio-oil. Thus, 37.5 MJ of electricity would be consumed per gal of
bio-oil, or 0.19 EJ per year for 5 Bgal of bio-oil per year. This amount is 1.3% of the annual
U.S. electricity generation in 2009 [428].

Methane Co-Product
The Reduced Case outputs were assumed to be the same as those measured in the
Experimental Case (i.e., 2.1 g of bio-oil and 41.6 g of methane per kL of volume processed).
Based on these data, 60.29 kg of methane would be produced per gal of bio-oil, which results in
16.6 EJ/yr of methane energy produced for 5 Bgal/yr of bio-oil. This methane yield would
displace 60% of the total U.S. natural gas consumption (~28.1 EJ/yr in 2009)[429]. In the
Highly Productive Case a smaller portion of the biomass is used to produce methane (70% rather
than ~95-99% in the Experimental and Reduced Cases). As a result, only 2.2 kg of methane
would be co-produced for each gal of bio-oil, resulting in 0.60 EJ/yr of methane co-product for 5
Bgal/yr of algal bio-oil. This methane production could replace ~2.2% of the total U.S. natural
gas consumption.

303

RELATIONSHIPS BETWEEN FROI AND EROI
The EROI analysis presented in Chapter 4 and the PFROI analysis presented in this chapter
consider the same inputs and outputs, and are therefore parallel analyses. Figure 6-5 illustrates
the relationships between the EROI, quality-adjusted EROI (QA EROI), and PFROI with respect
to the number of inputs that are considered in the analysis. This approach is an extension of the
methodology developed by King et al.[367] As more inputs are included in the calculations, the
return on investment values decrease. The quality-adjusted second-order EROI is equal to the
PFROI, which is dictated by using quality factors that are based on the price of each energy and
material flow in the analysis (cf. Chapter 4).

Figure 6-5. The EROI and PFROI for the Experimental Case and the Highly Productive Case
with respect to number of inputs considered. Curves are presented for illustration, as the actual
curve shapes are not known.
CONCLUSIONS
In many regards, corn ethanol production in the U.S. has been very successful: the level of
production has met the RFS mandates, corn ethanol is a domestically produced petroleum fuel
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substitute, and production has improved economies in corn producing regions. However, the
negative impacts of corn ethanol production, which include increased food and feed prices
(nationally and internationally) [401], direct and indirect land use changes [406], increased
demand for nitrogen fertilizer (and increased surface water nitrogen contamination [430]), and
increased government spending associated with subsidies [402], have resulted in a strong
opposition to continued corn ethanol production.
Based on the secondary effects of corn ethanol production that have been observed, one can
expect similar, and less desirable, effects would occur for large scale production of algal bio-oil
(e.g., 5 Bgal/yr). Widespread production of algal biofuels would significantly increase
competition for fertilizer, electricity, CO2, and water. While sequestration of CO2 would be
desirable and some water requirements could be met with waste water or salt water, the increased
demand for fertilizer and electricity would have negative economic impacts. With an energy
return on investment less than 1, any algal biofuel production would require more energy than it
would produce, and much of this energy would be required in the form of electricity. Depending
on the scale of production, this electricity requirement could impact electricity prices and could
have a significant, unintended impact on carbon emissions, which would result from the
associated electricity generation. Although not addressed in this report, widespread algal biofuel
production would also require available land (potentially non-arable land), which could create
competition for lands that are near critical resources (e.g., waste water or salt water and sources
of CO2). It is possible, if not likely, that the industry growth will be along the most energy
efficient path so as to mitigate or eliminate the scenario described here.
While algal bio-oil represents a potential alternative petroleum fuel substitute, especially for
high energy-density applications such as aviation fuels, current technologies do not enable
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profitable production and significant negative impacts would result from widespread production.
As a result, “game-changing” biotechnological advances are needed (e.g., genetic modification),
processing improvements are needed (i.e., energy efficient technologies), and algal cultivation
methods that utilize waste forms of energy and nutrients (e.g., flue gas CO2 and nutrients from
waste water) are needed. Barring these game-changing advances, or others such as the
implementation of a carbon credit system, algal fuels will not be economically feasible.
Table 6-2. Experimental Case Inputs and Outputs. Data are reported in units of dollars per kL
of processed volume ($/kL) unless otherwise noted.

Inputs and Outputs
Volume (L)

Cost
Equivalent
($/X)

Growth Total ($/kL)

Batch
1
947

Batch
2
974

Batch
3
1889

Batch
4
1893

Batch
5
1941

Ave Total
Cost
($/kL)

Percent
of Total

97.68

101.16

97.07

184.89

45.06

105.17

93.18

1.1 $/kL

2.22

2.24

1.78

2.56

1.29

2.02

1.79

CO2 ($/kL)

0.022 $/kg

0.23

0.23

0.16

0.32

0.09

0.21

0.18

Urea ($/kL)

0.30 $/kg

0.08

0.08

0.17

0.33

0.05

0.14

0.12

0.00

0.00

0.00

0.01

0.00

0.00

0.00

Direct Water ($/kL)

F/2 Media ($/kL)

-

Sodium phosphate
B3N Media ($/kL)
Sodium nitrate
Instant Ocean Salt ($/kL)
Antibiotics ($/kL)
Lighting ($/kL)

0.30 $/kg
0.12 $/kg

0.00

0.00

0.00

0.00

0.01

0.00

0.00

1.78 $/kg

28.69

28.99

39.64

51.73

23.75

34.56

30.62

1.0 $/g

2.03

2.05

0.72

4.64

0.00

1.89

1.67

0.028 $/MJ

27.64

27.93

16.56

44.60

3.76

24.10

21.35

Compressor ($/kL)

0.028 $/MJ

11.54

11.88

8.98

18.42

4.18

11.00

9.75

Transfers ($/kL)

0.028 $/MJ

0.02

0.02

0.02

0.05

0.00

0.02

0.02

Mixing ($/kL)

0.028 $/MJ

23.54

26.00

27.80

60.25

10.09

29.53

26.17

Greenhouse Fans ($/kL)

0.028 $/MJ

1.70

1.72

1.23

1.98

1.82

1.69

1.50

Harvesting Total

0.54

0.52

0.78

0.70

0.64

0.64

0.57

Pump from pond ($/kL)

0.028 $/MJ

0.04

0.04

0.05

0.07

0.06

0.05

0.04

Forklift propane ($/kL)

0.6 $/L

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Centrifuge ($/kL)

0.028 $/MJ

0.39

0.38

0.45

0.38

0.35

0.39

0.35

Centrifuge Pump ($/kL)

0.028 $/MJ

0.11

0.11

0.28

0.24

0.24

0.20

0.17

0.09

0.10

0.15

0.10

0.10

0.11

0.09

Lysing Total
Pump ($/kL)

0.028 $/MJ

0.00

0.00

0.00

0.00

0.00

0.00

0.00

Power Supply ($/kL)

0.028 $/MJ

0.09

0.10

0.13

0.09

0.09

0.10

0.09

Fans ($/kL)

0.028 $/MJ

0.00

0.00

0.02

0.01

0.01

0.01

0.01
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Table 6-2 (continued)
Batch
1

Batch
2

Batch
3

Batch
4

Batch
5

Ave Total
Cost
($/kL)

Percent
of Total

11.10

1.33

11.61

8.08

2.66

6.96

6.16

0.028 $/MJ

0.01

0.04

0.04

0.01

0.07

0.03

0.03

Feed Pump ($/kL)

0.028 $/MJ

0.04

0.05

0.08

0.03

0.02

0.04

0.04

Vacuum Pump ($/kL)

0.028 $/MJ

0.61

0.49

0.65

0.29

0.22

0.45

0.40

Stage 1 Heater ($/kL)

0.028 $/MJ

0.15

0.18

0.28

0.11

0.07

0.16

0.14

Stage 2 Heater ($/kL)

0.028 $/MJ

0.05

0.01

0.04

0.01

0.01

0.02

0.02

Chilled Water ($/kL)

1.5 $/kL

3.45

3.58

3.68

4.38

1.46

3.31

2.93

Heptane Loss ($/kL)

3 $/L

6.79

-3.02

6.84

3.25

0.80

2.93

2.60

Inputs and Outputs

Cost
Equivalent
($/X)

Extraction Total
Membrane
2 Pumps ($/kL)
Distillation

Refining Total
Bio-oil refining ($/kL)
Refining Materials ($/kL)
Biomass Fuel Refining ($/kL)

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.028 $/MJ

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.36 $/kg

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.028 $/MJ

0.00

0.00

0.00

0.00

0.00

0.00

0.00

109.41

103.12

109.60

193.78

58.46

112.87

100.00

1.5 g

2.9 g

4.9 g

4.4 g

2.1 g

Total Input ($/kL)
Biocrude (g)
Biomass in Slurry (g)

154 g

138 g

301 g

310 g

383 g

Bio-oil ($/kL)

0.83 $/kg

0.0013

0.0024

0.0022

0.0019

0.0009

0.0017

16.75

Methane ($/kL)

0.21 $/kg

0.0085

0.0074

0.0084

0.0086

0.0104

0.0087

83.25

0.010

0.010

0.010

0.010

0.011

0.010

100.00

0.09

0.10

0.10

0.05

0.23

0.092

Total Output ($/kL)
Partial FROI (x103) (no
subsidies or capital costs)

Table 6-3. Reduced Case and Highly Productive Case Inputs and Outputs.
Red. Case
($/ML)

Red. Case
%

Red. Case
($/gal)

HP Case
($/ML)

HP %

HP Case
($/gal)

Growth Total

739.62

89.36

1057.28

422.33

76.83

6.18

Direct Water

52.84

6.38

76.58

52.84

9.61

0.78

CO2

45.87

5.54

66.47

176.00

32.02

2.59

Urea

13.37

1.62

8.72

51.44

9.36

0.74

0.41

0.93

13.00

2.36

0.18

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

0.00

283.20

34.22

410.44

94.40

17.17

1.39

0.00

0.00

0.00

0.00

0.00

0.00

Inputs and Outputs

F/2 Media

-

Sodium phosphate monobasic hydrate
B3N Media

Sodium Nitrate

Instant Ocean Salt
Antibiotics
Lighting

3.38
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Table 6-3 (continued)
Inputs and Outputs
Compressor
Transfers

Red. Case
($/ML)
0.00

Red. Case
%
0.00

Red. Case
($/gal)
0.00

HP Case
($/ML)
0.00

HP %
0.00

HP Case
($/gal)
0.00

0.00

0.00

0.00

0.00

0.00

0.00

340.96

41.19

494.14

34.65

6.30

0.51

Greenhouse Fans

0.00

0.00

0.00

0.00

0.00

0.00

Harvesting Total

36.86

4.45

53.43

65.68

11.95

0.97

Pump from pond

26.74

3.27

38.75

26.74

4.86

0.39

Flocculants

10.12

1.22

14.67

38.94

7.08

0.57

Lysing Total

5.88

0.71

8.52

5.88

1.07

0.09

Pump

0.10

0.01

0.14

0.10

0.02

0.00

Power Supply

5.78

0.70

8.37

5.78

1.05

0.08

Extraction Total

44.23

5.34

64.11

43.40

7.90

0.64

0.00

0.00

0.00

0.00

0.00

0.00

Mixing

Membrane
2 Pumps
Distillation
Feed Pump

0.00

0.00

0.00

0.00

0.00

0.00

Vacuum Pump

`0.09

0.01

0.13

0.09

0.02

0.00

Stage 1 Heater

5.17

0.63

7.50

5.17

0.94

0.08

Chilled Water

38.61

4.66

55.95

37.78

6.87

0.56

Heptane Loss

0.36

0.04

0.52

0.36

0.06

0.01

Refining Total

1.07

0.13

1.56

12.38

2.25

0.18

Bio-oil refining

0.13

0.02

0.19

1.66

0.30

0.02

Refining Materials

0.08

0.01

0.11

7.58

1.38

0.11

Biomass Fuel Refining

0.87

0.10

1.26

3.15

0.57

0.05

827.67

100.00

1184.89

547.90

100.00

8.06

84.51

2.52

Total Input
Biocrude

2.1 g/kL

208 g/kL

Biomass in Slurry

165 g/kL

599 g/kL

Bio-oil

1.74

16.75

2.53

171.54

Methane

8.67

83.25

12.57

31.45

15.49

0.46

Total Output
Partial FROI (no subsidies or
capital)

10.42

100.00

15.09

202.99

100.00

2.99

0.013

0.37

308

7. First-Principles Thermodynamic Analysis of Algal Biocrude
Production
INTRODUCTION
All systems are governed by the laws of thermodynamics and, thus, first-principles
thermodynamic analyses are extremely useful for determining the fundamental limits of those
systems. For example, comparing the operation of a real system (e.g., a refrigerator, power
plant, or engine) to that of a theoretical, ideal system (e.g., the Carnot cycle, ideal Rankine cycle,
and air-standard Otto cycle, respectively) indicates the effectiveness of the real system. In this
way, it is desirable to know the maximum theoretical thermodynamic efficiency of an algal
biocrude production system for comparison with the performance of real systems, such as the
one comprising the Experimental Case that is described in previous chapters. This chapter
presents an energy, entropy, and exergy analysis of the algal biocrude production system shown
in Figure 7-1 as an initial attempt to characterize the thermodynamic efficiency of that system.
The first law of thermodynamics stipulates that energy can change forms (e.g., between heat,
work, potential energy, kinetic energy, etc.), but cannot be created or destroyed. In the algal
biocrude system (control volume I in Figure 7-1), energy is supplied to the system from solar
radiation, chemical energy in material inputs, and heat and work derived from electricity.
Energy outputs from the system include chemical energy in material flows and waste heat. By
including all energy flows (rather than only energy expenses and useful energy outputs as done
in the EROI analysis of Chapter 4), the energy inputs and outputs are balanced.
Entropy is a non-conservative thermodynamic property that is derived from the second law
of thermodynamics and describes the proximity of a substance or system to equilibrium with a
homogeneous environment (i.e., the dead-state). Entropy increases as a substance or system
becomes closer to equilibrium. In equilibrium, energy and materials are dispersed equally
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throughout the environment, and therefore, any localized energy or material is far from
equilibrium, which is represented with low entropy. Entropy can be transferred to or from a
system by heat transfer or material flows, or it can be generated in the system due to internal
irreversibilities. As the algal biofuel production pathway is carried out, the intermediate
products increase energy density, which represents a decrease in entropy afforded by external
work processes (which also generate entropy within the system (CV I) and in the surroundings
(CV II)). The necessity to traverse “down” the entropy ladder, with entropy decreasing and
energy density increasing throughout the production pathway, is fundamental to all phototropic
biofuel production.
With knowledge of the energy and entropy of a system (or substance), one can determine the
exergy of that system (or substance), which is defined as the maximum work that could be
produced by that system during ideal processes through which the system is equilibrated with the
environment. The actual work output from a real system is less than the exergy of that system
due to exergy losses that arise from irreversibilities during real processes. Therefore, the exergy
of a system represents the upper bound of the maximum possible work potential.
In a biofuel production system, the specific exergy of the intermediate products increases
throughout the production pathway (with the fuel products containing the greatest specific
exergy (i.e., work potential)). This effect is correlated to the decreasing entropy of the
intermediate products throughout the production pathway as illustrated in Equation 7-1,
7-1

∆𝐵 = ∆𝐸 + 𝑃𝑜 ∆∀ − 𝑇𝑜 ∆𝑆

where ∆𝐵 is the change in exergy (during a processing step, for instance), ∆𝐸 is the change in
1

exergy due to a change in internal energy (with ∆𝐸 = ∆ �𝑈 + 2 𝑉 2 + 𝑔𝑧�, which is the change in
energy from internal energy, kinetic energy, and gravitational potential energy), 𝑃𝑜 ∆∀ is the
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change in exergy due to a change in volume, and 𝑇𝑜 ∆𝑆 is the change in exergy associated with a
change in entropy. For the algal biofuel production pathway (neglecting kinetic energy,

gravitational potential energy, and work from changes in volume), this equation reduces to,
7-2

∆𝐵 = ∆𝑈 − 𝑇𝑜 ∆𝑆

Therefore, if the internal energy of a system (or substance) is unchanged during a processing step
(∆𝑈 = 0), exergy is increased (∆𝐵 > 0) when entropy is decreased (∆𝑆 < 0). As stipulated by
the second law of thermodynamics, the only way for the entropy of a closed system to decrease
is by extracting heat from, or performing work on, the system. The algal biofuel production
pathway is generally in thermal equilibrium with the dead state environment, which leaves
performing work on the system as the only way to reduce the entropy and increase the exergy of
the intermediate products. The fundamental questions thereby become: 1) what is the
minimum amount of work (i.e., energy) required to produce fuel from algae? and 2) how
does this theoretical minimum work input compare to the amount of energy (i.e., work)
produced from the system? Knowledge of the theoretical minimum work input required would
provide insight into the maximum possible thermodynamic efficiency of algal biofuel production
and provide a metric by which real production processes could be judged (analogous to
calculating the efficiency of an engine or generator).
In this chapter, the energy and entropy flows are defined for three scenarios: the
Experimental Case (EC, detailed in previous chapters), the Highly Productive Case II (HPCII,
very similar to the Highly Productive Case presented in previous chapters), and the Theoretical
Optimum Case (TOC, which assumes ideal growth and processing). Using the energy and
entropy data, an exergy analysis is also presented for each case. The following sections describe
the physics associated with each of the production steps (growth, harvesting, cell lysing, and oil
separations) and characterize the change in exergy associated with each step.
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Figure 7-1. Algal biofuel production process. Control volume II (CV II) includes an electric
power plant in addition to the algal biofuel processing steps in control volume I (CV I).
ENERGY, ENTROPY, AND EXERGY OF EACH PROCESSING STEP
Methodology
The goal of this analysis is to establish a first-order model of the algal biofuel production
pathway using first-principles thermodynamic analysis. A first-law analysis is presented that
accounts for all energy inputs to the system and allocates the conversion of these energy inputs
into chemical energy (energy contained in biomass) and thermal energy (heat loss). In this
analysis, it is assumed that the “system” is operating in steady state, and thus has already been
created. Therefore, the energy flows associated with construction (i.e., capital) are neglected. In
addition, the specific and total exergies are calculated for each intermediate product (growth
volume, algal concentrate, discharge water, lysed algal concentrate, biocrude, and post-extraction
algal biomass slurry). The dead-state equilibrium (i.e., the environment) is defined according to
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Szargut et al. as the earth’s atmosphere.[431] As described below, these calculations are done by
assuming that each intermediate product is an ideal solution of two or three parts. In an ideal
solution, the interactions between different molecules are negligible, such as in an ideal gas.[432,
433] The growth volume, algal concentrate, and discharge water are assumed to be ideal
solutions of two parts: algae and water. The lysed algal concentrate is assumed to be an ideal
solution of three parts: triglyceride (i.e., biocrude), non-lipid biomass, and water. Finally, the
post-extraction biomass is assumed to be an ideal solution of non-lipid biomass and water.
Assuming that each intermediate product is an ideal solution simplifies the analysis greatly,
but also neglects to consider important interactions associated with the constituents of algae
(which are compartmentalized in a complex organization of compounds) and the interactions
between algal cells and water. Thus, this assumption creates the potential for significant
divergence between the properties calculated for each intermediate product and the actual
properties. More importantly, assuming the products are ideal solutions creates the potential for
significantly underestimating the minimum work required to reduce the specific entropy and
increase the specific exergy of the intermediate products, thereby overestimating the maximum
thermodynamic efficiency. For this reason, a discussion is presented for each processing step
that describes physical processes that are ignored in this model and how those processes could
impact the thermodynamic efficiency of each step. As an example, harvesting is modeled as the
separation of algae and water from an ideal solution and neglects electrostatic forces between
algal cells and viscous dissipation associated with algal cells traveling through water. Several
practical necessities (such as pumping between production steps and solvents required for
separations) are also omitted, although these processes can be major components of the energetic
cost of algal biofuel production in real systems (cf. Chapter 4).
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Finally, in consideration of future work, surrogate materials are suggested that could be used
to experimentally determine the thermodynamic efficiency of each processing step. Future
experiments with these materials, in conjunction with more specific first-principles analysis,
could be used to more accurately determine the fundamental limits of algal biofuel production.

Units
The energy content of solar radiation, which is the desired primary energy input, is generally
reported as a power input per area, and can be represented in units of mega-joules per meter
squared per year (MJ/m2-yr). Therefore, for accounting purposes, the energy, entropy, and
exergy data associated with the growth phase are also reported in units of MJ/m2-yr. For each of
the three cases (EC, HPCII, and TOC), any value in these units can be converted to volumetric
units of MJ per liter of growth volume processed (Lp) according to,
7-3

�

𝑀𝐽

�∙�
2 −𝑦𝑟

𝑚

1 𝑦𝑟

𝑚3

𝑀𝐽

� ∙ 𝑑[𝑚] ∙ �1000 𝐿� ∙ 𝑡𝑐 [𝑑𝑎𝑦] ≡ � �

365 𝑑𝑎𝑦

𝐿𝑝

where 𝑑 is pond depth (0.2 m for all cases) and 𝑡𝑐 is cultivation time (123 days, 8.17 days, and

5.43 days, respectively). These cultivation times are calculated by dividing the assumed algal
concentration (g/L) by the biomass productivity (g/L-d) derived from the growth model
described below. For the three cases, this conversion reduces to,
7-4
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(𝐻𝑖𝑔ℎ𝑙𝑦 𝑃𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑣𝑒 𝐶𝑎𝑠𝑒 𝐼𝐼)

(𝑇ℎ𝑒𝑜𝑟𝑒𝑡𝑖𝑐𝑎𝑙 𝑂𝑝𝑡𝑖𝑚𝑢𝑚 𝐶𝑎𝑠𝑒)

These conversions are also valid for converting other values, such as kg/m2-yr to kg/L for mass
and kJ/m2-yr-K to kJ/L-K for entropy.
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To track energy, entropy, and exergy throughout the system, data are reported not only with
respect to the volume of each intermediate product (e.g., energy content per liter of algal
concentrate), but also with respect to the total growth volume processed (e.g., energy content of
algal concentrate per liter of processed volume). To distinguish between these units, the notation
L and Lp are used, respectively.

Growth
Chapter 4 describes the multi-stage cultivation process that was used during the experiments,
and the water, nutrients, and electricity consumption measured during those batches is used for
the Experimental Case here. The Highly Productive Case II is a hypothetical scenario, similar to
the Highly Productive Case described in previous chapters, which assumes cultivation in a
bioreactor with no evaporation, ideal nutrient uptake, and highly efficient mixing systems. The
Highly Productive Case II productivity results are based on the energy balance calculation
presented below, which yields greater productivities than the Highly Productive Case. As a
result, the cultivation time required to yield 1 g/L of algal concentration is shorter for the Highly
Productive Case II case than the Highly Productive Case (8.17 days versus 12.5 days). Finally,
the Theoretical Optimum Case assumes optimum values for photosynthesis (achieving a
photosynthetic efficiency of 11.9% and yielding 5 g/L of algal concentration in 5.43 days of
cultivation), ideal nutrient uptake rates, and assumes that all energy required to maintain the
growth volume is negligible.

Growth Energy Balance
The energy analysis of the growth volume is conducted based on the framework presented by
Weyer et al.[381], who outline the critical energy conversion steps for photosynthetic algal
growth and by using algae stoichiometry estimates presented by Clarens et al.[29] Specific data
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for each input of each of the three cases are shown in Figure 7-2. Lundquist et al. also present a
similar analysis.[378] For the growth phase, the energy balance for each of the three cases is
balanced to within 0.5%, as described below.

Energy Inputs to Growth
Irradiance and Conversion to Biomass: Based on the data used by Weyer et al., the incident
radiation for the Experimental Case, Highly Productive Case II, and Theoretical Optimum Case,
were specified to be 6,500 MJ/m2-yr, 6,500 MJ/m2-yr, and 11,616 MJ/m2-yr, respectively.[381]
The amount of this irradiance, 𝐼, that is converted to energy contained in the growth volume (as
algal biomass) can be calculated from,
7-7

́ 𝐺𝑉 = (𝐼 ∙ 𝑃𝐴𝑅 ∙ 𝑃𝑇𝐸 ∙ 𝑃𝑈𝐸 ∙ 𝛼 ∙ (1 − 𝐶𝑜𝐿) ∙ 𝜏) ∙ 𝑡𝑐
𝐸𝐷
𝑑

𝑘𝐽

[𝐿]

where 𝑃𝐴𝑅 is the photosynthetically active radiation, 𝑃𝑇𝐸 is the photon transmission efficiency,

and 𝑃𝑈𝐸 is the photon utilization efficiency (cf. Weyer et al. [381]). The cultivation time is 𝑡𝑐 , 𝑑
is the pond depth, and 𝛼, 𝐶𝑜𝐿, and 𝜏, are defined below. For convenience in characterizing the

Experimental Case (where most terms in Equation 7-7 are unknown, but can be calculated when
combined), 𝛽 is defined as,
7-8

𝛽 = 𝑃𝑇𝐸 ∙ 𝑃𝑈𝐸 ∙ 𝛼 ∙ (1 − 𝐶𝑜𝐿) ∙ 𝜏

and was determined indirectly to be 9.74 x 10-4. For the Highly Productive Case II and the
Theoretical Optimum Case, 𝛽 is 0.04 and 0.31, respectively. In Equation 7-7, the term 𝛼

characterizes the efficiency by which photons used for photosynthesis are converted to glucose
through the following reaction (Z-scheme photosynthesis),
7-9

𝐶𝑂2 + 𝐻2 𝑂 + 8𝛾 → 𝐶𝐻2 𝑂 + 𝑂2 + 𝑄𝑒𝑥

The amount of excess heat, 𝑄𝑒𝑥 , can be determined by conducting a enthalpy balance on
Equation 7-9, which is,
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7-10

Assuming standard conditions, these enthalpy values reduce to the enthalpy of formation for
each term, which are,
7-11

(−393.5) + (−285.8) + 8(225.3) → (−211.83) + (0) + 𝑄𝑒𝑥

𝑘𝐽

[𝑚𝑜𝑙]

The enthalpy of formation data for were obtained from [434]. Therefore, in addition to the
energy used to drive the chemical reaction, there is 1047.4 kJ of excess photon energy that is
absorbed for each mol of glucose produced. The higher heating value of glucose (𝐶𝐻2 𝑂) is

467.5 kJ/mol, as calculated from the enthalpy balance at standard conditions of,
7-12

𝐶𝐻2 𝑂 + 𝑂2 → 𝐶𝑂2 + 𝐻2 𝑂 + 𝑄𝑟𝑒𝑙

𝑘𝐽

[𝑚𝑜𝑙]

Therefore, 0.26 kJ of glucose energy are produced for each kJ of photon energy participating in
photosynthesis, and this ratio is incorporated in Equation 7-7 as 𝛼, which is therefore,

7-13

𝐸𝑔𝑙𝑢𝑐𝑜𝑠𝑒

𝛼=𝐸

𝑃𝑆𝑝ℎ𝑜𝑡𝑜𝑛

467.5

= 8∙225.3 = 0.26

The cost of living term, 𝐶𝑜𝐿, characterizes how much of the glucose energy is consumed for

cell maintenance, ranging from 0 in the Theoretical Optimum Case (with no glucose consumed
for cell maintenance) to 0.5 in the Highly Productive Case II. Assuming algae have the
stoichiometry defined by Clarens et al. [29] (𝐶106 𝐻181 𝑂45 𝑁15 𝑃) the conversion of glucose to
algal biomass can be grossly approximated as,
7-14

106𝐶𝐻2 𝑂 + 15𝑁𝑎𝑁𝑂3 + 0.5𝑃2 𝑂5 + 𝑄𝑎 → 𝐶106 𝐻181 𝑂45 𝑁15 𝑃 + 8𝐻2 𝑂 + 42.75𝑂2 + 15𝑁𝑎𝑂𝐻
The heating values for algae can be determined using the following reaction,

7-15

𝐶106 𝐻181 𝑂45 𝑁15 𝑃 + 130𝑂2 → 106𝐶𝑂2 + 7.5𝑁2 + 90.5𝐻2 𝑂 + 0.5𝑃2 𝑂5
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Calculating the heating values (either higher or lower heating value) as the difference between
the enthalpies of formation of products and reactants yields,
7-16

𝑘𝐽

°
°
𝐻𝑉 = 106 ∙ (−393.5) + 90.5�ℎ𝑓,𝑤𝑎𝑡𝑒𝑟
� + 0.5(−1492) − �ℎ𝑓,𝑎𝑙𝑔𝑎𝑒
� [𝑚𝑜𝑙]

Since the enthalpy of formation of algae is not known, the higher heating value, 𝐻𝐻𝑉, can be
estimated as stated by Clarens et al.,
7-17

𝐻𝐻𝑉 = 35160 ∙ 𝑥𝐶 + 116225 ∙ 𝑥𝐻 − 11090 ∙ 𝑥𝑂 + 6280 ∙ 𝑥𝑁 [𝑘𝐽/𝑘𝑔]

where 𝑥 is the mass fraction of each element (carbon, hydrogen, oxygen, and nitrogen). The
HHV for the algae considered here is 24.49 MJ/kg (59.12 MJ/mol). Inserting this value into

Equation 7-16 along with the enthalpy of formation of liquid water (-285.8 kJ/mol) yields the
°
enthalpy of formation for algae with this stoichiometry, ℎ𝑓,𝑎𝑙𝑔𝑎𝑒
, to be -9.20 MJ/mol. The lower

heating value, 𝐿𝐻𝑉, can then be determined from Equation 7-16 using the enthalpy of formation
of water vapor (-241.8 kJ/mol), and is 22.84 MJ/kg. Conducting an energy balance around
Equation 7-14 yields,
7-18
106(−212) + 15(−468) + 0.5(−1492) + 𝑄𝑔𝑙𝑢𝑐−𝐵𝑀

→ (−9200) + 8(−285.8) + 42.75(0) + 15(−734.9)

The heat absorbed during this reaction, 𝑄𝑔𝑙𝑢𝑐−𝐵𝑀 , is therefore 7.65 MJ per mol of algae

produced. Assuming a negligible energy content of NaNO3, P2O5, and NaOH, a first law
analysis of this conversion process yields,
7-19
49.57 𝑀𝐽 𝑔𝑙𝑢𝑐𝑜𝑠𝑒 𝑒𝑛𝑒𝑟𝑔𝑦 + 7.65 𝑀𝐽 𝑜𝑓 ℎ𝑒𝑎𝑡 → 59.12 𝑀𝐽 𝑜𝑓 𝑎𝑙𝑔𝑎𝑙 𝑏𝑖𝑜𝑚𝑎𝑠𝑠 𝑒𝑛𝑒𝑟𝑔𝑦
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which is within 3.7% of being balanced and is sufficient for this calculation. The energy
conversion of glucose (with a HHV of 467.5 kJ/mol) to biomass energy is represented by
59,120

𝜏 = 106∙467.5 = 1.19.

As an example (and shown in Figure 7-2), for the Highly Productive Case II with 6500

MJ/m2-yr of irradiance, 6175 MJ/m2-yr are transmitted into the pond, of which 2828 MJ/m2-yr
are within the photosynthetically active spectral region (the non-PAR irradiance is assumed to be
absorbed and converted to heat). Of the remaining 2828 MJ/m2-yr, 1414 MJ/m2-yr (6277
mol/m2-yr) are utilized for photosynthesis. With a quantum requirement of 8 photons per mol of
glucose produced [381], 784.6 mol/m2-yr of glucose are produced, half of which is consumed for
cell maintenance (cost of living). The remaining 392.3 mol/m2-yr of glucose is converted to 3.70
mol/m2-yr of algal biomass with an energy content of 218.74 MJ/m2-yr, yielding an overall
energy conversion efficiency (of solar energy to algal biomass) of 3.36%. The equivalent energy
conversion efficiency for the Experimental Case and Theoretical Optimum Case are 0.05% and
14.2%, respectively.
Electrical Energy Inputs: The electrical energy consumed for growth was 1406 MJ/m2-yr in the
Experimental Case (cf. Chapter 4). For the Highly Productive Case II, only mixing energy
(estimated to be 99 J/L-d) was included, and resulted in 7.23 MJ/m2-yr.

The Theoretical

Optimum Case assumes no electrical energy input.
Reaction Water: According to Equation 7-9, 1 mol of water is consumed for each mol of glucose
produced, corresponding to 14.12 kg/m2-yr and 53.13 kg/m2-yr consumed for the Highly
Productive Case II and Theoretical Optimum Case, respectively.

The amount of water

consumed for photosynthesis in the Experimental Case is unknown. The internal energy content
of water was neglected.
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Carbon Dioxide: In the Experimental Case, 5.55 kg/m2-yr of carbon dioxide were consumed,
although it is unclear how much of this mass was utilized for photosynthesis. Using Equation
7-9, 34.52 kg/m2-yr and 129.87 kg/m2-yr of carbon dioxide are consumed in the Highly
Productive Case II and Theoretical Optimum Case, respectively. The amount of carbon dioxide
(in kg) consumed per kg of biomass is, 35.97, 3.86, and 1.93 for the Experimental Case, Highly
Productive Case II, and Theoretical Optimum Case, respectively.

The carbon dioxide

requirements are therefore a function of uptake rates and biomass productivity. The internal
energy content of carbon dioxide was neglected.
Sodium Nitrate (NaNO3): Nitrogen was supplied to the growth volumes in the experiments in
various forms, but the total amount of nitrogen consumed was determined to be 127.4 g/m2-yr,
which is the nitrogen equivalent of 773.5 g/m2-yr of sodium nitrate. According to Equation 7-14,
4.72 kg/m2-yr and 35.50 kg/m2-yr of sodium nitrate are consumed in the Highly Productive Case
II and Theoretical Optimum Case, respectively. The amount of nitrogen (in g) consumed per kg
of biomass is, 826, 87, and 87, for the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case, respectively. The internal energy content of sodium nitrate was
neglected.
Phosphorus Pentoxide (P2O5):

Phosphorus was supplied to the growth volumes in the

experiments in various forms, but the total amount of phosphorus consumed was determined to
be 2.30 g/m2-yr, which is the phosphorus equivalent to 5.27 g/m2-yr of phosphorus pentoxide.
Using Equation 7-14, 0.26 kg/m2-yr and 1.98 kg/m2-yr of phosphorus pentoxide are consumed in
the Highly Productive Case II and Theoretical Optimum Case, respectively. The amount of
phosphorus (in g) consumed per kg of biomass is, 7, 6, and 6, for the Experimental Case, Highly
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Productive Case II, and Theoretical Optimum Case, respectively. The internal energy content of
phosphorus pentoxide was neglected.
Culture Water: For the experiments, 1.91 L of water (1.91 kg) were consumed for every liter
processed (cf. Chapter 5) and this translates to 1,134 kg/m2-yr. For the Highly Productive Case
II and Theoretical Optimum Case, 0.999 L (0.99 kg) and 0.995 L (0.995 kg) of water are used for
each liter of processed volume, and these rates translate to 8,923 kg/m2-yr and 13,376 kg/m2-yr.

Energy Outputs from Growth
Irradiance (Reflected and Absorbed): As described above, the majority of the incident radiation
is reflected or absorbed as heat. The quantitative proportions of these contributions are unknown
in the Experimental Case, which prevents some of the parameters listed in Table 7-1 from being
calculated. For the Highly Productive Case II and Theoretical Optimum Case, 325 MJ/m2-yr and
0 MJ/m2-yr are reflected, 3,347 MJ/m2-yr and 5,320 MJ/m2-yr of non-PAR are absorbed, and
1414 MJ/m2-yr and 0 MJ/m2-yr of unutilized photon energy are absorbed, respectively.
Respiration: The amount of incident energy that is converted to glucose and consumed for cell
functions via respiration is not known for the Experimental Case. For the Theoretical Optimum
Case, it is assumed that the cost of living is zero, although achieving this assumption is not
possible in reality. However, for the Highly Productive Case II, the cost of living is assumed to
be 50% of the glucose produced from photosynthesis, and this process releases 183.4 MJ/m2-yr
of heat (𝑄𝑟𝑒𝑠𝑝 ), 17.26 kg/m2-yr of carbon dioxide, and 7.06 kg/m2-yr of water. The internal

energy content of carbon dioxide and water are neglected.

Sodium Hydroxide (NaOH): According to Equation 7-14, 15 mol of sodium hydroxide are
produced for each mol of algae. For the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case, the amount of sodium hydroxide produced can be calculated to be
0.04 kg/m2-yr, 2.22 kg/m2-yr, and 16.71 kg/m2-yr. The internal energy of sodium hydroxide is
neglected.
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Oxygen: According to Equation 7-14, 42.75 mol of oxygen are produced for each mol of algae.
For the Experimental Case, Highly Productive Case II, and Theoretical Optimum Case, the
amount of oxygen produced can be calculated to be 0.09 kg/m2-yr, 4.16 kg/m2-yr, and 31.33
kg/m2-yr. The internal energy of oxygen is neglected.
Water from Reaction: According to Equation 7-14, 8 mol of water are produced for each mol of
algae. For the Experimental Case, Highly Productive Case II, and Theoretical Optimum Case,
the amount of water produced can be calculated to be 0.01 kg/m2-yr, 0.53 kg/m2-yr, and 4.01
kg/m2-yr. The internal energy of water is neglected.
Algal Biomass: The amount of algal biomass produced in the Experimental Case, Highly
Productive Case II, and Theoretical Optimum Case is 0.15 kg/m2-yr (0.26 g/L), 8.93 kg/m2-yr (1
g/L), and 67.22 kg/m2-yr (5 g/L), respectively. With an energy content of 24.49 MJ/kg, these
productivities are equivalent to 3.78 MJ/m2-yr, 219 MJ/m2-yr, and 1,646 MJ/m2-yr, respectively.
Photosynthetic Efficiency of Growth
The photosynthetic efficiency can be calculated for each case as the energy content of the
glucose produced during photosynthesis divided by the incident radiant energy. This value is
different than the overall energy efficiency of growth, which includes the cost of living,
conversion of glucose to biomass, and additional energy inputs. The energy content of glucose
(per liter processed) can be calculated as,
7-20

́ 𝐶𝐻 0 = (𝐼 ∙ 𝑃𝐴𝑅 ∙ 𝑃𝑇𝐸 ∙ 𝑃𝑈𝐸 ∙ 𝛼) [ 𝑀𝐽
𝐸𝐷
]
2
𝑚2 −𝑑

Therefore the photosynthetic efficiency, 𝑃𝐸, is
7-21

𝑃𝐸 = (𝑃𝐴𝑅 ∙ 𝑃𝑇𝐸 ∙ 𝑃𝑈𝐸 ∙ 𝛼) [−]

The values for each of these terms are provided above and yield photosynthetic efficiencies for
the Highly Productive Case II and the Theoretical Optimum Case of 5.6 and 11.9, respectively.
For the Highly Productive Case (in previous chapters), assuming the product of 𝑃𝐴𝑅, 𝑃𝑇𝐸, and
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𝑃𝑈𝐸, is 0.142 (compared to 0.219 for the Highly Productive Case II and yielding a grown mass
productivity of 16 g/m2-d with a 50% cost of living) and 𝛼=0.26 (see above), 𝑃𝐸 is 3.7.

Figure 7-2. Energy, entropy, and exergy flows associated with growth.
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Temperature of the Growth Volume
The growth model presented above assumes a large portion of the incident radiation and the
mixing energy is absorbed and dissipated as heat. To evaluate the validity of this assumption,
the temperature of the growth volume can be determined by estimating the heat transfer from the
growth volume to the surroundings. For this analysis, the growth volume is assumed to be 0.2 m
deep. The total heat absorbed by the growth volume (in 1 m2 per day (𝑄̀𝑎𝑏𝑠 ) is,
7-22

𝑄̀ 𝑎𝑏𝑠 = �𝑄̀ 𝑛𝑜𝑛−𝑃𝐴𝑅 + 𝑄̀ 𝑛𝑜𝑛−𝑈𝑡𝑖𝑙 + 𝑄̀ 𝑒𝑥 + 𝑄̀ 𝑟𝑒𝑠𝑝 + 𝑄̀ 𝑚𝑖𝑥 − 𝑄̀ 𝑔𝑙𝑢𝑐−𝐵𝑀 � ∙

1

365

𝑀𝐽

�𝑚2 −𝑑�

where 𝑄̀𝑛𝑜𝑛−𝑃𝐴𝑅 is the non-photosynthetically active radiation, 𝑄̀𝑛𝑜𝑛−𝑈𝑡𝑖𝑙 is the non-utilized

radiation, 𝑄̀𝑒𝑥 is the excess photon energy, 𝑄̀𝑟𝑒𝑠𝑝 is the heat released during respiration, 𝑄̀𝑚𝑖𝑥 is
the energy input for mixing (which is assumed to eventually be released as heat), and 𝑄̀𝑔𝑙𝑢𝑐−𝐵𝑀
is the heat removed from the growth volume during the simulated conversion of glucose to
biomass. These terms are calculated from the transmitted portion of the incident radiation,
reported in units of MJ/m2-yr, and listed in Figure 7-2. For the Highly Productive Case II and
the Theoretical Optimum Case, 𝑄𝑎𝑏𝑠 for a square meter of growth volume in one day is 16.36 MJ
and 27.45 MJ, respectively.

The growth system is modeled as receiving a constant power flux for 12 hours per day.
Therefore, the heat stored and dissipated from 1 m2 of the growth volume in a day (𝑄𝑠,𝑑 ), which
must equal 𝑄𝑎𝑏𝑠 ,

7-23

𝑄𝑠,𝑑 = 𝑄𝑎𝑏𝑠 = 𝑄𝑠𝑡𝑜𝑟𝑒𝑑 + 𝑄𝑐𝑜𝑛𝑣 + 𝑄𝑐𝑜𝑛𝑑 + 𝑄𝑟𝑎𝑑 + 𝑄𝑒𝑣𝑎𝑝

[𝑀𝐽]

where 𝑄𝑠𝑡𝑜𝑟𝑒𝑑 is the heat stored in the growth volume during the day, 𝑄𝑐𝑜𝑛𝑣 is heat convection

to the surrounding air, 𝑄𝑐𝑜𝑛𝑑 is heat conduction to the ground, 𝑄𝑟𝑎𝑑 is radiation, and 𝑄𝑒𝑣𝑎𝑝 is the
latent heat associated with water evaporation. Equation 7-23 can be expanded to be,
7-24
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𝑄𝑠,𝑑 = 𝑚𝐶(𝑇𝑤 − 𝑇0 ) + �ℎ𝐴(𝑇𝑤 − 𝑇∞ ) +

𝑘𝐴𝑔
4
�𝑇𝑤 − 𝑇𝑔 � + 𝜖𝐴𝜎(𝑇𝑊
+ 𝑇∞4 ) + 𝑚̇𝑒 ℎ𝑓𝑔 � ∙ 𝑡
𝐿

[𝑀𝐽]

The terms in this equation are defined as: 𝑚 is the mass of the growth volume (200 kg per m2), 𝐶
is the specific heat capacity (4.18 kJ/kg-K), 𝑇𝑤 is the steady-state water temperature, 𝑇0 is the

initial temperature of the water (which can be assumed to be the same as the temperature of the
environment, 𝑇∞ = 298 𝐾, due to cooling that occurs overnight), ℎ is the convection coefficient,

𝐴 is the upper surface area (i.e., the top), 𝑘 is the conductivity of the material between the growth
volume and the ground, 𝐴𝑔 is the conduction area (i.e., the bottom), 𝐿 is the thickness of the

material between the growth volume and the ground, 𝑇𝑔 is the ground temperature (which can be

assumed to be 𝑇∞ ), ϵ is the emissivity, σ is the Stephen-Boltzmann constant, 𝑚̇𝑒 is the

evaporation rate, ℎ𝑓𝑔 is the heat of vaporization for water, and 𝑡 is the time for heat transfer (i.e.,
12 hours).

As an upper limit, the temperature of the growth volume can be calculated for an adiabatic
case (in which all heat transfer from the growth volume is eliminated) by setting all of the terms
inside the bracket of Equation 7-24 equal to zero. For adiabatic conditions, setting 𝑄𝑠,𝑑 = 𝑄𝑎𝑏𝑠 ,

Tw would be 317.6 K (112 ºF) and 330.8 K (136 ºF), for the Highly Productive Case II and the
Theoretical Optimum Case, respectively. Including only the convection term in 7-24 with
ℎ = 25

𝑊

𝑚2 −𝐾

and 𝑡 = 43,200 𝑠 (and assuming no conduction, radiation, or evaporation),

reduces the growth volume temperature to 306.5 K (92.1 ºF) and 312.33 K (102.6 ºF),

respectively. These temperatures are reasonable for algal cultivation, and the inclusion of
conductive, radiative, and evaporative heat losses would further reduce the results. This analysis
assumes constant conditions for 12 hours of sunlight per day, while a more thorough analysis of
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the growth volume temperature would need to include transient effects that occur during the day
(wind, clouds, rain, etc.) and from day-to-day (seasonal effects).

Entropy of the Growth Volume
The entropy of several of the input and output flows for algal cultivation is shown in Figure
7-2, including input and output streams of CO2, H2O, and O2. Additionally, Table 7-2 lists the
growth volume composition and the entropy of the growth volume for the Experimental Case,
Highly Productive Case II, and Theoretical Optimum Case, which are 3.88 kJ/L-K, 3.88 kJ/L-K,
and 3.87 kJ/L-K, respectively. The specific entropy of an ideal solution at standard conditions,
𝑆́ ° , is calculated as,

7-25

𝑆́ ° = ∑ 𝑛́ 𝑖 ∙ 𝑠̃ ° 𝑖

𝑘𝐽

[𝐿−𝐾]

where 𝑛́ 𝑖 is the specific molar concentration of component i (in mol/kL) and 𝑠̃ ° 𝑖 is the standard
partial molar entropy of component i (in J/mol-K). The standard partial molar entropy of each
component can be calculated according to,
7-26

𝐽

𝑠̃ ° 𝑖 = 𝑠 ° 𝑖 − 𝑅𝑙𝑛(𝑦𝑖 ) [𝑚𝑜𝑙−𝐾]

where 𝑠 ° is the total molar entropy, 𝑅 is the gas constant (8.314 J/mol-K), and 𝑦 is the mole

fraction of the component.[432] Based on the empirical correlations provided by Battley, the
entropy of algal biomass with a molecular weight of 2,414 g/mol is approximately 3,180 J/molK.[435] This value compares reasonably with the result obtained using the approximation
presented by Ikumi et al. for calculating the entropy of coal (which has a similar composition of
carbon, hydrogen, oxygen, and nitrogen) [436], which is 3,937 J/mol-K. The entropy of water is
69.92 J/mol-K.
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Exergy of the Growth Volume
Figure 7-2 lists the exergy of each energy and material input to the growth volume with
respect to 6,500 MJ/m2-yr of irradiance for the Highly Productive Case II or 11,616 MJ/m2-yr of
irradiance for the Theoretical Optimum Case. The exergy of solar radiation has received
extensive attention in the literature [431, 437-440] and many studies assume an exergy-to-energy
ratio of 0.9327 [431]. However, the difference between exergy and energy is associated with
emission and absorption effects. As shown above, 100% of the incident solar radiation is
accounted for in the growth volume energy balance. Therefore, absorption effects are already
considered with respect to the stated irradiance values, therefore, the energy-to-exergy ratio is
assumed to be 1.
The exergy for electrical energy inputs was assumed to be equal to the energy input and the
°
)
exergies for material inputs were determined using the standard chemical exergy values (𝑏𝑐ℎ

listed in reference materials, which are: 19,870 J/mol for CO2, 900 J/mol for H2O (l), -22,700
J/mol for NaNO3, 412,650 J/mol for P2O5, 3,970 J/mol for O2, 74,900 J/mol for NaOH, and

9,500 J/mol for H2O (g).[431, 434] As shown in Figure 7-2, the difference between exergy
inputs and exergy outputs (many of which are exergy losses) is balanced within less than 2% for
the Highly Productive Case II and Theoretical Optimum Case.

as,

The specific exergy of the growth volume, 𝑏́𝐺𝑉 , was determined assuming an ideal solution

7-27

°
𝐵́𝑐ℎ 𝐺𝑉 = ∑ 𝑛́ 𝑖 ∙ 𝑏�𝑐ℎ
𝑖

𝐽

[𝑘𝐿]

°
where 𝑛́ 𝑖 is the specific molar concentration of component i (in mol/kL) and 𝑏�𝑐ℎ
is the specific
𝑖

molar chemical exergy of each component, which can be calculated according to,
7-28

𝐽
°
°
𝑏�𝑐ℎ
= 𝑏𝑐ℎ
+ 𝑅𝑇0 𝑙𝑛(𝑦𝑖 ) [𝑚𝑜𝑙]
𝑖
𝑖
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°
where 𝑏𝑐ℎ
is the standard chemical exergy of component i and 𝑇0 is the environment
𝑖

°
temperature (298 K). The standard chemical exergy of the algal biomass, 𝑏𝑐ℎ
, can be
𝑎𝑙𝑔𝑎𝑒

calculated using Equation 7-15 as described by Szargut et al. [431] and Moran and Shapiro [434]
to be,
7-29
°
= 𝐻𝐻𝑉
𝑏𝑐ℎ
𝑎𝑙𝑔𝑎𝑒

− 𝑇0 �𝑠𝑎𝑙𝑔𝑎𝑒 + 𝑛𝑂2 ∙ 𝑠𝑂2 − 𝑛𝐶𝑂2 ∙ 𝑠𝐶𝑂2 − 𝑛𝐻2 𝑂 ∙ 𝑠𝐻2 𝑂 − 𝑛𝑁2 ∙ 𝑠𝑁2 − 𝑛𝑃2 𝑂5 ∙ 𝑠𝑃2 𝑂5 �
+ 𝑛𝐶𝑂2 ∙ 𝑏𝐶𝑂2 + 𝑛𝐻2 𝑂 ∙ 𝑏𝐻2 𝑂 + 𝑛𝑁2 ∙ 𝑏𝑁2 + 𝑛𝑃2 𝑂5 ∙ 𝑏𝑃2 𝑂5 − 𝑛𝑂2 ∙ 𝑏𝑂2

Assuming standard conditions throughout, a HHV of 59.12 MJ/mol (24.49 MJ/kg), an

entropy of algae to be 3,180 J/mol-K, standard chemical exergies listed above, and standard
entropy values for each component as listed in reference materials, the standard chemical exergy
for algae is 60.48 MJ/mol (25.05 MJ/kg). This value is within 2% of an independent estimate for
the chemical exergy of algae based on the approximate method presented by Lu et al., which is
25.35 MJ/kg (calculated as 1.11 times the LHV).[441] Using the relations in Equation 7-27 and
Equation 7-28, the exergy of the growth volume for the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case is 56.50 MJ/kL, 74.99 MJ/kL, and 174.96 MJ/kL,
respectively (cf. Table 7-2).
The exergy balance for cultivation is,
7-30

́ 𝑖𝑛 − 𝑇0 𝑆́𝑔𝑒𝑛
𝐵́𝐺𝑉 = 𝐵́𝑖𝑛 + 𝑊

where 𝐵́𝐺𝑉 is the exergy per liter processed of the growth volume (GV), 𝐵́𝑖𝑛 is the total (non-

́ 𝑖𝑛 is the work input per L
work) exergy input from solar radiation and material exergy inputs, 𝑊

processed, and 𝑆́𝑔𝑒𝑛 is the entropy generation per liter of processed volume. The minimum

amount of work that is required to produce the growth volume can be determined by assuming a
reversible system, for which the entropy generation is zero. Therefore, setting the entropy
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generation term in Equation 7-30 equal to zero and inserting exergy data listed in Table 7-1
yields the minimum work input required for each case. Since there is an excess of exergy
supplied to the system, the minimum work input required for growth is zero for all three cases.
For real processes, the amount of entropy generation can be determined by solving Equation
7-30 using the actual work that was performed on the system (listed in Table 7-1). For the
Experimental Case, the total electrical input was measured, and although much of this energy
was lost to machine operation (pumps, lighting, etc.) prior to actually performing work on the
culture, the work loss also represents exergy loss (and entropy generation). Therefore, the total
direct energy consumption for growth in the Experimental Case is assumed to be work input. In
the Highly Productive Case II, the only work input is from mixing and the Theoretical Optimum
Case assumes no work inputs. For each case, reflection and absorption of irradiance (the major
exergy input) results in a large amount of exergy loss and entropy generation, as illustrated in
Figure 7-4, below.

Additional Parameters to be Considered for Growth
The cultivation process model used for the Highly Productive Case II and Theoretical
Optimum Case is greatly simplified with respect to real conditions necessary for growing algae.
Specifically, energy required to supply nutrients (mainly CO2 and nitrogen) is neglected and
mixing is assumed to be accomplished at no cost in the Theoretical Optimum Case and at a
minimal cost (99 J/L-d) in the Highly Productive Case II. Achieving the high growth rates
calculated in these cases would require a well-mixed pond to enable adequate irradiance to the
entire volume. Alternatively, the maximum algal productivity could be determined without
mixing by determining the attenuation of light in an unmixed culture.[442-444] A more detailed
radiation model is needed to determine the specific energy-to-exergy relationship of solar
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radiation used for photosynthesis in algal cultures similar to the analysis presented by Petela for
plants.[440] In addition, more specific data are needed regarding nutrient uptake and mass
transfer [445], as it was assumed here that 100% of the carbon, nitrogen, and phosphorus are
assimilated into biomass, and all other nutrients were neglected. The exergy impact of additional
materials in the culture media, including salt, should also be considered. In practice,
contamination is a constant challenge when growing algae at large scale, and the impact of
contaminants (algal species, bacteria, rotifers, etc.) on the energy and exergy balance should be
addressed in future work.
The growth kinetics of algal cultivation have been studied at length, and therefore surrogate
materials are unnecessary for conducting experiments to determine the minimum amount of
work input required for cultivation. However, the amount of work input that is required is
dependent on the algal species, growth volume geometry, and culture conditions. Additional
research is needed to determine the maximum net energy that can be produced from an algal
culture, which can be characterized by the net energy content of the growth volume (𝑁𝐸𝐶𝐺𝑉 ) (cf.
Chapter 4).

Thermodynamic Characterization of Life
As a side note, this analysis brings to the forefront several philosophical questions about the
relationship between thermodynamics and life. Specifically, these questions include: 1) from a
thermodynamics perspective, what is life?, 2) how does a living organism interact with energy
and entropy flows in its environment?, and most importantly, 3) based on the laws of
thermodynamics, why does life exist and persist?
The first of these questions, “what is life?”, has been answered as: 1) life is a self-sustaining
chemical system capable of undergoing Darwinian evolution [446] and 2) life is that which
avoids decay into equilibrium (i.e., resists internal entropy generation) [447].
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Answers to the second question have also been presented that hinge on the laws of
thermodynamics. The first law of thermodynamics tells us that energy is conserved. The second
law tells us that the change in entropy of a (real) system is positive, unless heat is removed from,
or work is performed on, that system. A lot of work was spent establishing the highly ordered
chromosomes, cells, and organs that comprise our bodies, and thus creating a low entropy state.
Similarly, a lot of work is done to build a skyscraper or compress a gas, which are also low
entropy states. We know that systems will come to equilibrium and reside in the lowest
available energy state. If we take our skin to be a control volume, there is an equilibrium
condition that exists at a lower energy state: death. We also know that entropy is generated when
life stops: the cells and molecules in the body break down and become disordered. In death, we
establish a high-entropy, low-energy, equilibrium state. Achieving a similar state is the driving
force for classical (non-quantum) reactions. What, then, is the driving force that pushes us
directly in the opposite direction (i.e., to maintain a highly ordered, high-energy, non-equilibrium
system)? One hypothesis is that another physical property is responsible for motivating the
sustainment of life. Schrodinger arrived at a similar hypothesis, stating,
“From Delbruck’s general picture of the hereditary substance emerges that living matter,
while not eluding the ‘laws of physics’ as established up to date, is likely to involve ‘other
laws of physics’ hitherto unknown, which, however, once they have been revealed, will form
just as integral part of this science as the former.”[447]
In that famous work, Schrodinger focuses on the phenomenal structure of chromosomes and
presents the concept that living organisms feed on “negative entropy.” The term “negative
entropy” is a misnomer, but relates to the concept that organisms consume low entropy materials
and produce high entropy materials. However, some examples of the contrary have been
demonstrated [448] and there are many studies that characterize the entropy change in an
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ecosystem [449-453]. While it is interesting to describe how organisms interact in their
environment, it is of greater interest to understand what causes life (i.e., why organisms exist).
Organisms act similarly to machines (in total, e.g., when considering fuels consumed) by
converting low-entropy materials to higher-entropy products. For machines, there is an external
force responsible for their existence and performance: the operator. For organisms, such as the
machine operator, however, it is not clear what force is responsible for their creation and
operation.
Various origin-of-life theories have been proposed, including abiogenesis occurring on the
ocean surface in the “RNA world” or occurring on the ocean floor in the “iron-sulphur world”,
and by panspermia (translocation of life, or building blocks for life, from extraterrestrial
sources).[454] In a recent paper, Michaelian theorizes that the chemical structures of DNA and
RNA were thermodynamically favored in Archean times due to their ability to absorb UV
radiation, resulting in heat dissipation that corresponds to maximum entropy generation.
Michaelian also proposes a theory for how these primordial DNA/RNA molecules were
assimilated into complex structures, thus beginning evolution, and discusses additional theories
on the origin of life.[451] Of those theories, the “RNA World” theory, which shares many
similarities with Michaelian’s hypothesis, proposes that RNA was the first replicating
molecule.[455, 456] However, Shapiro argues that simpler “living” molecules arose first (i.e.,
“metabolism first”), capable of separating themselves from the Archean equilibrium, consuming
energy to decrease internal entropy, and reproducing to yield evolution (and thus, eventually
producing RNA/DNA).[446] The origin of life has also been proposed to have occurred within
a hydrothermal vent along the ocean floor.[457, 458]
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While the origin-of-life field has yielded fascinating theories (and some strong empirical
data) on how life originated, the question remains: why life began, and more challenging, why it
persists when presented with an alternative that, on the surface, appears to be thermodynamically
favored (i.e., death). For answers to this question, some have turned to the maximum entropy
production principle, which is described by Martyushev and Seleznev as,
“The maximum entropy production principle reflects the fact that an isolated system tends to
the state with maximum entropy along the shortest possible path (by the fastest
means).[459]”
This statement extends the second law, by adding that not only is the change in entropy positive
for an irreversible process, but entropy generation will occur as fast as possible.

The minimum

entropy principle, presented by Prigogine [460, 461], states that in steady-state, systems achieve
minimum entropy production. Thus, non-equilibrium systems move toward steady state by
exploiting the path that produces entropy fastest (maximum entropy principle), and thus, at
steady state, entropy production is minimized (minimum entropy principle). Life contributes to
entropy generation, as a ‘dissipative structure,’ and the existence of life may enable the fastest
rate of entropy generation in our current non-equilibrium environment, and thereby be
thermodynamically favored. However, Ross disputes the validity of both entropy principles in
the recent text, Thermodynamics and Fluctuations far from Equilibrium.[462] Ross does not
object to the minimum entropy principle itself, but instead to the deduction from it that systems
operate most efficiently at steady state. However, Ross disputes the universality of the
maximum entropy principle as it does not apply to chemical reactions, which are instead
governed by Gibbs free energy.
Others have considered the presence of other physical laws that may be responsible for
dictating life. If the “other laws of physics” are discovered, will they conform to the three
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(current) laws of thermodynamics? Will they govern life conservatively or non-conservatively?
The last question leads to a contemplation of reincarnation, a realm of discussion that is clearly
far beyond the reasonable boundaries of this body of work, which I have already likely exceeded.
Still, obtaining a greater understanding of the “life-force”, or the “other laws of physics,” would
be a monumental revelation, but one that, to quote Schrodinger, “may well be beyond human
understanding.[447]”
Table 7-1. Energy, Entropy, and Exergy Summary of Growth.
Growth:

EC

HPCII

TOC

Total Energy Input to Growth (MJ/m -yr)

7,906

6,536

11,831

Total Energy Input to Growth (MJ/kL)

13,322

732

880

NA

5.64

11.88

Total Energy Output from Growth (MJ/m -yr)

NA

6,543

11,882

Total Energy Output from Growth (MJ/kL)

NA

732

884

7,938.16

6,997.78

12,557.29

13,376.59

783.39

934.13

Total Exergy Output from Growth (MJ/m -yr)

NA

7,009.76

12,635.97

Total Exergy Output from Growth (MJ/kL)

NA

784.74

939.98

Growth Volume Exergy (MJ/m -yr)

33.53

669.86

2,351.91

Growth Volume Exergy (MJ/kL)

56.50

74.99

174.96

Growth Volume:
Algal Concentration (g/L)

2

Photosynthetic Efficiency (%)
2

2

Total Exergy Input to Growth (MJ/m -yr)
Total Exergy Input to Growth (MJ/kLp)
2

2

0.26

1.00

5.00

2

Grown Mass Productivity (g/m -d)

0.43

24.5

184

Growth Volume Density (kg/L)

1.00

1.00

1.00

Energy Content per m2-yr (MJ/m2-yr)

3.78

218.78

1,646.23

Energy Content per kL Proc. (MJ/kLp)

6.37

24.49

122.45

2,304.78

34,675.76

52,047.75

2

2

Entropy per m -yr-K (kJ/m -yr-K)
Entropy per L Proc. (kJ/Lp-K)

3.88

3.88

3.87

Exergy per m2-yr (MJ/m2-yr)

33.53

669.86

2,351.91

Exergy per kL Proc. (MJ/kLp)

56.50

74.99

174.96

NA

0.00

0.00

2,475.45

0.81

0.00

44.70

2.38

2.55

26.53

21.23

34.25

Minimum Work Input Needed (kJ/Lp)
Work Input (kJ/Lp)
Total Entropy Generation (kJ/Lp-K)
2

Total Entropy Generation (MJ/m -yr-K)
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Table 7-2. Entropy and exergy calculations for the growth volume of the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case (shown on the top, middle, and bottom row, respectively).

Algae
Conc.
(g/L)
0.26

Mass
algae
per kL
Proc.
(g)
260

Algae
Conc.
(mol/kL)
0.11

Chemical
Exergy
Algae
(kJ/mol)
60,477.91

Water
Conc.
(g/L)
999.74

Water
Conc.
(mol/kL)
55,541.11

Chemical
Exergy
Water
(kJ/mol)
0.90

Total
Mols
(mol/kL)
55,541.22

Partial
Molar
Entropy
Algae
(J/molK)
3,289.36

Partial
Molar
Entropy
Water
(J/molK)
69.92

Entropy
Mixing
Water,
Algae
(Sgen)
(kJ/L-K)
0.00

Entropy of
Growth
Vol.
(kJ/L-K)
3.88

Exergy
(MJ/kL)
56.50

Exergy
per kL of
GV
(MJ/kLp)
56.50

1

1,000

0.41

60,477.91

999.00

55,500.00

0.90

55,500.41

3,278.15

69.92

0.00

3.88

74.99

74.99

5

5,000

2.07

60,477.91

995.00

55,279.78

0.90

55,279.85

3,264.74

69.92

0.00

3.87

174.96

174.96

Table 7-3. Entropy and exergy calculations for the algal concentrate of the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case (shown on the first, second, and third row, respectively).

Alga
e
Conc.
(g/L)
16.9

Mass
Algae
per
kL
Proc.
(g)
239.2

65
325

Partial
Molar
Entropy
Water
(J/molK)
69.92

Entropy
Mixing
Water,
Algae
(Sgen)
(kJ/LK)
0.00

Entropy
(kJ/LK)
3.84

Entropy
per kL
Proc.
(kJ/LpK)
0.05

Exergy
(MJ/kL)
472.38

Exergy
of AC
per
kLProc.
(MJ/kLp)
6.69

Water
Conc.
(mol/kL)
54,616.67

Chemical
Exergy
Water
(kJ/mol)
0.90

Total
Mols
(mol/kL)
54623.67

Partial
Molar
Entropy
Algae
(J/molK)
3254.51

935.00

51,944.44

0.90

51971.37

3242.90

69.92

0.00

3.72

0.05

1674.62

24.48

60,477.91

675.00

37,500.00

0.90

37634.63

3226.83

69.95

0.01

3.06

0.05

8173.76

108.23

207.13

60,477.91

500.00

27,777.78

0.90

27984.90

3220.79

69.98

0.01

2.61

12548.46

193.05

310.69

60,477.91

250.00

13,888.89

0.90

14199.58

3211.78

70.10

0.01

1.97

18798.54

289.21

Algae
Conc.
(mol/kL)
7.00

Chemical
Exergy
Algae
(kJ/mol)
60,477.91

Water
Conc.
(g/L)
983.10

950

26.93

60,477.91

5,000

134.63

500
750
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Table 7-4. Entropy and exergy calculations for the discharge water of the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case (shown on the first, second, and third row, respectively).

Algae
Conc.
(g/L)
0.02

Mass
Algae
per kL
Proc.
(g)
20.80

0.05

50.00

0.02

0.00

0.00

0.00

Algae
Conc.
(mol/
kL)
0.01

Chemical
Exergy
Algae
(kJ/mol)
60,477.9

Total
Mols
(mol/kL)
55554.39

Partial
Molar
Entropy
Algae
(J/molK)
3310.24

Partial
Molar
Entropy
Water
(J/molK)
69.92

Entropy
(kJ/LK)
3.88

Entropy
per kL
Proc.
(kJ/LpK)
3.83

Exergy
(MJ/kL)
50.53

Exergy of
DW per kL
Proc.
(MJ/kLp)
49.81

Water
Conc.
(g/L)
999.98

Water
Conc.
(mol/kL)
55554.38

Chemical
Exergy
Water
(kJ/mol)
0.90

60,477.9

999.95

55552.74

0.90

55552.76

3302.94

69.92

3.88

3.83

51.27

50.52

60,477.9

1000.00

55555.56

0.90

55555.56

0.00

69.92

3.88

3.82

50.00

49.23

Table 7-5. Entropy and exergy calculations for the lysed concentrate of the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case (shown on the first, second, and third row, respectively).

Algae
Conc.
(g/L)
16.9

Mass
Algae
per kL
Proc.
(g)
220.06

65
325

Total
kmols
55.34

Partial
Molar
Entropy
TAG
(kJ/molK)
1.27

Partial
Molar
Entropy
BS
(J/molK)
66.07

Partial
Molar
Entropy
H2O
(J/molK)
70.03

Ent.
LC
Sol.
(kJ/
L-K)
3.87

Ent.
of LC
per L
Proc.
(kJ/
Lp-K)
0.05

Exergy of
Sol.
(MJ/kL)
463.38

Exergy
of LC
per kL
Proc.
6.03

0.90

52.74

1.23

93.04

70.05

3.75

0.06

1658.24

23.99

37.50

0.90

41.49

1.21

77.66

70.76

3.17

0.06

8,109.89

124.77

440.73

27.78

0.90

33.92

1.21

72.41

71.58

2.75

12,460.17

440.73

13.89

0.90

23.10

1.20

65.84

74.14

2.12

18,686.40

TAG
Conc.
(mol/
kL)
0.34

Chem
Exergy
TAG
(MJ
/mol)
35.13

Water
Conc.
(kmol
/kL)
54.62

Chem
Exergy
Water
(kJ/
mol)
0.90

BS
Conc.
(kmol
/kL)
0.72

Chem
Exergy
BS
(kJ/mol)
569.82

940.50

36.62

35.13

0.76

440.73

51.94

5,000

183.10

35.13

3.81

440.73

500

281.69

35.13

5.86

750

422.54

35.13

8.79
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Table 7-6. Entropy and exergy calculations for the lysing loss of the Experimental Case, Highly Productive Case II, and Theoretical
Optimum Case (shown on the first, second, and third row, respectively).

Algae
Conc.
(g/L)
16.9

Mass
Algae
per kL
Proc.
(g)
19.14

65
325

Water
Conc.
(kmol
/kL)
54.62

Chem
Exergy
of
Water
(kJ/
mol)
0.90

440.73

51.93

440.73

37.50

TAG
Conc.
(mol/
kL)
0.21

Chem
Exergy
TAG
(MJ/
mol)
35.13

BS
Conc.
(kmol
/kL)
0.73

Chem
Exergy
BS
(kJ/mol)
569.82

9.50

36.62

35.13

0.76

0.00

183.10

35.13

3.81

Total
kmols
55.34

Partial
Molar
Entropy
TAG
(kJ/molK)
1.27

Partial
Molar
Entropy
BS
(J/molK)
66.07

Partial
Molar
Entropy
H2O
(J/molK)
70.03

Ent.
LC
Sol.
(kJ/
L-K)
3.87

Ent.
of LC
per L
Proc.
(kJ/
Lp-K)
0.00

Exergy of
Sol.
(MJ/kL)
463.38

Exergy
of LL
per kL
Proc.
0.52

0.90

52.74

1.23

93.04

70.05

3.75

0.00

1,658.24

0.24

0.90

41.49

1.21

77.66

70.76

3.17

0.00

8,109.89

0.00

Table 7-7. Entropy and exergy calculations for the post-extraction biomass in slurry of the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case (shown on the first, second, and third row, respectively).

Algae
Conc.
(g/L)
16.6

Mass
Algae
per kL
Proc. (g)
165.00

BS
Conc.
(mol/kL)
725.02

Chemical
Exergy
BS
(kJ/mol)
569.82

Water
Conc.
(mol/kL)
54,616.67

Chemical
Exergy
Water
(kJ/mol)
0.90

Total
Mols
55,341.69

Partial
Molar
Entropy
BS
(J/molK)
66.04

32.5

470.25

758.64

440.73

51,944.44

0.90

52,703.08

93.07

70.04

3.71

0.03

371.26

5.37

162.5

2,500.00

3793.18

440.73

37,500.00

0.90

41,293.18

77.66

70.72

2.95

0.02

1,674.12

25.76
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Partial
Molar
Entropy
H2O
(J/molK)
70.03

Entropy
of PostExt
Slurry
(kJ/L-K)
3.87

Entropy
of PostExt Per
L Proc.
(kJ/LpK)
0.04

Exergy of
Solution
(MJ/kL)
452.72

Exergy of
BS per kL
Proc.
4.50

Table 7-8. Entropy and exergy calculations for the post-extraction biomass in slurry loss of the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case (shown on the first, second, and third row, respectively).

Chemical
Exergy
Total
Water
(kJ/mol)
Mols
0.90
55,341.69

Partial
Molar
Entropy
BS
(J/molK)
66.04

Partial
Molar
Entropy
H2O
(J/molK)
70.03

Entropy
of PostExt
Slurry
(kJ/L-K)
3.87

Entropy
of PostExt Per
L Proc.
(kJ/LpK)
0.01

Algae
Conc.
(g/L)
16.6

Mass
Algae
per kL
Proc. (g)
51.11

BS
Conc.
(mol/kL)
725.02

Chemical
Exergy
BS
(kJ/mol)
569.82

Water
Conc.
(mol/kL)
54,616.67

65

0

0

0

0

0

0

0

0

0

0

0

0

325

0

0

0

0

0

0

0

0

0

0

0

0

Exergy of
Solution
(MJ/kL)
452.72

Exergy of
BS Loss
per kL
Proc.
1.39

Table 7-9. Entropy and exergy calculations for the biocrude (assumed to be triglyceride) of the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case (shown on the first, second, and third row, respectively).

Entropy of
BC (kJ/L-K)
1.19

Entropy of
BC Per L
Proc. (kJ/LpK)
4.71E-06

Exergy of BC
(MJ/kL)
35,720.40

Exergy of
BC per kL
Proc.
0.14

Density
(g/mL)
0.9

BC per kL
Proc. (g)
3.57

Chemical
Exergy BC
(kJ/mol)
35,125

0.9

423.23

35,125

1.17

4.70E-4

1,016.95

1.19

5.59E-04

35,720.40

16.80

0.9

2,500.00

35,125

1.17

2.78E-03

1,016.95

1.19

3.30E-03

35,720.40

99.22

Abs. Entropy
(kJ/L-K)
1.17

Vol. BC/Vol.
Proc. (L/Lp)
3.96E-06

BC Conc..
(mol/kL)
1,016.95

Table 7-10. Entropy and exergy calculations for the biocrude loss (assumed to be triglyceride) of the Experimental Case, Highly
Productive Case II, and Theoretical Optimum Case (shown on the first, second, and third row, respectively).
Vol. BC
Loss/Vol.
Proc. (L/Lp)

BC Conc..
(mol/kL)

1.17

4.40E-07

1,016.95

Entropy of
BC (kJ/L-K)

Entropy of
BC Per L
Proc. (kJ/LpK)

Exergy of BC
(MJ/kL)

Exergy of
BC Loss per
kL Proc.

1.19

5.23E-07

35,720.40

0.02

Density
(g/mL)

BC Loss per
kL Proc. (g)

Chemical
Exergy BC
(kJ/mol)

0.9

0.40

35,125

0.9

47.03

35,125

1.17

5.23E-05

1,016.95

1.19

6.21E-05

35,720.40

1.87

0.9

0.00

35,125

1.17

0.00

1,016.95

1.19

0.00E+00

35,720.40

0.00

Abs. Entropy
(kJ/L-K)
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Harvesting
Harvesting concentrates the algae in the growth volume by a factor of 65, producing
an algal concentrate and discharge water (that may contain some residual biomass). In
the experiments, concentration was achieved via centrifugation and the electrical energy
consumption was measured (cf. Chapter 4).

In the Highly Productive Case II,

concentration is assumed to occur via a passive settling system, thereby only requiring
energy to pump the growth volume to the settling container. This scenario was selected
to simplify the first-principles analysis, although harvesting via settling is generally
unfeasible due to long settling times.

In the Theoretical Optimum Case, the

concentration technology is unspecified, and the amount of work required to concentrate
the algae is assumed to be equal to the thermodynamic minimum work input that would
be required for a reversible process. Data are reported for specific properties (with
respect to the concentrate or discharge water volumes) and with respect to the processed
volume (which is roughly 65 times larger than the algal concentrate).

Harvesting Energy Balance
The harvesting process consists of one material input (the growth volume), two
material outputs (algal concentrate and discharge water), work input, and heat dissipation
output. The energy content of the growth volume was determined to be 3.78 MJ/m2-yr,
219 MJ/m2-yr, and 1,646 MJ/m2-yr for the Experimental Case, Highly Productive Case
II, and Theoretical Optimum Case, respectively. Using Equations 7-4, 7-5, and 7-6, this
is equivalent to 6.37 kJ/Lp, 24.49 kJ/Lp, and 122.45 kJ/Lp, respectively. Assuming the
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biomass energy content does not change during harvesting, the energy content of the
algal concentrate (AC) (in kJ per L of processed volume) is calculated as,
7-31

́ 𝐴𝐶 = 𝜑ℎ𝑎𝑟𝑣 ∙ 𝐸𝐷
́ 𝐺𝑉
𝐸𝐷

𝑘𝐽

[𝐿 ]
𝑝

where 𝜑ℎ𝑎𝑟𝑣 is the harvesting efficiency (0.92, 0.95, and 1 for Experimental Case, Highly
Productive Case II, and Theoretical Optimum Case). For the Experimental Case, Highly

́ 𝐴𝐶 is 5.86 kJ/Lp, 23.27 kJ/Lp, and
Productive Case II, and Theoretical Optimum Case, 𝐸𝐷
122.45 kJ/Lp. The energy content of the discharge water (DW) is the difference between
the energy content of the growth volume and the concentrate for each case (0.51 kJ/Lp,
1.22 kJ/Lp, and 0 kJ/Lp, respectively). To satisfy the first-law, it is assumed that all work
added to the system during harvesting is dissipated as heat, totaling 22.8 kJ/Lp, 0.96
kJ/Lp, and 0.02 kJ/Lp, for the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case, respectively.

Entropy of the Algal Concentrate and Discharge Water
As was done for the growth volume, the entropy of the algal concentrate and
discharge water can be calculated from Equations 7-25 and 7-26 and the relevant data are
listed in Table 7-3 and Table 7-4. As one would expect, the algal concentrate has lower
specific entropy than the does the growth volume, which reflects the greater difference
between the concentrate and the dead-state equilibrium than the difference between the
growth volume and the dead-state equilibrium. Said differently, the algal concentrate is
more highly ordered than the dilute growth volume.
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Exergy of Algal Concentrate and Discharge Water
Using the relations in Equation 7-27 and Equation 7-28, the specific exergy of the
algal concentrate for the Experimental Case, Highly Productive Case II, and Theoretical
Optimum Case are 472.38 MJ/kL, 1,674.62 MJ/kL, and 8,173.76 MJ/kL, respectively.
With respect to the growth volume processed, these values correspond to 6.69 MJ/kLp,
24.48 MJ/kLp, and 125.75 MJ/kLp, respectively. The specific exergy of the algal
concentrate is 8 to 47 times greater than that of the growth volume, which quantifies the
increased volumetric usefulness of the concentrate. The discharge water contained 50.53
MJ/kL, 51.27 MJ/kL, and 50.00 MJ/kL of specific exergy, which corresponds to 49.81
MJ/kLp, 50.52 MJ/kLp, and 49.23 MJ/kLp.
The exergy balance for the harvesting system is characterized by,
7-32

́ 𝑖𝑛 − 𝑇0 𝑆́𝑔𝑒𝑛
𝐵́𝐷𝑊 + 𝐵́𝐴𝐶 = 𝐵́𝐺𝑉 + 𝑊

𝑀𝐽

[𝑘𝐿𝑝]

where 𝐵́ is the exergy per liter processed of the discharge water (DW), algal concentrate
́ 𝑖𝑛 is the work input per L processed, and 𝑆́𝑔𝑒𝑛 is the
(AC), and growth volume (GV), 𝑊

entropy generation per liter of processed volume. The minimum amount of work that is
required to convert the growth volume into algal concentrate and discharge water can be
determined by assuming a reversible process, for which the entropy generation is zero.
Therefore, setting the entropy generation term in Equation 7-32 equal to zero and
inserting exergy data listed in Table 7-11 yields the minimum work input required for
each case, which are also listed in Table 7-11. The minimum work input required is
directly related to the algal concentration, with greater concentrations resulting in a
greater amount of mixing entropy, therefore requiring a greater work input for separation.
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For real processes, the amount of entropy generation can be determined by solving
Equation 7-32 using the actual work that was performed on the system (listed in Table
7-11). For the Experimental Case, the total electrical input was measured, and although
much of this energy was lost to machine operation (pumps, centrifuge, etc.) prior to
actually performing work on the growth volume, the work loss also represents exergy
loss (and entropy generation). Therefore, the total energy consumed for harvesting in the
Experimental Case is assumed to be work input. In the Highly Productive Case II,
harvesting is assumed to be accomplished by passive settling, which would only require
pumping energy (of either the growth volume or discharge water, which are nearly the
same size). This varies from the Highly Productive Case presented in Chapter 4, which
includes chemical flocculation. Therefore, the work input for harvesting in the Highly
Productive Case II is 0.96 MJ/kLp of pump work. The work input in the Theoretical
Optimum Case is assumed to be the minimum required, as calculated above.

Additional Parameters to be Considered for Harvesting
Real harvesting processes are largely affected by electrostatic forces that exist
between algal cells in the growth volume and by viscous drag that opposes algal cell
motion through the growth volume. Both of these forces have been neglected by
assuming ideal solutions in the preceding analysis and, as a result, it is expected that the
minimum work required for a real process is much greater than that calculated here. The
potential “free work” input from gravity has also been neglected, but could be an energyefficient means for concentrating algae. In addition, chemical flocculation is a promising
technique for energy-efficient harvesting and the specific chemical interactions
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associated with the flocculation and clarification should be considered, including the
impact on the specific exergy of the algal concentrate due to “contamination” with
cations used for flocculation (e.g., calcium or sodium). Finally, as demonstrated in
Appendix 2C, the cell structure and chemical composition of algae can change during
processing, and the impact of these changes on the energy, entropy, and exergy of the
algae should be considered.
While surrogate materials could be used to determine the minimum energy input
required for concentration (e.g., ideal gas mixtures or aqueous solutions), computational
fluid dynamics simulations could also be constructed to closely resemble the particle
interactions that exist within an algal slurry. One could determine the minimum force
(gravitational, electrical, chemical or a combined force) required to concentrate the algal
cells, which could then be used to determine the minimum work required for harvesting
depending on the desired concentration rate.
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Table 7-11. Energy, Entropy, and Exergy Summary for Harvesting.
Discharge Water

EC

HPCII

TOC

Algal Concentration (g/L)

0.02

0.05

0.00

Algal Mass per kL Proc. (g/kLp)

20.80

50.00

0.00

Density (kg/L)

1.00

1.00

1.00

Specific Energy Content (MJ/kL)

0.52

1.24

0.00

Energy Content per kL Proc. (MJ/kLp)

0.51

1.22

0.00

Specific Entropy (kJ/L-K)

3.88

3.88

3.88

Entropy per kL Proc. (kJ/Lp-K)

3.83

3.83

3.82

Specific Exergy (MJ/kL)

50.53

51.27

50.00

Exergy per kL Proc. (MJ/kLp)

49.81

50.52

49.23

Algal Concentrate
Algal Concentration (g/L)

16.90

65.00

325.00

Algal Mass per kL Proc. (g/kLp)

239.20

950.00

5,000.00

1.00

1.00

1.00

413.88

1,591.85

7,959.25

Energy Content per kL Proc. (MJ/kLp)

5.86

23.27

122.45

Specific Entropy (kJ/L-K)

3.84

3.72

3.06

Entropy per kL Proc. (kJ/Lp-K)

0.05

0.05

0.05

472.38

1,674.62

8,173.76

Exergy per kL Proc. (MJ/kLp)

6.69

24.48

125.75

Harvesting Process:
Exergy Input (GV) (MJ/kLp)

56.4970

71.9898

174.9575

Density (kg/L)
Specific Energy Content (MJ/kL)

Specific Exergy (MJ/kL)

Exergy Output (Conc. & DW) (MJ/kLp)

56.4980

71.9938

174.9809

Entropy Input (GV) (kJ/Lp-K)

3.88379

3.88192

3.87180

Entropy Output (AC & DW) (kJ/Lp-K)

3.88379

3.88191

3.87172

Minimum Work Input Required (MJ/kLp)

0.0010

0.0040

0.0234

Work Input (MJ/kLp)

22.8141

0.9550

0.0234

Entropy Generation (kJ/Lp-K)

0.0766

0.0032

0.0000

Lysing
As described in previous chapters (especially Chapter 4 and Appendix 2C), cell
lysing is accomplished by exposing the algae to a series of electrical pulses and generally
results in electrodistension, electroporation, or cell death. Each of these results
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compromises the cell membrane enabling extraction of the neutral lipids. Lysing brings
the algal concentrate closer to equilibrium with the dead-state environment by removing
barriers (cell membranes) between the material and that dead-state, thereby increasing the
entropy of the system. However, lysing is necessary because the cell membranes must be
broken to enable the neutral lipids to be separated from the non-lipid biomass, an overall
process that reduces the specific entropy (see “Separations”). Therefore, rupturing the
cell membranes is needed to transform the system further from equilibrium (by
concentrating the lipids), thereby representing an important step in the overall entropy
reduction/exergy increase of the production pathway.

Lysing Energy Balance
The lysing process consists of one material input (algal concentrate), two material
outputs (lysed concentrate and lysing loss), work input, and heat dissipation. It is
assumed that the overall energy content of the algal biomass is unaffected during lysing.
Therefore, the sum of the energy content of the lysed concentrate and the lysing loss
equals the energy content of the algal concentrate. The energy content of the lysed
́ 𝐿𝐶 , can be calculated as,
concentrate, 𝐸𝐷

7-33

́ 𝐿𝐶 = 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝐸𝐷
́ 𝐴𝐶
𝐸𝐷

𝑘𝐽

[𝐿 ]
𝑝

where 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 is the cell lysing efficiency (0.92, 0.99, and 1 for the Experimental Case,

Highly Productive Case II, and Theoretical Optimum Case, respectively). The energy
content of the lysed concentrate is therefore 5.39 MJ/kLp, 23.03 MJ/kLp, and 122.45
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MJ/kLp, for these three cases, respectively. The energy content of the lysing loss is thus
0.47 MJ/kLp, 0.23 MJ/kLp, and 0 MJ/kLp, respectively.
To satisfy the first law, it is assumed that all electrical energy consumed during lysing
is dissipated as heat loss (either from the electrical components or the algal concentrate).
The electrical energy input for the Experimental Case was measured to be 3.80 MJ/kLp.
For the Highly Productive Case II and Theoretical Optimum Case, the energy input was
assumed to be 0.21 MJ/Lp and 0 MJ/kLp, respectively.

Entropy of the Lysed Concentrate and Lysing Loss
As was done for the intermediate products above, the entropy of the lysed concentrate
(LC) and lysing loss (LL) can be calculated from Equations 7-25 and 7-26 and the
relevant data are listed in Table 7-5 and Table 7-6. The lysed biomass is modeled as an
ideal solution of triglyceride (specifically glyceryl trioleate), non-lipid biomass, and
water, which can be described as,
7-34
𝑛𝐻2 𝑂 𝐻2 𝑂 + 𝐶106 𝐻181 𝑂45 𝑁15 𝑃 → 𝑛𝐻2 𝑂 𝐻2 𝑂 + 𝑛𝑇𝐴𝐺 𝐶57 𝐻104 𝑂6 + 𝑛𝐵𝑆 𝐶𝐻𝑤 𝑂𝑥 𝑁𝑦 𝑃𝑧

For the Experimental Case, the neutral lipid content was estimated to be 1.8% by

HPLC, and all of the neutral lipids were assumed to be TAG for this analysis (𝑇𝐴𝐺𝐹 =

1). The triglyceride content of the Highly Productive Case II and Theoretical Optimum

Case is assumed to be 50%. Therefore, for the Experimental Case, 𝑛́ 𝑇𝐴𝐺 = 0.05 𝑚𝑜𝑙,
𝑛𝐵𝑆 = 103.21 𝑚𝑜𝑙, 𝑤 = 1.70, 𝑥 = 0.43, 𝑦 = 0.15, and 𝑧 = 0.01. For the Highly

Productive Case II and Theoretical Optimum Case, 𝑛́ 𝑇𝐴𝐺 = 1.36 𝑚𝑜𝑙, 𝑛𝐵𝑆 = 28.3 𝑚𝑜𝑙,

𝑤 = 1.38, 𝑥 = 1.30, 𝑦 = 0.53, and 𝑧 = 0.04. The standard molar entropy of the
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triglyceride and non-lipid biomass can be calculated by the relations provided by Battley
𝐽

𝐽

°
°
[435]. This yields 𝑠𝑇𝐴𝐺
= 1169 𝑚𝑜𝑙−𝐾 and 𝑠𝐵𝑆
= 30 𝑚𝑜𝑙−𝐾 for the Experimental Case
𝐸𝐶
𝐽

𝐽

°
°
and 𝑠𝑇𝐴𝐺
= 1169 𝑚𝑜𝑙−𝐾 and 𝑠𝐵𝑆
= 57.81 𝑚𝑜𝑙−𝐾 for the Highly Productive Case
𝐻𝑃𝐶𝐼𝐼/𝑇𝑂𝐶

II and Theoretical Optimum Case. These values are used to determine the partial molar

entropy of each component in the lysed concentrate, as shown in Table 7-5. The specific
entropy of the lysed concentrate is greater than that of the un-lysed algal concentrate for
each of the three cases. This reflects the impact of including a third component in the
ideal solution model and agrees, in principle, with the increased entropy that is expected
due to rupturing the cell membranes during lysing.

Exergy of the Lysed Concentrate and Lysing Loss
The exergy of the lysed concentrate and the lysing loss can be calculated using the
relations in Equation 7-27 and Equation 7-28 for a 3-part solution. The standard
°
, is calculated as,
chemical exergy of triglyceride (TAG), 𝑏𝑐ℎ
𝑇𝐴𝐺

7-35

°
𝑏𝑐ℎ
= 𝐻𝐻𝑉 − 𝑇0 �𝑠𝑇𝐴𝐺 + 𝑛𝑂2 ∙ 𝑠𝑂2 − 𝑛𝐶𝑂2 ∙ 𝑠𝐶𝑂2 − 𝑛𝐻2 𝑂 ∙ 𝑠𝐻2 𝑂 � + 𝑛𝐶𝑂2 ∙
𝑇𝐴𝐺

𝑏𝐶𝑂2 + 𝑛𝐻2 𝑂 ∙ 𝑏𝐻2 𝑂 − 𝑛𝑂2 ∙ 𝑏𝑂2
for the following reaction,
7-36

𝐶57 𝐻104 𝑂6 + 80𝑂2 → 57𝐶𝑂2 + 52𝐻2 𝑂

and was determined to be 35.13 MJ/mol (39.7 MJ/kg). Standard entropy values and
standard chemical exergy values used to evaluate Equation 7-35 were obtained from
reference materials [431, 434] and 39.6 MJ/kg was used as the HHV of triglyceride
[463]. The entropy of TAG was estimated to be 1,169 kJ/mol-K according to the data
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presented by Battley [435]. Similarly, the standard chemical exergy for non-lipid
°
biomass (i.e., biomass in slurry, BS), 𝑏𝑐ℎ
, can be determined from,
𝐵𝑆

7-37

°
𝑏𝑐ℎ
= 𝐻𝐻𝑉 − 𝑇0 �𝑠𝐵𝑆 + 𝑛𝑂2 ∙ 𝑠𝑂2 − 𝑛𝐶𝑂2 ∙ 𝑠𝐶𝑂2 − 𝑛𝐻2 𝑂 ∙ 𝑠𝐻2 𝑂 − 𝑛𝑁2 ∙ 𝑠𝑁2 − 𝑛𝑃2 𝑂5
𝐵𝑆

∙ 𝑠𝑃2 𝑂5 ] + 𝑛𝐶𝑂2 ∙ 𝑏𝐶𝑂2 + 𝑛𝐻2 𝑂 ∙ 𝑏𝐻2 𝑂 + 𝑛𝑁2 ∙ 𝑏𝑁2 + 𝑛𝑃2 𝑂5 ∙ 𝑏𝑃2 𝑂5 − 𝑛𝑂2
∙ 𝑏𝑂2

for the following reaction,
7-38

𝑤

𝑦

𝑧

𝐶𝐻𝑤 𝑂𝑥 𝑁𝑦 𝑃𝑧 + 𝐴𝑂2 → 𝐶𝑂2 + �2� 𝑁2 + � 2 � 𝐻2 𝑂 + �2� 𝑃2 𝑂5

where 𝑤, 𝑥, 𝑦, and 𝑧 are defined above for the Experimental Case, Highly Productive

Case II, and Theoretical Optimum Case. The HHV for the non-lipid biomass, 𝐻𝐻𝑉𝐵𝑆 ,
can be determined according to,
7-39

𝐻𝐻𝑉𝑎𝑙𝑔𝑎𝑒 = 24.49 = 𝑋𝑇𝐴𝐺 (39.6) + 𝑋𝐵𝑆 (𝐻𝐻𝑉𝐵𝑆 ) 𝑀𝐽/𝑘𝑔

where 𝑋𝑇𝐴𝐺 is the TAG fraction (0.018 for Experimental Case and 0.50 for Highly

Productive Case II and Theoretical Optimum Case). Therefore, the 𝐻𝐻𝑉𝐵𝑆 is 24.21

MJ/kg for the Experimental Case and 9.26 MJ/kg for the Highly Productive Case II and
Theoretical Optimum Case. These results agree well with the results calculated from
Equation 7-17, which are 24.19 MJ/kg and 9.26 MJ/kg, respectively. Using these
relations, the standard chemical exergy for non-lipid biomass is 569.82 kJ/mol for the
Experimental Case and 440.73 kJ/mol for the Highly Productive Case II and Theoretical
Optimum Case.
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The specific exergy of the lysed concentrate for the Experimental Case, Highly
Productive Case II, and Theoretical Optimum Case is 463 kJ/L, 1,658 kJ/L, and 8,110
kJ/L, respectively. With respect to the growth volume processed, these values
correspond to 6.03 MJ/kLp, 23.99 MJ/kLp, and 124.77 MJ/kLp, respectively. The
exergy of the lysed concentrate is lower than that of the algal concentrate for all cases.
The exergy balance for the lysing process is characterized by,
7-40

́ 𝑖𝑛 − 𝑇0 𝑆́𝑔𝑒𝑛
𝐵́𝐿𝐶 + 𝐵́𝐿𝐿 = 𝐵́𝐴𝐶 + 𝑊

where 𝐵́ is the exergy per liter processed of the lysed concentrate (LC), lysing loss (LL),
́ 𝑖𝑛 is the work input per L processed, and 𝑆́𝑔𝑒𝑛 is the
and algal concentrate (AC), 𝑊

entropy generation per liter of processed volume. The minimum amount of work that is
required to convert the growth volume into algal concentrate and discharge water can be
determined by assuming a reversible system, for which the entropy generation is zero.
Therefore, setting the entropy generation term in Equation 7-40 equal to zero and
inserting exergy data listed in Table 7-12 yields the minimum work input required for
each case, which are also listed in Table 7-12. Since the exergy of the lysed concentrate
and lysing loss are less than that of the algal concentrate, the minimum work input is
negative for all cases (-0.13 kJ/Lp, -0.24 kJ/Lp, and -0.98 kJ/Lp, respectively, meaning
there would be work output available during this step), and is therefore assumed to be
zero. This result is an artifact of the ideal solution assumption.
For real processes, the amount of entropy generation can be determined by solving
Equation 7-40 using the actual work that was performed on the system (listed in Table
7-12). For the Experimental Case, the total electrical input was measured, and although
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much of this energy was lost to machine operation (power supply, resistors, etc.) prior to
actually performing work on the algae, the work loss also represents exergy loss (and
entropy generation). Therefore, the total energy consumed for lysing in the Experimental
Case is 3.80 MJ/kLp, resulting in 0.0132 kJ/Lp-K of entropy generation. The work input
for the Highly Productive Case II and Theoretical Optimum Case was assumed to be 0.21
MJ/kLp and 0 MJ/kLp, respectively.
The increased entropy associated with rupturing cell membranes should result in a
reduced exergy (cf. Equation 7-2). However, the exergy associated with energy stored in
living biological structures, such as membranes, is not specifically included in the exergy
calculation here, which assumes ideal solutions. Thus, the exergy from these structures is
omitted from the values calculated here and the associated exergy loss resulting from
entropy generated from rupturing the membranes is also neglected. The exergy loss that
occurs during lysing is the result of calculating the change in exergy indirectly as the
difference between the exergy of a 2-part ideal solution (the algal concentrate) and a 3part ideal solution (the lysed concentrate). Since the 3-part solution is a higher entropy
state (more mixed), it contains less exergy.

Additional Parameters to be Considered for Lysing
Of all the steps considered in this analysis, the ideal solution assumption imparts the
greatest divergence from reality for lysing, as lysing is specifically designed to rupture
cell membranes which exist to preserve compartmentalization. As a result, it is
calculated that no work is required for the lysing process, which results from differences
that arise from characterizing the algal concentrate as a 2-part composition and the lysed
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concentrate as a 3-part composition. In reality, the minimum work input required for
lysing is the minimum amount of energy required to compromise the cell membrane.
The mechanical properties of lipid vesicle membranes and membranes in animal cells
have been measured, including under the application of strong electric fields.[464-477]
Electromechanical pulsing is intended to create a mechanical stress to compromise the
cell membrane, and therefore the results from these studies provide a basis for
comparison of algal cell properties.
Artificial membranes and lipid vesicles could be used as surrogate materials for
measuring the failure mechanisms of algal cell membranes. However, artificial vesicles
would not represent interactions between the cell wall and cell membrane that may be an
important. Part of the challenge in measuring the cell properties is the ability to discern
when and if a membrane has ruptured, and thus selecting materials that can be observed
during testing would be advantageous. In addition to physical experiments,
computational simulations could be used to calculate the energy required to break a
phospholipid membrane. Potentially, these simulations could also determine the change
in entropy associated with a healthy algal cell, a dead algal cell, and an algal cell with a
compromised cell membrane.
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Table 7-12. Energy, Entropy, and Exergy Summary for Lysing.
Lysed Concentrate

EC

HPCII

TOC

Algal Concentration (g/L)

16.90

65.00

325.00

Algal Mass per kL Proc. (g/kLp)

220.06

940.50

5,000.00

1.00

1.00

1.00

Density (kg/L)
Specific Energy Content (MJ/kL)

413.88

1,591.85

7,959.25

Energy Content per kL Proc. (MJ/kLp)

5.39

23.03

122.45

Specific Entropy (kJ/L-K)

3.87

3.75

3.17

Entropy per kL Proc. (kJ/Lp-K)

0.05

0.05

0.05

Specific Exergy (MJ/kL)

463.38

1,658.24

8,109.89

Exergy per kL Proc. (MJ/kLp)

6.03

23.99

124.77

Lysing Loss
Algal Concentration (g/L)

16.90

65.00

325.00

Algal Mass per kL Proc. (g/kLp)

19.14

9.50

0.00

Density (kg/L)

1.00

1.00

0.00

413.88

1,591.85

7,959.25

Specific Energy Content (MJ/kL)
Energy Content per kL Proc. (MJ/kLp)

0.47

0.23

0.00

Specific Entropy (kJ/L-K)

3.87

3.75

3.17

Entropy per kL Proc. (kJ/Lp-K)

0.00

0.00

0.00

463.38

1,658.24

8,109.89

0.52

0.24

0.00

6.6860

24.4753

125.7501

Exergy Output (MJ/kLp)

6.5585

24.2358

124.7676

Entropy Input (AC) (kJ/Lp-K)

0.05437

0.05436

0.04704

Entropy Output (LC & LW) (kJ/Lp-K)

0.05482

0.05487

0.04880

0

0

0

3.80
0.0132

0.21
0.0015

0
0.0033

Specific Exergy (MJ/kL)
Exergy per kL Proc. (MJ/kLp)
Lysing Process:
Exergy Input (MJ/kLp)

Minimum Work Input Needed (MJ/kLp)
Work Input (MJ/kLp)
Entropy Generation (kJ/Lp-K)

Separations
During the separations process, neutral lipids are extracted from the lysed
concentrate, yielding biocrude (BC) and a post-extraction biomass slurry (BS). As
described in previous chapters, this process requires a solvent to separate the neutral
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lipids from the biomass, which is subsequently distilled to recover the biocrude.
Therefore, the separations process uses chemical interactions between components in the
mixture as the driving force to isolate the biocrude. However, in the first-principles
model presented here, the products are treated as ideal solutions, which specifically
neglect to consider chemical interactions between components. Additionally, the specific
energy and entropy implications of solvent extraction and distillation are not considered.
As a result, the first-order results presented here characterize the exergy of the biocrude
and post-extraction biomass slurry, but do not adequately reflect all of the barriers that
must be overcome to separate the biocrude from the lysed concentrate.

Separations Energy Balance
The separations process consists of one material input (lysed concentrate), four
material outputs (biocrude (triglyceride), biocrude loss, post-extraction biomass slurry,
and post-extraction biomass slurry loss), work input, and heat output. The energy content
of the biocrude can be calculated as,
7-41

́ 𝐵𝐶 = 𝑀́𝐿𝑀 ∙ 𝜑𝑠𝑒𝑝 ∙ 𝐻𝐻𝑉𝐵𝐶
𝐸𝐷

𝑀𝐽

[𝑘𝐿𝑝]

and the energy content of the biocrude loss can be calculated as,
7-42

́ 𝐵𝐿 = 𝑀́𝐿𝑀 ∙ 𝐿𝐹 ∙ 𝑇𝐴𝐺𝐹 ∙ 𝐻𝐻𝑉𝐵𝐶 − 𝐸𝐷
́ 𝐵𝐶
𝐸𝐷

𝑀𝐽

[𝑘𝐿𝑝]

where 𝑀́𝐿𝑀 is the mass of lysed algae, 𝜑𝑠𝑒𝑝 is the separations efficiency, 𝐻𝐻𝑉𝐵𝐶 is the

higher heating value of biocrude (39.6 MJ/kg), 𝐿𝐹 is the lipid fraction, and 𝑇𝐴𝐺𝐹 is the
triglyceride fraction (cf. Chapter 1 for details on the nomenclature). The separations
efficiency was assumed to be 0.9, 0.9, and 1 for the Experimental Case, Highly
353

Productive Case II, and Theoretical Optimum Case, respectively. The energy content of
́ 𝐵𝑆 , can be calculated as,
the biomass slurry, 𝐸𝐷
7-43

́ 𝐵𝑆 = 𝑀́𝐿𝑀 ∙ (1 − 𝐿𝐹) ∙ 𝜑𝑠𝑒𝑝 ∙ 𝐻𝐻𝑉𝐵𝑆 [ 𝑀𝐽 ]
𝐸𝐷
𝐵𝑆
𝑘𝐿𝑝

́ 𝐵𝑆𝐿 , can be calculated as,
and the energy content of the biomass slurry loss, 𝐸𝐷
7-44

́ 𝐵𝑆𝐿 = 𝑀́𝐿𝑀 ∙ (1 − 𝐿𝐹) ∙ 𝐻𝐻𝑉𝐵𝑆 − 𝐸𝐷
́ 𝐵𝑆
𝐸𝐷

𝑀𝐽
]
𝑘𝐿𝑝

[

where 𝜑𝑠𝑒𝑝𝐵𝑆 is the separations efficiency of the post-extraction biomass and 𝐻𝐻𝑉𝐵𝑆 is

the higher heating value of the biomass in slurry. The biomass separations efficiency was
assumed to be 0.75, 1, and 1 for the Experimental Case, Highly Productive Case II, and
Theoretical Optimum Case, respectively. Table 7-13 lists the results for the energy
content of each of the four material outputs.
In the experiments, 24.23 MJ of electricity were consumed per kL processed for
separations. For the Highly Productive Case II, the work input is assumed to be equal to
the electricity input for separations of the Highly Productive Case: 0.19 MJ/kLp. For the
Theoretical Optimum Case, the work input is assumed to be the minimum required, 0.21
kJ/kLp, as calculated below. It is assumed that all work input is dissipated as heat in the
energy balance.

Entropy of the Biocrude and Post-Extraction Biomass Slurry
As was done for the intermediate products above, the entropy of the biocrude and
post-extraction biomass slurry can be calculated from Equations 7-25 and 7-26 and the
relevant data are listed in Table 7-7 and Table 7-9. Similar data are listed in Table 7-8
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and Table 7-10 for the post-extraction biomass slurry that is lost and the lost biocrude,
respectively.
The specific entropy of the post-extraction biomass is greater than that of the lysed
concentrate, as expected, which reflects the greater dilution of the post-extraction slurry.
However, the total entropy contained in the post-extraction biomass per kL of processed
volume is less than that for the lysed concentrate because entropy is removed from the
material with the separated lipids.

Exergy of the Biocrude and Post-Extraction Biomass Slurry
The exergy of the recovered biocrude for the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case is 0.14 MJ/kLp, 16.80 MJ/kLp, and 99.22
MJ/kLp, respectively. The exergy of the post-extraction non-lipid biomass is 4.50
MJ/kLp, 5.37 MJ/kLp, and 25.76 MJ/kLp, respectively. The exergy balance for
separations is characterized by,
7-45

́ 𝑖𝑛 − 𝑇0 𝑆́𝑔𝑒𝑛
𝐵́𝐵𝐶 + 𝐵́𝐵𝐶𝐿 + 𝐵́𝐵𝑆 + 𝐵́𝐵𝑆𝐿 = 𝐵́𝐿𝐶 + 𝑊

where 𝐵́ is the exergy per liter processed of the biocrude (BC), biocrude loss (BCL),

́ 𝑖𝑛 is the work input per L
biomass in slurry (BS), and lost biomass in slurry (BSL). 𝑊
processed, and 𝑆́𝑔𝑒𝑛 is the entropy generation per liter of processed volume. The

minimum amount of work that is required to separate the lysed concentrate into biocrude
and biomass in slurry can be determined by assuming a reversible system, for which the
entropy generation is zero. Therefore, setting the entropy generation term in Equation
7-45 equal to zero and inserting exergy data listed in Table 7-13 yields the minimum
work input required for each case, which are also listed in Table 7-13.
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For real processes, the amount of entropy generation can be determined by solving
Equation 7-45 using the actual work that was performed on the system (listed in Table
7-13). For the Experimental Case, the total electrical input was measured, and although
much of this energy was lost to machine operation (pumps, heaters, etc.) prior to actually
performing work on the lysed algae, the work loss also represents exergy loss (and
entropy generation). Therefore, the total energy consumed for separations in the
Experimental Case is 24.23 MJ/kLp, resulting in 0.081 kJ/Lp-K of entropy generation.
Similarly, for the Highly Productive Case II case, there are 0.19 MJ/kLp of work input,
which generate 0.0005 kJ/Lp-K. For the Theoretical Optimum Case, the work input was
assumed to be equal to the minimum work required, thereby generating no entropy.

Additional Parameters to be Considered for Separations
Assuming that the intermediate products are ideal solutions also creates significant
error in the calculation of the minimum work required for oil separations, as this process
is dependent on the chemical interactions between compounds within the lysed
concentrate. Separation is accomplished by exploiting the differences in polarity between
the compounds, and therefore it is important to add the chemical interactions to the
separations model. Since lipid recovery via solvent extraction is the most likely method
for separations, an exergy analysis for distillation should also be included. In the model
presented here, all of the neutral lipids were assumed to be triglyceride, while in real
systems the neutral lipid fraction will contain a range of lipid species. As with the
preceding steps, changes in cell structure and composition have the potential to impact
the exergy of the separated materials. In particular, the results in Appendix 2C
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demonstrate the likelihood of neutral lipids degrading during processing, especially
during the separations step.
The separation of oil and water is a widely studied area of research, and experiments
designed to determine the minimum energy required for separating neutral lipids from
algae can leverage the theoretical and experimental results from those studies.
Table 7-13. Energy, Entropy, and Exergy Summary for Separations.
Post-Extraction Biomass Slurry
Higher Heating Value of Biomass in Slurry (MJ/kg)

EC
24.32

HPCII
9.26

TOC
9.26

Algal Concentration (g/L)

16.60

32.50

162.50

Algal Mass (g/kLp)

165.00

470.25

2,500.00

1.00

1.00

1.00

403.61

300.95

1504.75

3.94

2.18

11.58

Density (kg/L)
Specific Energy Content (MJ/kL)
Energy Content (MJ/kLp)
Specific Entropy (kJ/L-K)

3.87

3.71

2.95

3.78E-02

2.68E-02

2.27E-02

452.72

371.26

1,674.12

Exergy per kL Proc. (MJ/kLp)

4.50

5.37

25.76

Post-Extraction Biomass Slurry Loss
Algal Concentration (g/L)

16.60

65.00

325.00

Algal Mass (g/kLp)

51.11

0.00

0.00

Entropy per kL Proc. (kJ/Lp-K)
Specific Exergy (MJ/kL)

Total Mass (kg/L)

1.00

1.00

1.00

403.61

300.95

1,504.75

Energy Content (MJ/kLp)

1.31

0.00

0.00

Specific Entropy (kJ/L-K)

3.87

0.00

0.00

1.26E-02

0.00E+00

0.00E+00

452.72

0.00

0.00

Exergy per kL Proc. (MJ/kLp)

1.39

0.00

0.00

Biocrude
Higher Heating Value TAG (MJ/kg)

39.60

39.60

39.60

Biocrude Density (g/L)

0.90

0.90

0.90

Biocrude Yield (g/kLp)

3.57

423.23

2,500.00

Specific Energy Content (MJ/kL)

35.64

35.64

35.64

Energy Content (MJ/kLp)

0.14

16.76

99.00

Specific Energy Content (MJ/kL)

Entropy per kL Proc. (kJ/Lp-K)
Specific Exergy (MJ/kL)
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Table 7-13 (continued)
EC

HPCII

TOC

1.19

1.19

1.19

4.71E-06

5.59E-04

3.30E-03

35,720

35,720

35,720

Exergy per kL Proc. (MJ/kLp)

0.14

16.80

99.22

Biocrude Loss
Higher Heating Value TAG (MJ/kg)

39.60

39.60

39.60

Biocrude Density (g/L)

0.90

0.90

0.90

Biocrude Loss (g/kLp)

0.40

47.03

0.00

Specific Energy Content (MJ/kL)

35.64

35.64

35.64

Energy Content (MJ/kLp)

0.02

1.86

0.00

Specific Entropy (kJ/L-K)
Entropy per kL Proc. (kJ/Lp-K)
Specific Exergy (MJ/kL)

Specific Entropy (kJ/L-K)

1.19

1.19

1.19

5.23E-07

6.21E-05

0.00E+00

35,720

35,720

35,720

0.02

1.87

0.00

Separations Process:
Exergy Input (MJ/kLp)

6.0339

23.9934

124.7676

Exergy Output (MJ/kLp)

6.0523

24.0358

124.9790

Entropy Input (LC) (kJ/Lp-K)

0.0504

0.0543

0.0488

Entropy Output (BS, BS Lost, TAG, TAG Lost) (kJ/Lp-K)

0.0504

0.0275

0.0260

Minimum Work Input Needed (MJ/kLp)

0.0184

0.0424

0.2114

Work Input (MJ/kLp)

24.2318

0.1882

0.2114

Entropy Generation (kJ/Lp-K)

0.0813

0.0005

0.0000

Entropy per kL Proc. (kJ/Lp-K)
Specific Exergy (MJ/kL)
Exergy per kL Proc. (MJ/kLp)

INTERMEDIATE PRODUCT THERMODYNAMIC PROPERTY SUMMARY
Figure 7-3 lists the mass, energy, entropy, and exergy of each intermediate product in
the algal biofuel production pathway. The data are reported as specific values (with
respect to the volume of that intermediate product, e.g., specific energy content of the
algal concentrate) and with respect to the amount of processed volume (e.g., energy
content of the algal concentrate per L of processed volume). As described above, these
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data were determined assuming each intermediate product is an ideal solution, although it
is known that the products do not behave as ideal solutions in reality.
To illustrate the exergy flows associated with the algal biofuel production pathway, a
Sankey diagram is shown in Figure 7-4 that plots the exergy inputs and outputs for the
Highly Productive Case II. Each production step is illustrated with a white box and the
amount of exergy associated with each input and output for each step are proportional to
the size of the corresponding bar. This diagram conveys the concept of the exergetic
efficiency, 𝜂𝑏 , which is defined and described below.
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Figure 7-3. Mass, energy, entropy, and exergy properties of each intermediate product
(assumed to be ideal solutions) in the algal biofuel production pathway of the
Experimental Case (EC), Highly Productive Case II (HPCII), and the Theoretical
Optimum Case (TOC).
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Figure 7-4. Sankey diagram of the exergy flows for the Highly Productive Case II. Top:
Exergy inputs and outputs for growth. Bottom: Exergy flows for harvesting, lysing, and
separations. Scales are different for the top and bottom figures.
THERMODYNAMIC EFFICIENCIES
Energetic Efficiency
́ 𝑜𝑢𝑡 ,
The energetic efficiency, 𝜂𝑒 , of the entire system is the direct energy output, 𝐸𝐷
́ 𝑖𝑛 , as shown in Equation 7-46.
divided by the total energy input to the system, 𝐸𝑇
7-46

𝜂𝑒 =

́ 𝑜𝑢𝑡
𝐸𝐷
́ 𝑖𝑛
𝐸𝑇

=

́ 𝐵𝐶 +𝐸𝐷
́ 𝐵𝑆
𝐸𝐷
́ 𝑖𝑛
𝐸𝑇

́ 𝐵𝐶 is the energy output of the biocrude and 𝐸𝐷
́ 𝐵𝑆 is the energy output of the
where 𝐸𝐷

biomass slurry. The total energy input includes chemical, thermal, and solar energy

supplied to the system (rather than only energy expenses, which are classified as direct
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and indirect energy inputs (cf. Chapter 4)). The energetic efficiency of the growth phase
can be characterized as,
7-47

𝜂𝑒 𝑔𝑟𝑜𝑤𝑡ℎ = 𝐸𝑇
́

́ 𝐺𝑀
𝐸𝐷

𝑖𝑛 𝑔𝑟𝑜𝑤𝑡ℎ

́ 𝐺𝑀 is the energy content of the grown mass and 𝐸𝑇
́ 𝑖𝑛
where 𝐸𝐷
is the total energy
𝑔𝑟𝑜𝑤𝑡ℎ
input for growth. The energetic efficiency of processing, 𝜂𝑒 𝑝𝑟𝑜𝑐 , can be defined as,
7-48

𝜂𝑒 𝑝𝑟𝑜𝑐 =

́ 𝐵𝐶 +𝐸𝐷
́ 𝐵𝑆
𝐸𝐷
́ 𝑖𝑛
𝐸𝑇
𝑝𝑟𝑜𝑐

́ 𝐵𝐶 +𝐸𝐷
́ 𝐵𝑆
𝐸𝐷
́
+𝑊
𝐺𝑀
𝑖𝑛

= 𝐸𝐷
́

𝑝𝑟𝑜𝑐

́ 𝑖𝑛
where 𝑊
is the work input during processing. Results for these energy efficiencies
𝑝𝑟𝑜𝑐

are listed in Table 7-14.

While the overall energy efficiency is a useful metric to evaluate the conversion of
solar energy and work inputs to useful fuel products, it is also valuable to know the ratio
of useful energy output divided by energy expense, which is calculated as the first-order
EROI (considering only direct energy inputs, whereas the second-order EROI would also
include indirect energy inputs). For the algal biofuel production system the first-order
EROI is therefore,
7-49

1𝑂 𝐸𝑅𝑂𝐼 =

́ 𝐵𝐶 +𝐸𝐷
́ 𝐵𝑆
𝐸𝐷
́
𝑊𝑖𝑛

[−]

́ 𝑖𝑛 is the work input to the system. Using the data in Table 7-14, the first-order
where 𝑊

EROI for the growth and processing steps of the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case is 1.7x10-3, 9.8, and 520, respectively. This
result for the Experimental Case is 84% greater than the first-order EROI reported in
Chapter 6 (which is 9.2x10-4), which included refining work inputs and assumed a lower

post-extraction biomass energy content. The first-order EROI for the Highly Productive
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Case, which assumes a greater amount of work input than the Highly Productive Case II,
is 1.51, which is on the same order of magnitude as that calculated for the Highly
Productive Case II.
As stated above, the goal of this analysis is to theoretically determine the minimum
amount of work input required for operating the biofuel production pathway and compare
that to the useful energy output of the system. Based on the results presented above, the
minimum work input is best represented as,
7-50

́ 𝑖𝑛
́ 𝑖𝑛
́ 𝑚𝑖𝑛 + 𝑊
́ ∗)
𝑊
= ∑𝑎𝑙𝑙 𝑠𝑡𝑒𝑝𝑠 𝑊
= ∑𝑎𝑙𝑙 𝑠𝑡𝑒𝑝𝑠( 𝑊
𝑚𝑖𝑛
𝑚𝑖𝑛
𝐼.𝑆.

𝑘𝐿

[𝐿]

́ ∗ is the work input required for real processes that is in addition to the minimum
where 𝑊
́ 𝑚𝑖𝑛 . The
work input required if the intermediate products were ideal solutions, 𝑊
𝐼.𝑆.

minimum work input required if the intermediate products were ideal solutions was

determined for each step in the preceding sections. Equation 7-50 can be expanded to
include growth, harvesting, cell lysing, and separations as,
7-51

∗
∗
∗
∗
́ 𝑚𝑖𝑛 + 𝑊
́ 𝑔𝑟𝑜𝑤𝑡ℎ
́ ℎ𝑎𝑟𝑣
́ 𝑐𝑒𝑙𝑙𝑦𝑠
́ 𝑠𝑒𝑝
́ 𝑖𝑛
=𝑊
+𝑊
+𝑊
+𝑊
𝑊
𝑚𝑖𝑛
𝐼.𝑆.

The maximum first-order EROI is therefore,
7-52

𝐸𝑅𝑂𝐼𝑚𝑎𝑥 =

́ 𝐵𝐶 +𝐸𝐷
́ 𝐵𝑆
𝐸𝐷
́ 𝑖𝑛
𝑊
𝑚𝑖𝑛

=

́ 𝐵𝐶 +𝐸𝐷
́ 𝐵𝑆
𝐸𝐷
∗
∗
∗
∗
́ 𝑚𝑖𝑛 +𝑊
́ 𝑔𝑟𝑜𝑤𝑡ℎ
́ ℎ𝑎𝑟𝑣
́ 𝑐𝑒𝑙𝑙𝑦𝑠
́ 𝑠𝑒𝑝
𝑊
+𝑊
+𝑊
+𝑊
𝐼.𝑆.

𝑘𝐽

[𝐿]
[−]

For growth and lysing, the minimum work input required was calculated to be negative,
and therefore set equal to zero in all cases. As shown in Table 7-14, if the intermediate
́ ∗ = 0 for all steps), 𝐸𝑅𝑂𝐼𝑚𝑎𝑥 would be 455 and 520 for
products were ideal solutions (𝑊
the Highly Productive Case II and Theoretical Optimum Case, respectively. Since the

analysis presented here only contains work inputs associated with entropy of mixing, a
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greater amount of work would be required to “unmix” the Theoretical Optimum Case
than the Highly Productive Case II because the Theoretical Optimum Case contains 5
times more algae. However, the Theoretical Optimum Case also has a greater energy
yield. The first-order EROI of the Theoretical Optimum Case is the same as that for the
“ideal solution” case because all of the work inputs for the Theoretical Optimum Case
were specified to be the minimum required if the intermediate products were ideal
solutions.

Exergetic Efficiency
The exergetic efficiency, 𝜂b , of the algal biofuel production system is the exergy

output divided by the exergy input for operating the system,
7-53

𝜂𝑏 =

́ 𝑜𝑢𝑡
𝐵𝐷
́ 𝑖𝑛
𝐵𝑇

=

́ 𝐵𝐶 +𝐵𝐷
́ 𝐵𝑆
𝐵𝐷
́
𝐵𝑇𝑖𝑛

́ 𝐵𝑆 is the exergy content of the post́ 𝐵𝐶 is the exergy content of the biocrude, 𝐵𝐷
where 𝐵𝐷

́ 𝑖𝑛 is the total exergy input to the system. The
extraction biomass in slurry, and 𝐵𝑇
exergetic efficiency of the growth phase can be characterized as,
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𝜂𝑏 𝑔𝑟𝑜𝑤𝑡ℎ = 𝐵𝑇
́

́ 𝐺𝑀
𝐵𝐷

𝑖𝑛 𝑔𝑟𝑜𝑤𝑡ℎ

́ 𝐺𝑀 is the exergy content of the grown mass and 𝐵𝑇
́ 𝑖𝑛
where 𝐵𝐷
is the total exergy
𝑔𝑟𝑜𝑤𝑡ℎ
input for growth. The exergetic efficiency of processing, 𝜂𝑏 𝑝𝑟𝑜𝑐 , can be defined as,
7-55

𝜂𝑏 𝑝𝑟𝑜𝑐 =

́ 𝐵𝐶 +𝐵𝐷
́ 𝐵𝑆
𝐵𝐷
́
𝐵𝑇𝑖𝑛
𝑝𝑟𝑜𝑐

́ 𝐵𝐶 +𝐵𝐷
́ 𝐵𝑆
𝐵𝐷
́
𝐺𝑀 +𝑊𝑖𝑛

= 𝐵𝐷
́

𝑝𝑟𝑜𝑐

́ 𝑖𝑛
where 𝑊
is the work input during processing. Results for these energy efficiencies
𝑝𝑟𝑜𝑐

are listed in Table 7-14.
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Exergy efficiency is the exergy of fuel divided by the total exergy input to the system
(including free inputs, i.e., sunlight). On the other hand, the exergy return on investment
is the exergy of the fuel divided by exergy expenses (i.e., work input). Therefore,
analogous to the energy return on investment, the first-order exergy return on investment
(BROI) can be defined for the algal biofuel production system as,
1𝑂 𝐵𝑅𝑂𝐼 =

7-56

́ 𝐵𝐶 +𝐵𝐷
́ 𝐵𝑆
𝐵𝐷
́ 𝑖𝑛
𝑊

[−]

́ 𝑖𝑛 is the work input to the system. Using the data in Table 7-14, the first-order
where 𝑊

BROI for the growth and processing steps of the Experimental Case, Highly Productive
Case II, and Theoretical Optimum Case is 1.92x10-3, 10.3, and 532, respectively. The

maximum BROI can be calculated as,
7-57

𝐵𝑅𝑂𝐼𝑚𝑎𝑥 =

́ 𝐵𝐶 +𝐵𝐷
́ 𝐵𝑆
𝐵𝐷
́ 𝑖𝑛
𝑊
𝑚𝑖𝑛

=

́ 𝐵𝐶 +𝐵𝐷
́ 𝐵𝑆
𝐵𝐷
∗
∗
∗
∗
́ 𝑚𝑖𝑛 +𝑊
́ 𝑔𝑟𝑜𝑤𝑡ℎ
́ ℎ𝑎𝑟𝑣
́ 𝑐𝑒𝑙𝑙𝑦𝑠
́ 𝑠𝑒𝑝
𝑊
+𝑊
+𝑊
+𝑊
𝐼.𝑆.

[−]

and if all of the intermediate products are assumed to be ideal solutions, the first-order
maximum BROI is 478 and 532 for the Highly Productive Case II and Theoretical
Optimum Case, respectively.
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Table 7-14. Energetic and exergetic efficiencies for the Experimental Case, Highly
Productive Case II, and the Theoretical Optimum Case.
EC
13,320
50.84
13,370
2,369
50.84
2,420
0.02
4.15
13,380
50.84
13,430
4.64

HPCII
731.7
1.35
733.0
0.81
1.35
2.16
0.05
21.11
783.4
1.35
784.8
22.17

TOC
880.1
0.23
880.3
0.00
0.23
0.23
0.23
122.2
934.1
0.23
934.4
125.0

Growth Energy Efficiency (-)
Processing Energy Efficiency (-)
Overall Energy Efficiency (-)
First-Order EROI (-)
Maximum First-Order EROI for Ideal Solutions (-)
Maximum First-Order EROI for a Real Process (-)

4.78E-04
7.3E-02
3.05E-04
1.7E-03
214
TBD

0.03
0.82
0.03
9.77
455
TBD

0.14
0.996
0.14
520
520
TBD

Growth Exergy Efficiency (-)
Processing Exergy Efficiency (-)
Overall Exergy Efficiency (-)
First-Order BROI (-)
Maximum First-Order BROI for Ideal Solutions (-)
Maximum First-Order BROI for a Real Process (-)

4.24E-03
4.32E-02
3.46E-04
1.92E-03
239
TBD

0.10
0.29
0.03
10.3
478
TBD

0.20
0.71
0.13
532
532
TBD

Total Energy Input for Growth (kJ/Lp)
Total Energy Input for Processing (kJ/Lp)
Total Energy Input (MJ/kLp)
Total Work Input for Growth (kJ/Lp)
Total Work Input for Processing (kJ/Lp)
Total Work Input (kJ/Lp)
Total Minimum Work Input Required (kJ/Lp):
Energy Yield (kJ/Lp):
Total Exergy Input for Growth (kJ/Lp)
Total Exergy Input for Processing (kJ/Lp)
Total Exergy Input (MJ/kLp)
Exergy Yield (kJ/Lp):

THERMODYNAMIC EFFICIENCY SUMMARY
The maximum energy and exergy return on investment values are high for the Highly
Productive Case II and the Theoretical Optimum Case, as expected considering that the
only work input included in these calculations is associated with entropy of mixing. The
energy and exergy efficiencies for any real algal biofuel system are expected to be
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significantly lower than those calculated for the Highly Productive Case II and
Theoretical Optimum Case while assuming that the intermediate products are ideal
solutions. The large gap between the energy and exergy efficiencies of the Experimental
Case versus those of the Highly Productive Case II and Theoretical Optimum Case
illustrates the inefficiency of the experimental research-scale production system. A more
accurate model is needed that includes, among other things, energy inputs required for
cultivation, electrostatic and viscous forces during harvesting, losses that occur during
lysing, and chemical interactions that govern separations, as each of these effects are
unavoidable. Said differently, a major research thrust for future work is to
́ ∗ for each step and incorporate those contributions into the
determine values for 𝑾

calculation of the maximum possible energy and exergy efficiency of the system

(Equations 7-52 and 7-57). In addition, the large disparity between the EROI and BROI
of the Highly Productive Case II (9.77 and 10.3, respectively) and the second-order EROI
for the Highly Productive Case (0.22) demonstrates the importance of including indirect
energy expenses when evaluating the feasibility of an energy production system.

CONCLUSIONS
As described in the introduction, the goal of the algal biofuel production pathway,
which is common to other biofuel production pathways, is to produce energy-dense, lowentropy fuels from materials with low energy-density and high entropy. This analysis
successfully quantified the energy content, entropy, and exergy among the intermediate
products in the algal biofuel production pathway for the three cases considered (the
Experimental Case, the Highly Productive Case II, and the Theoretical Optimum Case).
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The results demonstrate, from a first-principles analysis, the increase in energy-density
throughout the production pathway (e.g., transforming the growth volume in the Highly
Productive Case II with 24.49 kJ/L of energy density to biocrude with 35.64 MJ/L of
energy density) and the corresponding decrease in specific entropy throughout the
production pathway (e.g., transforming the growth volume in the Highly Productive Case
II with 3.88 kJ/L-K of specific entropy to biocrude with specific entropy of 1.19 kJ/L-K).
The maximum energetic and exergetic efficiencies, which were obtained for the
Theoretical Optimum Case, were 0.14 and 0.20, respectively, while more realistic values
obtained for the Highly Productive Case II were 0.03 and 0.10, respectively. The goal of
any energy production system is also to produce energy products that contain a greater
amount of energy (and exergy) than the amount of energy (and exergy) spent during their
production. The energy return on investment and exergy return on investment are metrics
that characterize the input-output ratio. For the Highly Productive Case II and the
Theoretical Optimum Case (assuming intermediate products were ideal solutions), the
maximum energy return on investment and exergy return on investment values were
calculated to be about 400 to 550, indicating that algal biofuel production under these
conditions would be very profitable. For example, the EROI for coal has been estimated
to be ~80 and that for oil and gas has been estimated to be ~15.[30] However, the
Experimental Case, for which energy inputs were measured and intermediate products
were certainly not ideal solutions, yielded energy and exergy returns on investment of
1.69 x 10-3 and 1.92 x 10-3, which illustrates: 1) the inefficiency of the research-scale
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experiments and 2) the large errors associated with assuming the intermediate products
were ideal solutions.
The results presented in this chapter outline a framework for calculating the
maximum possible thermodynamic efficiency of producing fuel from algae, which is the
goal of the analysis. Additionally, this study was successful in characterizing the
thermodynamic properties of each intermediate product. However, greater detail is
needed to accurately model each processing step, especially by including phenomena that
differentiate real processes from those for ideal solutions. As described above, these
phenomena include electrostatic and viscous forces during harvesting, effects of
compartmentalization of algal cells during lysing (especially concerning the cell
membrane), and chemical interactions that govern the separations processes.
Determining accurate models for each of these steps would enable an analytical
assessment of the maximum possible thermodynamic efficiency of algal biofuel
production, a measure that would be quite valuable in the assessment of the feasibility of
algal biofuels.
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8. Constraints on Algal Biofuel Production
COPYRIGHT NOTE
The contents of this chapter were prepared as a conclusion to the preceding
dissertation with the expectation of being submitted as a journal article authored by Beal
C.M., Hebner R.E., Webber M.E., Ruoff R.S., Seibert A.F., and King C.W. All of the
authors were affiliated with the University of Texas at Austin.
ABSTRACT
This manuscript characterizes the feasibility of producing petroleum fuel substitutes
from algae. First, a framework for reporting the production of renewable diesel from
algae in a consistent way is reviewed, which advocates using data that are specific and
presenting information with relevant metrics. Then, methods for monitoring an algal
biofuel production process and analyzing intermediate products (using microscopy,
spectroscopy, and chromatography) are described. These methods are used to evaluate
the production of algal biocrude from several batches, and the results are presented using
the reporting framework that is described. In addition, the progression of lipid profile
and cell structure throughout the production pathway is characterized, demonstrating that
significant changes in lipid content can occur during processing, and these changes
should be monitored, as they directly impact fuel production.
The productivity, energy return on investment, financial return on investment, and
water intensity are presented for two cases: 1) an Experimental Case in which data were
measured during five batches of algal biocrude production and 2) a Highly Productive
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Case that models higher energy outputs than the Experimental Case, with reduced energy
and material inputs.
The grown mass productivity and estimated bio-oil productivity are several orders of
magnitude higher for the Highly Productive Case than for the Experimental Case.
However, for both cases, the second-order energy return on investment was determined to
be significantly less than 1, which means that both cases are energy-negative. The
financial return on investment was also found to be significantly less than 1 for both
cases, indicating that production would be unprofitable.

The water intensity of

transportation with algal biofuels in these scenarios was determined to be greater than
that for conventional petroleum fuels and for biofuels produced from non-irrigated crops.
The amounts of carbon dioxide, nitrogen fertilizer, and electricity required for biofuel
production in the Experimental Case are prohibitive for large-scale production. The
required amounts of these resources in the Highly Productive Case are more manageable,
but still quite large, especially for nitrogen fertilizer. The final part of this work presents
a first-principles thermodynamic analysis that represents an initial attempt at
characterizing the thermodynamic limits for algal biofuel production.
Based on the results presented in this body of work, game-changing technology and
biotechnology developments are needed for sustainable and profitable algal biofuel
production.

INTRODUCTION
The aspiration for producing algal biofuel is motivated by the desire to: 1) replace
conventional petroleum fuels, which are exhaustible, 2) produce fuels domestically to
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improve national energy security, and 3) reduce greenhouse gas emissions by re-using
carbon dioxide emitted from industrial facilities for cultivating algae. In theory, algae
have the potential to produce a large amount of petroleum fuel substitutes, while
capturing carbon emissions and being produced domestically.[2, 19, 363] These
attributes, and the potential to produce a large amount of fuel on a small land area, have
created widespread interest in algal biofuels. In practice, however, profitable algal
biofuel production has proven quite challenging. This manuscript, based on experimental
analysis of five batches processed at the University of Texas with a total volume of about
7600 liters, characterizes the constraints on producing petroleum fuel substitutes from
algae.
To determine whether algae are a viable feedstock for fuel production, four questions
that need be answered are: 1) how much fuel can be produced, 2) what is the energy
return on investment, 3) what is the financial return on investment, and 4) what is the
water intensity of transportation using algal biofuel? This study provides answers to
these questions using the reporting framework established by Beal et al.[1] That
framework describes the ability to improve the accuracy and applicability of research
results by using data that are more specific, including all relevant information for fuel
production, and by presenting information with more relevant metrics.[1] In that study,
and throughout the remainder of this Chapter, renewable diesel fuel is considered
specifically, although other fuel products can be produced from algae. As demonstrated
in this study, the amount of biofuel that can be produced on a given land area is
irrelevant, if that biofuel production is energy negative and unprofitable.
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As described by Beal et al., three commonly-studied production pathways for
producing renewable diesel from algae are the transesterification of extracted lipids,
thermochemical conversion of algal biomass, and conversion of secreted algal oils. Each
of these pathways can be represented as the series of growth, processing, and refining [1],
and these steps can be expanded to be specific to a particular production pathway, as
shown in Figure 8-1 for the production system developed at the University of Texas at
Austin.
The algal biofuels group at the University of Texas at Austin, based at the Center for
Electromechanics, (UT-CEM) has integrated several of the production steps shown in
Figure 8-1, yielding a production pathway similar to that for transesterification of algal
lipids. As described in previous publications, the biocrude production process consists of
multi-stage algal cultivation, harvesting (i.e., concentration) with centrifugation or
chemical flocculation, cell lysing via electromechanical pulsing, and neutral lipid
recovery using a microporous hollow-fiber membrane contactor.[114, 288-290, 355]
Although this system is designed for continuous or semi-continuous operation, to date,
the system has been operated in batch mode and the results for several batches are
presented below. Specifically, the change in lipid content and algal cell structure
throughout the production pathway was analyzed using three small batches (40-80 L,
each) and the energy, cost, and water requirements for operating the production pathway
are presented for five relatively large-scale batches (~970 – 2000 L, each).
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Figure 8-1. The production pathway used at the University of Texas at Austin
represented as three-phases: growth, processing, and refining [1]. The material and
energy inputs crossing the system boundary (except for refining inputs) were measured
for five relatively large-scale batches (970 – 2000 L, each) (cf. Chapter 4, [289]). The
samples listed were collected during three relatively small scale batches (40-80 L, each)
(cf. Appendix 2C, [114]).
METHODS AND MATERIALS
A particular challenge in algal biofuel production is dealing with the variability of
living organisms and having incomplete knowledge of the variables to control.
Furthermore, the cultivation phase of different batches overlap, each production run takes
days to weeks, and multiple laboratories and researchers participate in working with each
batch. For quality control, an obvious and unambiguous identification system was used
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for each batch and the energy and material balances were calculated for each batch. This
tracking system consists of collecting samples throughout the production pathway and
analyzing each sample with a suite of analytical tools.
The growth and processing times varied for different batches. However, during each
batch, samples were collected for each intermediate product, similar to those collected
during three small-scale batches (40 – 80 L, each), which are shown in Figure 8-1.
Samples were analyzed with a suite of analysis tools that includes microscopy,
spectroscopy, and chromatography methods, as described in Chapter 2. Many of these
tools have been used to analyze algae in a wide range of previous studies with established
protocols (e.g., light microscopy [2], scanning electron microscopy [155, 156, 158],
transmission electron microscopy [142, 145, 150], UV-Vis spectrophotometry [105, 165],
gas chromatography and mass spectrometry [98, 271], and solvent lipid extraction [280282]). However, protocols were developed by UT-CEM specifically for the application
of several other analysis tools (e.g., Raman spectroscopy [116], nuclear magnetic
resonance spectroscopy [115], high performance liquid chromatography [217, 361], and
thin layer chromatography [114]). The progression of lipid content and algal cell
structure throughout the production pathway was evaluated by analyzing the samples
listed in Figure 8-1 using microscopy and thin layer chromatography, and the results are
presented below (also cf. Appendix 2C and [114]).
Five relatively large batches (970 – 2000 L each) were processed to determine the
energy return on investment, financial return on investment, and water intensity of
transportation with algal biofuel experimentally, and these batches comprise the
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Experimental Case. The energy and material inputs shown in Figure 8-1 were measured
and the energy outputs include bio-oil and biomass fuel (methane). A Highly Productive
Case is also presented that models energy-efficient growth and processing methods with
high biomass and lipid productivities. The Highly Productive Case is intended to
represent an efficient commercial-scale algal biofuel production pathway. Detailed
descriptions of both cases are provided in Chapter 4 and [289].
The energy expense, cost, and water intensity, for producing algal biofuel is
calculated according to the framework presented by Mulder and Hagens [25], and
includes direct and indirect operating expenses, but neglects all capital expense. The biooil and biomass fuel (methane) productivities of this system can be reported as,
𝑃𝐵𝑂 = 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝 𝐵𝐶 ∙ 𝜑𝑟𝑒𝑓

8-1
and

𝐵𝑂

𝑃𝐵𝑀𝐹 = 𝑃𝐺𝑀 ∙ 𝜑ℎ𝑎𝑟𝑣 ∙ 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 ∙ 𝜑𝑠𝑒𝑝 𝐵𝑆 ∙ 𝜑𝑟𝑒𝑓
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where 𝑃 is the productivity (of bio-oil (BO), biomass fuel (BMF), and grown mass (GM))
and 𝜑 represents the efficiency of harvesting (harv), cell lysing (cellys), separations (sep)

(of biocrude (BC) and biomass in the post-extraction slurry (BS), and refining (ref). Each
efficiency is defined as the mass of the output divided by the mass of the input for that
step.[1, 289]

8-3

The second-order energy return on investment, 2𝑂 𝐸𝑅𝑂𝐼, is calculated as,
2𝑂 𝐸𝑅𝑂𝐼 =

́ 𝑜𝑢𝑡
𝐸𝐷
́
𝐸�𝐺 +𝐸�́𝑃 +𝐸�́𝑅

=
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́ 𝐵𝑂 +𝐸𝐷
́ 𝐵𝑀𝐹
𝐸𝐷
́
́
𝐸�𝐺 +𝐸�𝑃 +𝐸�́𝑅

where 𝐸�́𝐺 is the energy input during growth, 𝐸�́𝑃 is the energy input for processing, 𝐸�́𝑅 is
́ 𝑜𝑢𝑡 is the energy output (from bio-oil and biomass
the energy input for refining, and 𝐸𝐷
fuel). An apostrophe accent is used to denote units that are reported with respect to the

growth volume processed, such as the energy inputs in units of J per L processed (J/Lp).
To account for differences in energy quality among the inputs and outputs, the qualityadjusted second-order energy return on investment (𝑄𝐴 2𝑂 𝐸𝑅𝑂𝐼) was calculated by

multiplying each input and output by a priced-based quality factor (cf. Chapter 4 and
[289]).

8-4

The overall financial return on investment, 𝐹𝑅𝑂𝐼, can be calculated as,
𝐹𝑅𝑂𝐼 = (𝐶𝐶+𝑂𝐶+𝐿)

𝑅𝐵𝑂 +𝑅𝐵𝑀𝐹 +𝑅𝑆

𝐺 +(𝐶𝐶+𝑂𝐶+𝐿)𝑃 +(𝐶𝐶+𝑂𝐶+𝐿)𝑅 +(𝐶𝐶+𝑂𝐶+𝐿)𝐷

[−]

where 𝑅 is revenue (from bio-oil (BO), biomass fuel (BMF), and subsidies (S)), and the
total investment is the sum of the capital costs (CC), operating costs (OC), and labor

costs (L) for growth (G), processing (P), refining (R), and distribution (D). To parallel
the second-order energy return on investment, the partial financial return on investment,
𝑃𝐹𝑅𝑂𝐼, is defined as,
8-5

𝑅́𝐵𝑂 +𝑅́𝐵𝑀𝐹
́ )𝑃 +(𝑂𝐶
́ )𝑅
𝐺 +(𝑂𝐶

𝑃𝐹𝑅𝑂𝐼 = (𝑂𝐶
́ )

[−]

and is equivalent to the quality-adjusted energy return on investment.
The water consumption and water withdrawal required for transportation via bio-oil
and biomass fuel produced in the UT-CEM production pathway is calculated based on
the methodology presented by King and Webber [395] (cf. Chapter 5). The water
consumption intensity, 𝑊𝐶𝐼, is defined as,
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8-6

𝑊𝐶𝐼 = (𝑉́

́
𝑊𝐶

𝐵𝑂 ∙𝐹𝐸𝐵𝑂 +𝑉́𝐵𝑀𝐹 ∙𝐹𝐸𝐵𝑀𝐹 )

and the water withdrawal intensity, 𝑊𝑊𝐼, is defined as,
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𝑚𝑖𝑙𝑒 𝑡𝑟𝑎𝑣𝑒𝑙𝑒𝑑

�

́ is the water consumed per liter of growth volume processed, 𝑊𝑊
́ is the water
where 𝑊𝐶

withdrawn per liter of growth volume processed, 𝑉́𝐵𝑂 and 𝑉́𝐵𝑀𝐹 are the volumes of bio-oil
and biomass fuel (methane) produced per liter of growth volume processed, and 𝐹𝐸𝐵𝑂

and 𝐹𝐸𝐵𝑀𝐹 are the fuel economy values for transportation via bio-oil and methane fuels.

Thus, these metrics are calculated as the water (consumed or withdrawn) required for
operating the production pathway shown in Figure 8-1 divided by the mileage that could
be traveled using the bio-oil and the biomass fuel that is produced (cf. Chapter 5).
Finally, a first-principles thermodynamic analysis was conducted to determine the
energy, entropy, and exergy of each intermediate product in the production pathway. In
this chapter, the energy and entropy flows are defined for three scenarios: the
Experimental Case (EC, detailed in previous chapters), the Highly Productive Case II
(HPCII, very similar to the Highly Productive Case presented in previous chapters), and
the Theoretical Optimum Case (TOC, which assumes ideal growth and processing). The
total energy input for each case includes solar radiation (based on [381]) and energy
consumed for growth and processing (refining is not considered). The conversion of
solar radiation to algal biomass is based on the model presented by Weyer et al. [381]
and the algae stoichiometry given by Clarens et al. [29]. These calculations were
performed by assuming that the intermediate products are ideal solutions, which enables
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direct calculation of the thermodynamic properties, but neglects to consider many
important phenomena that are present in real systems (e.g., electrostatic forces between
algal cells and chemical interactions).

RESULTS
Progression of Lipid Profile and Cell Structure throughout the Production Pathway
The small-scale experiments conducted in this study (which processed 40 – 80 L of
growth volume each) were designed to confirm trends that have been observed during the
production of more than a dozen larger scale batches (970 - 4,000 L of growth volume
each). As shown in Figure 8-2, and discussed in Appendix 2C, the trends observed
include a decrease in triglyceride (TAG), increases in diglyceride (DAG) and free fatty
acids (FFA) (until separations, i.e., up to sample 6), and the degradation of cellular
integrity during the course of the production pathway. There are multiple potential
sources of DAG and FFA (including TAG and phospholipids) and several possible means
by which these species could be produced. It is difficult to specify which biological,
chemical, and physical processes were dominant due to the presence of many variables in
this experiment (including light, temperature, time, nutrients, contamination, and
processing methods). Additional chemical assays are planned for future work to provide
a better understanding of these processes.
The changes in the lipid content corresponded to cell degradation that was observed
by SEM and TEM throughout processing.

The cell degradation is illustrated by

comparing Figure 8-3, which displays images of algae in the algal culture (sample 1), and
Figure 8-4, which displays images of the same algae ~23 hours after electromechanical
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pulsing (sample 6).

These results demonstrate the dynamic nature of intermediate

products and emphasize the need to monitor changes in lipid profile, as those changes can
directly impact biofuel productivity.

Figure 8-2. The lipid content for Batch 2 of [114] as indicated by pixel density (of the
band associated with that lipid species) divided by algal dry weight of that sample.
Confer Appendix 2C for details and results for Batch 1 and Batch 3 of that study.

Figure 8-3. Batch 2. a-e) SEM images for sample 1. f-j) TEM images for sample 1.[114]
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Figure 8-4. Batch 2. a-e) SEM images for sample 6. f-j) TEM images for sample 6.[114]
Biomass and Biofuel Productivities
The average algal concentration of the growth volume in the Experimental Case was
0.26 g/L and cultivation required 123 days, on average. On average, the neutral lipid
fraction was measured by HPLC to be 0.018 and for each liter of processed volume
(containing 260 mg of algae), 2 mg of biocrude and 165 mg of post-extraction biomass
were recovered. It was assumed that the bio-oil refining efficiency (upgrading biocrude
to bio-oil) was 1 and the biomass fuel refining efficiency (converting post-extraction
biomass to methane) was 0.25 [377]. Combining these values, the algal biomass
productivity, estimated bio-oil productivity, and estimated methane productivities were
2.17 mg/L-d (~434 mg/m2-d), 0.02 mg/L-d (~4 mg/m2-d), and 0.34 mg/L-d (~68 mg/m2d) in the Experimental Case, respectively.
For the Highly Productive Case, the algal concentration was modeled to be 1 g/L (a
factor of four improvement over the Experimental Case), requiring 12.5 days of
cultivation (~16 g/m2-d, corresponding to a photosynthetic efficiency of 3.7% and a 50%
“cost of living”, cf. Chapter 7). The lipid fraction was assumed to be 0.3 and the
production efficiencies were: 𝜑ℎ𝑎𝑟𝑣 = 0.9, 𝜑𝑐𝑒𝑙𝑙𝑦𝑠 = 0.95, 𝜑𝑠𝑒𝑝𝐵𝐶 = 0.9, 𝜑𝑟𝑒𝑓𝐵𝑂 =
381

0.9, 𝜑𝑠𝑒𝑝𝐵𝑆 = 1, and 𝜑𝑟𝑒𝑓𝐵𝑀𝐹 = 0.25. These values yield a bio-oil productivity of 16.6
mg/L-d (~3.32 g/m2-d) and a methane productivity of 12.1 mg/L-d (2.42 g/m2-d),
respectively.

Energy Return on Investment for Algal Biofuel
Table 8-2 lists the second-order EROI results for the Experimental Case and the
Highly Productive Case, which are 9.2 x 10-5 and 0.22, respectively. For algal biofuels to
be produced commercially, the EROI must be competitive with that of conventional fuels
(e.g., the EROI for oil and gas is ~15 [30]). These results are also plotted in Figure 8-5,
along with the first-order energy return on investment, which includes only direct energy
inputs (and thereby neglects energy embedded in material inputs). The energy expenses
are dominated by growth inputs, which account for 96% and 86% of the total energy
input in these cases, respectively. For the Experimental Case, 90% (2,308 kJ/Lp) of the
total energy input (2,572 kJ/Lp) was associated with bioreactor lighting, air compression
(for supplying CO2), and pond mixing; all of which are considered to be artifacts of suboptimal lab-scale processing.[289] Conversely, in the Highly Productive Case, which
modeled efficient growth equipment, embedded energy in nutrients accounted for 85%
(63 kJ/Lp) of the total energy input (75 kJ/Lp). For each kg of algae, the minimum
possible CO2, nitrogen, and phosphorus consumption can be approximated as 1.8 kg, 70
g, and 8 g, respectively (cf. Chapter 7).[19, 29, 85, 86, 368, 371] Using these minimum
data, the minimum possible energy embedded in the (full price) nutrients would require
more energy (17.7 kL/Lp) than the total energy produced (16.6 kJ/Lp), which prevents a
positive net energy yield, and illustrates the need to use waste forms of nutrients (e.g., in
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waste water, flue gas, animal waste, etc.).[29, 289, 369, 378] Several other studies have
presented hypothetical energy analyses of algal biofuel production, and although the
scope and systems evaluated vary, each of these studies have also demonstrated that
without discounted inputs (e.g., nutrients and water from waste water, excess heat from a
power plant, CO2 from flue gas), the energy return on investment is not competitive with
conventional fuels.[29, 85, 369, 378, 478] Chapter 4 contains a complete literature
review of energy data used in other studies.
Furthermore, the EROI was adjusted using quality factors that were calculated
according to the price of each input, yielding a quality-adjusted second-order EROI that
parallels the partial financial return on investment (FROI) analysis (cf. Chapter 6). For
the Experimental Case and the Highly Productive Case, the quality-adjusted secondorder EROI was 9.2 x 10-5 and 0.36, respectively.

Financial Return on Investment for Algal Biofuel
The partial financial return on investment (PFROI) for the Experimental Case and the
Highly Productive Case was 9.2 x 10-5 and 0.37, respectively. This study indicates that
for the partial financial return on investment to be greater than one for the algal biofuel
production system modeled in the Highly Productive Case (variable costs of
~$600/MLp), the algal concentration needs to exceed 3 g/L with a 30% neutral lipid
fraction. The challenge is growing, processing, and refining this high-yield biomass for
less than ~$600/MLp ($0.2/kg of biomass), especially since many of the costs scale
directly with biomass productivity (e.g., nutrient costs increase as biomass productivity
increases). This challenge is highlighted by the costs estimated for the Highly Productive
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Case, which were $550/MLp to produce algae at a concentration of 1 g/L with an
assumed 30% neutral lipid fraction.
For an overall financial return on investment to be greater than 1, the biofuel yield
would need to be significantly greater, or these costs would need to be significantly lower
(than $600/MLp), to enable revenue sufficient to fund fuel distribution, capital costs,
labor, and other expenses that are not included in the partial financial return on
investment calculated in this study (cf. Equation 8-4). The overall 𝐹𝑅𝑂𝐼 is expected to
be much lower than the 𝑃𝐹𝑅𝑂𝐼 as capital and labor costs will be significant. For

example, Lundquist et al. provide an analysis for capital costs of a similar production
system and demonstrate that capital costs can account for roughly 50% of the total
cost.[378]
Figure 8-5 illustrates the relationships between the EROI, quality-adjusted EROI (QA
EROI), and PFROI with respect to the number of inputs that are considered in the
analysis.[367] As more inputs are included in the calculations, the return on investment
values decrease. The quality-adjusted second-order EROI is equivalent to the PFROI,
which is dictated by using quality factors that are based on the price of each energy and
material flow in the analysis (cf. Chapter 4).
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Figure 8-5. The EROI and PFROI for the Experimental Case and the Highly Productive
Case with respect to number of inputs considered. The curves are presented for
illustration only, as the curve shapes are unknown.
Water Intensity of Algal Biofuel
Figure 8-6 plots the overall water intensity of transportation with algal biofuel
(consumption and withdrawal) for the three cases considered in this study alongside
equivalent results for a variety of transportation fuels, including fossil fuels, electricity
for electric vehicles, and biofuels (note the logarithmic scales, cf. Table 8-2 for data). As
shown, the Experimental Case water intensity (which includes significant lab-scale
artifacts) far exceeds any of the other transportation fuels, which is not surprising.
Meanwhile, the Highly Productive Case water consumption intensity is lower than that of
irrigated corn ethanol, but its water withdrawal intensity is greater than that of irrigated
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corn ethanol. Still, the Highly Productive Case, which assumes very efficient water use
(no evaporation and 95% recycling), is orders of magnitude more water intensive than
traditional fossil fuels or non-irrigated corn ethanol.
Several other studies have been conducted to determine the water intensity of algal
biofuel production and the systems and system boundaries used in each study vary.[29,
378, 392, 396] Analogous to energy inputs, the water inputs for a production pathway
include direct and indirect parts. Additionally, the water consumption required to
produce capital equipment can be included (e.g., water required for producing glass
bioreactors [396]). Figure 8-7 illustrates the relationship between water intensity of algal
fuels and the number of inputs considered along with data reported in several studies,
which were described in Chapter 5. While the WCI and WWI metrics are useful to
evaluate the magnitude of water required for fuel production, they do not consider water
quality. The relationship between water requirements (considering magnitude and
quality) and water availability is more important than the water intensities. However, this
relationship is dependent on several parameters for any given location, and therefore
must be evaluated on a case-by-case basis.
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Figure 8-6. Water intensity of transportation for several fuels [395], including the bio-oil
and methane co-products from the algal biofuel cases: Experimental Case, Reduced Case,
and Highly Productive Case. cf. Chapter 4 for the raw data and a description of the
Reduced Case. * Note the logarithmic scale.

Figure 8-7. Water consumption intensity (gal of water per mile traveled) for various
studies that include different numbers of inputs (direct, indirect, capital, etc.). The curves
are presented for illustration only, as the curve shapes are unknown.
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Resource Requirements
The amounts of CO2, nitrogen, water, and electricity that would be required to
produce 5 Bgal of algal bio-oil per year (which would satisfy the unspecified portion of
the Renewable Fuels Standards in the Energy Independence and Security Act (EISA),
passed in 2007 [425]), are listed in Table 8-2 for the Experimental Case and the Highly
Productive Case. The results demonstrate that algal biofuel production under the
Experimental Case is completely unfeasible, which is not surprising due to lab-scale
artifacts. In the Highly Productive Case, the required amounts of these resources are
more feasible, but still very large (e.g., the nitrogen requirement to produce 5 Bgal/yr
would be 45% of current U.S. nitrogen fertilizer consumption).
Based on the secondary effects of corn ethanol production that have been observed
[401, 402, 406, 430], one can expect similar, and less desirable, effects would occur for
large scale production of algal bio-oil (e.g., 5 Bgal/yr). Widespread production of algal
biofuels would increase competition for fertilizer, electricity, CO2, and water. While
sequestration of CO2 would be desirable and some water requirements could be met with
waste water or salt water, the increased demand for fertilizer and electricity would have
negative economic impacts. With an energy return on investment less than 1, any algal
biofuel production would require more energy than it would produce, and much of this
energy would be required in the form of electricity. Depending on the scale of
production, this electricity requirement could impact electricity prices and could have a
significant, unintended impact on carbon emissions, which would result from the
associated electricity generation. Although not addressed in this study, widespread algal
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biofuel production would also require available land (potentially non-arable land), which
could create competition for lands that are near critical resources (e.g., waste water or salt
water and sources of CO2).

Exergy Analysis of the Production Pathway
A first-principles thermodynamic analysis was presented in Chapter 7 that calculated
the energy, entropy, and exergy of the intermediate products in the algal biocrude
production system shown in Figure 8-1 as an initial attempt to characterize the
thermodynamic efficiency of that system. In a biofuel production system, the specific
exergy of the intermediate products increases throughout the production pathway (with
the fuel products containing the greatest exergy (i.e., work potential)). This effect is
correlated to the decreasing entropy of the intermediate products throughout the
production pathway as illustrated, which is accomplished with work inputs.
The fundamental questions thereby become: 1) what is the minimum amount of work
required to produce fuel from algae? and 2) how does this theoretical minimum work
input compare to the amount of energy produced from the system? Knowledge of the
theoretical minimum work input required would provide insight into the maximum
possible thermodynamic efficiency of algal biofuel production and provide a metric by
which real production processes could be judged (analogous to calculating the efficiency
of an engine or generator).
Figure 8-8 tracks the algal biomass, energy content, entropy, and exergy of each
intermediate product in the production pathway (cf. Chapter 4 for calculations). Results
for the energy and exergy efficiencies of the system, as well as the first-order energy and
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exergy return on investment of the system are listed in Table 8-1. The energy or exergy
efficiency of the entire system is defined as the energy or exergy output (in biocrude and
biomass for fuel) divided by the total energy or exergy input (including sunlight). The
first-order energy and exergy return on investments can be calculated as the energy or
exergy yield, respectively, divided by the work input. Additionally, the minimum work
input required for operating the production pathway was calculated by assuming that all
intermediate products were ideal solutions. This assumption greatly oversimplifies the
physics associated with the production pathway and yields results for the maximum
energy and exergy return on investments that are much higher than would be achievable
with real systems (cf. Table 8-1). Therefore, a more detailed model of each production
step is needed to include the relevant physical phenomena to calculate the maximum
energy and exergy return on investment that can be achieved for real systems, as this
information would provide great insight into the overall potential of algal biofuel
production.
The results demonstrate, from a first-principles analysis, the increase in energydensity throughout the production pathway and the corresponding decrease in specific
entropy throughout the production pathway. The analysis outlines a framework for
calculating the maximum possible thermodynamic efficiency of producing fuel from
algae, which is the end-goal.
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Figure 8-8. Mass, energy, entropy, and exergy properties of each intermediate product
(assumed to be ideal solutions) in the algal biofuel production pathway of the
Experimental Case (EC), Highly Productive Case II (HPCII), and the Theoretical
Optimum Case (TOC).
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Table 8-1. Energetic and exergetic efficiencies for the Experimental Case, Highly
Productive Case II, and the Theoretical Optimum Case.
EC
13,320
50.84
13,370
2,369
50.84
2,420
0.02
4.15
13,380
50.84
13,430
4.64

HPCII
731.7
1.35
733.0
0.81
1.35
2.16
0.05
21.11
783.4
1.35
784.8
22.17

TOC
880.1
0.23
880.3
0.00
0.23
0.23
0.23
122.2
934.1
0.23
934.4
125.0

Growth Energy Efficiency (-)
Processing Energy Efficiency (-)
Overall Energy Efficiency (-)
First-Order EROI (-)
Maximum First-Order EROI for Ideal Solutions (-)
Maximum First-Order EROI for a Real Process (-)

4.78E-04
7.3E-02
3.05E-04
1.7E-03
214
TBD

0.03
0.82
0.03
9.77
455
TBD

0.14
0.996
0.14
520
520
TBD

Growth Exergy Efficiency (-)
Processing Exergy Efficiency (-)
Overall Exergy Efficiency (-)
First-Order BROI (-)
Maximum First-Order BROI for Ideal Solutions (-)
Maximum First-Order BROI for a Real Process (-)

4.24E-03
4.32E-02
3.46E-04
1.92E-03
239
TBD

0.10
0.29
0.03
10.3
478
TBD

0.20
0.71
0.13
532
532
TBD

Total Energy Input for Growth (kJ/Lp)
Total Energy Input for Processing (kJ/Lp)
Total Energy Input (MJ/kLp)
Total Work Input for Growth (kJ/Lp)
Total Work Input for Processing (kJ/Lp)
Total Work Input (kJ/Lp)
Total Minimum Work Input Required (kJ/Lp):
Energy Yield (kJ/Lp):
Total Exergy Input for Growth (kJ/Lp)
Total Exergy Input for Processing (kJ/Lp)
Total Exergy Input (MJ/kLp)
Exergy Yield (kJ/Lp):

Table 8-2. Summary of energy, water, cost, and resource requirement results for the
Experimental Case and the Highly Productive Case.
Bio-oil Yield (g/kLp)
(% of U.S. transp. petroleum displaced for 5 Bgal of Bio-oil/yr)

Experimental
Case
2.1
2.8%

Highly Productive
Case
210
2.8%

Methane Yield (g/kLp)
(% of U.S. natural gas displaced for 5 Bgal of Bio-oil/yr)[429]

42
60%

150
2.2%
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Table 8-2 (continued)
Experimental
Case
2,500

Highly Productive
Case
64

Energy Expense for Processing (kJ/Lp)

97

8.5

Energy Expense for Refining (kJ/Lp)

0.2

2.1

Energy Output (Bio-oil and Methane) (kJ/Lp)

2.4

17

Second-Order EROI

9.2 x 10-4

0.22

Quality-Adjusted Second-Order EROI

9.2 x 10-5

0.36

Operating Cost of Growth ($/gal BO)

152,000

6.1

Operating Cost of Processing ($/gal BO)

Energy Expense for Growth (kJ/Lp)

11,000

1.7

Operating Cost of Refining ($/gal BO)

1.6

0.2

Bio-oil Revenue ($/gal BO)

2.5

2.5

Methane Revenue ($/gal BO)

8.7

0.5

0.5

0.5

PFROI (No Capital, No Subsidies)

Subsidy ($/gal BO)

9.2 x 10-5

0.37

PFROI w/ Subsidies (No Capital, With Subsidies)

9.6 x 10-5

0.43

Total Distance Traveled (Bio-oil and Methane) (mi/kLp)

0.39

3.3

Water Consumption (gal H2O/gal of Bio-oil)

1.3 x 106

450

(multiples of Austin water use for 5 Bgal of Bio-oil/yr) [427]

150,000X

51X

940

31

Water Consumption Intensity (gal H2O/mile)
Water Withdrawal (gal H2O/gal of Bio-oil)

2,400
20 x106

9.4
4.4 x 103

Water Withdrawal (gal H2O/kLp)

14 x103

300

Water Withdrawal Intensity (gal H2O/mile)

37,000

92

3.5 x 106
120,000%

38
1.3%

CO2 Consumption (kg/gal)
(% of total U.S. emissions for 5 Bgal of Bio-oil/yr) [426]

14 x 103
1200%

120
11%

Nitrogen Consumption (kg/gal)
(% of total U.S. N use for 5 Bgal of Bio-oil/yr) [423]

290
13,000%

1.0
45%

Water Consumption (gal H2O/kLp)

Electricity Consumption (MJ/gal)
(% of U.S. electricity production for 5 Bgal of Bio-oil/yr) [428]

Units that are reported with respect to the amount of growth volume processed contain a “p”
subscript (e.g., kJ/Lp is the energy input per liter of growth volume processed).
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CONCLUSIONS
Current Feasibility
This body of work demonstrates that producing petroleum fuel substitutes from algae
without using discounted electricity, nutrients, and CO2 is unfeasible with current
technologies. As shown above, the second-order energy return on investment and partial
financial return on investment are significantly less than 1, even for the Highly
Productive Case. Including additional expenses that are omitted in these metrics (i.e.,
capital, labor, externalities, etc.) would further reduce profitability. Additionally,
transportation using algal biofuel produced from this system would be much more water
intensive than that for conventional fuels. The challenge for achieving energy-positive,
profitable biofuel production from algae is rooted in the thermodynamic challenges
associated with converting low energy density materials (photons and nutrients) to
energy-dense fuels; a process that requires a significant reduction in specific entropy,
which thereby requires a significant amount of work input (i.e., energy expense).

Targets to Achieve Sustainable Production
Based on the results of this study, targets can be set for producing algal biofuel that
will enable a second-order energy return on investment equal to 1 (i.e., break-even)
without exceeding water availability constraints or drastically increasing national
fertilizer consumption. Since these targets are devised specifically for the second-order
energy return on investment, productivity would need to be increased and/or expenses
would need to be decreased significantly to achieve an overall energy return on
investment that is greater than 1. The targets are:
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1) Algal concentration of 3 g/L with a lipid fraction of 0.3, which would yield
approximately 25 kJ of bio-oil and 25 kJ of methane per liter of processed volume
(which is about 210 gal BO/MLp and 450 kg methane/MLp, estimated to be roughly
$600 of revenue per million liters of growth volume (assuming $2.50/gal BO and
$4/MMBtu of methane));
2) An energy input for growth, processing, and refining that is less than 50 kJ per liter of
processed volume and would require using discounted inputs;
3) A water consumption intensity on the order of 1 gal/mile, which could be achieved in
this scenario by consuming roughly 25 liters of water per thousand liters of processed
volume (which corresponds to no evaporation during growth, minimal processing
water use, and greater than 97.5% recycling). This consumption corresponds to about
33 gallons of water per gallon of bio-oil produced (with a methane co-product of
about 2.2 kg/gal BO),
4) A net nutrient consumption that would enable large-scale production while only
marginally increasing the national fertilizer consumption. For example, to produce 5
Bgal of fuel per year, the net nitrogen consumption for each gallon of fuel produced
should be less than about 100 g to prevent a national increase in nitrogen fertilizer
consumption of more than 5% (which is about 6 x 108 kg N/yr [423]). In this
scenario, one gallon of bio-oil is produced from about 15 kg of algae, and therefore
the nitrogen consumption should be less than about 7 g per kg of algae, which is
roughly 10% of the minimum possibly gross nitrogen requirement for algae.
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Therefore, nitrogen recycling or utilization of waste nitrogen of 90% or more is
required.
The financial return on investment is dependent upon market prices, and therefore can
vary substantially depending on market conditions (e.g., oil price). However, the
financial return on investment can be correlated with the energy return on investment
(independent of market prices) by calculating the quality-adjusted energy return on
investment using quality factors based on market prices. If the targets listed above can be
achieved, the partial financial return on investment (based on the price assumptions used
in this study) would be greater than 1 if the cost of growth, processing, and refining is
less than $600 per million liters of growth volume processed (which is equivalent to
$0.20/kg of grown mass). Achieving a total cost less than $600 per million liters of
growth volume processed ($0.20/kg) would yield an overall financial return on
investment greater than 1 for this scenario (assuming no subsidy revenue).

Ways to Get There
Ways to improve the energy balance, economic profitability, and water intensity of
algal biofuel production include:
1) using waste and recycled nutrients (e.g., wastewater and animal waste) [29, 369, 378],
2) using waste heat and flue-gas from industrial plants [325, 371] or developing efficient
means of using atmospheric CO2 (without sacrificing biomass productivity),
5) developing ultra-productive algal strains (e.g., genetically modified organisms) [340],
3) minimizing pumping [112, 393],
4) establishing energy-efficient water treatment and recycling methods [392],
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6) employing energy-efficient harvesting methods [34-36], and
7) avoiding separation via distillation.
The development of genetically modified organisms that secrete oils might provide
parallel reductions in energy expense, as the oil might be more easily collected. Carbon
legislation could also alter the economics of algal biofuel production. Additionally, algae
can produce nutraceutical and pharmaceutical co-products, which could significantly
improve the overall process economics.
Therefore, the most favorable scenario for algal biofuel production is one that can
utilize each of the improvements listed above. Implementing growth and processing
technology advancements, in conjunction with co-locating facilities with discounted
energy and materials (i.e., electricity plants, waste water treatment plants, livestock feed
lots, etc.) offers the potential for profitable algal biofuel production, and this concept has
been proposed by several researchers [29, 371, 378, 479]. However, relying on waste
materials as feedstock relegates algal biofuel production to relatively low levels.[378]
It is most important that the cumulative EROI for the entire U.S. energy profile is
greater than unity, including the contributions from all energy sources, while providing
the necessary fuels for essential services. Therefore, although the results of this study
suggest that the EROI for algal fuels will remain less than one for the foreseeable future;
algae represent one of the few alternative feedstocks capable of producing petroleum fuel
substitutes for applications that require high energy-density, such as aviation. Thus, algal
biofuels have the potential to satisfy niche markets in the short-term, while
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implementation of “game-changing” biotechnology advances are needed for sustainable
large-scale algal biofuel production.
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