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 The cleanup of petroleum groundwater contamination is a major concern for the 

United States and as microbial bioremediation gains popularity the improvement of this 

method requires further research into how these microbes degrade water-soluble 

petroleum pollutants. Methylibium petroleiphilum (M. petroleiphilum) is one such 

bacterium of special interest, because it can metabolize a wide range of gasoline 

contaminants. The primary goal of this research is to investigate M. petroleiphilum’s 

capacity for metabolizing different aromatic hydrocarbon compounds from petroleum 

pollution. The source of this unusual ability is hypothesized to stem from two seemingly 

redundant aromatic hydrocarbon-degrading operons, wherein the two operons would 

catabolize different petroleum contaminants and thus offer versatility to the bacteria.  In 

this study, in vitro biochemical techniques probe two homologous proteins, specifically 

the 4-oxalocrotonate tautomerase (4OT) enzymes, within each operon.  The 4OT family 

is well characterized and these proteins are especially good candidates for this research 
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due to their ease of expression, purification, and robust catalytic properties. Furthermore, 

the 4OT family is known to be promiscuous with respect to substrate preference and 

catalysis. Also, the sequence identity between Tautomerase I and II is the lowest of all 

redundant aromatic hydrocarbon degrading enzymes, which suggests that these enzymes 

may show the most significant distinctions in substrate preference. As such, each enzyme 

has been recombinantly expressed and purified to enable detailed molecular-level 

characterization. The structure of each enzyme has been solved, using x-ray 

crystallography, and comparison of which provides insight into their potential functional 

differences. Kinetic analysis of two petroleum metabolites, specifically those of benzene 

and toluene, were measured for each enzyme. These results also suggest substrate 

preferences. The results of this research provide insight into the metabolism of petroleum 

groundwater pollutants, specifically the aromatic hydrocarbons, by Methylibium 

petroleiphilum. 
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Chapter 1: Introduction 

Bacterial metabolism is an exciting field of study as these microorganisms are 

constantly evolving and adapt quickly to new and challenging environments. The 

development of new metabolic capabilities lies in the evolution of the biomolecules, 

called enzymes, which catalyze the degradation of new fuel sources. With a limited 

number of enzyme structure folds, however, the question of ‘how’ the bacteria are able to 

continually advance their metabolic repertoire and utilize new energy sources is 

extremely intriguing. Exploiting this feature of bacterial catabolic adaption has been 

extremely advantageous in the field of bioremediation, as many bacteria have proven 

capable of metabolizing a range of pollutants.  Further developments in this area require 

continued investigation into the metabolism of bacteria discovered with new catabolic 

capabilities, and the molecular-level study in this area is at the heart of this dissertation. 

The introductory chapter of this dissertation endeavors to present the background 

information relevant to the primary goal and central hypothesis of this dissertation. A 

brief introduction into petroleum groundwater pollution and bioremediation leads to the 

unique catabolism of aromatic hydrocarbons by the bacteria Methylibium petroleiphilum, 

a primary focus of this work. After reviewing how microorganisms degrade aromatic 

hydrocarbons and the relevance of this bacterium’s catabolic nuances the primary goal, 

central hypothesis and enzymatic probe of the hypothesis are stated. The introduction 

commences with the detailed background of this enzymatic probe and ends with the 

overall organization of this dissertation. 
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1.1 PETROLEUM GROUNDWATER POLLUTION 

Although the research presented in this dissertation revolves around the in vitro 

characterization of two enzymes within aromatic hydrocarbon catabolzing operons, the 

context in which this pathway operates is important. As such, this section provides a brief 

background on groundwater, the consequences of petroleum pollution of this resource, 

and one method of cleanup, bioremediation. 

 

1.1.1 Importance of Groundwater 

Groundwater is an essential resource used in many capacities. As the name 

implies, groundwater is water found in soil and rock formations. (4) This water becomes 

land-locked during the course of the water cycle, wherein a portion of the rainfall is 

trapped and cannot return to the ocean. Useable quantities of groundwater are located in 

aquifers. 70% of the world’s freshwater resources come from groundwater and its uses 

are widespread. (2) The 2005 United States Geological Survey estimated that 

groundwater supplied 37% of the water for agricultural needs, mainly irrigational, 37 % 

of the public water supply, and 51% of population’s drinking water in the United States. 

(8) Clearly, maintaining the purity of this valuable resource is vital.  

 

1.1.2 Petroleum Groundwater Contamination 

Alas, the U.S. Environmental Protection Agency has recorded over 400,000 cases 

of petroleum-based fuel leakages into aquifers from underground storage tanks. (3, 17) 

During the release of this contaminant, many of the hydrocarbon components of 

petroleum evaporate while others readily dissolve into water. The aromatic hydrocarbons 

benzene, toluene, ethylbenzene and the xylene isomers, also know as the BTEX 
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compounds, are the most water-soluble of the petroleum hydrocarbons. Although these 

compounds only constitute ~30% of all petroleum hydrocarbons, once petroleum has 

mixed with water these compounds comprise 60% of the water soluble petroleum-based 

mass. (30) Moreover, the BTEX components are recalcitrant in decontamination, which 

exacerbates the problem of petroleum groundwater pollution, because these aromatic 

hydrocarbons cause a myriad of heath problems. (26) For one, short-term and long-tern 

exposure to these compounds adversely affects the central nervous system. (41) Also, the 

kidneys, liver and blood system are compromised from long-term exposure. (41) 

Additionally, benzene is a known human carcinogen. (3) Regrettably, humans come into 

contact with these compounds through skin absorption, inhalation, drinking contaminated 

water and consuming crops irrigated with the polluted water. (3, 41) Consequentially, 

great efforts are required to remediate the groundwater petroleum contamination. 

 

1.1.3 Bioremediation 

Of the methods used to remedy groundwater pollution, bioremediation is an 

exciting and increasingly popular option. Bioremediation uses microorganisms, 

specifically bacteria and fungi, to metabolize solubilized contaminants into non-toxic 

compounds. Often these organisms already exist in the aquifer, but the environmental 

conditions may hinder optimal microbial growth. In these cases, additional nutrients, 

oxygen, or other substances are added to the aquifer to enhance the bacterial growth and 

thus aid in degradation of the pollutant. (42) The conversion of toxic hydrocarbons into 

non-toxic gases, like carbon dioxide, is one of many appealing advantages of this method. 

Additionally, the on-site treatment requires little construction or disturbance to the 

aquifer, making this a relatively low-cost method. (3) Furthermore, the continual 
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discovery and metabolic characterization of microorganisms increases the number of 

microbes available for bioremediation. As such, bacteria currently used in bioremediation 

are selected based on the contaminant(s) they metabolize. For example, Pseudomonas sp. 

CF600 catabolizes toluene and naphthalene, Deinococcus radiodurans degrades solvents 

and heavy metals, Dechloromonas aromatica metabolizes perchlorates, and 

Nitrosomonas europaea oxidizes ammonium. (1) Although bioremediation has many 

advantages, the success of remediation depends on environmental conditions and the 

process may take years. (17, 42) However, genetic improvement of bacterial metabolism 

could overcome these challenges. Consequently, as the use of bioremediation continues 

to grow, the improvement of this method requires further research into the metabolism of 

these microorganisms.    

 

1.2 PETROLEUM CATABOLISM OF METHYLIBIUM PETROLEIPHILUM 

Methylibium petroleiphilum (M. petroleiphilum) is one such bacterium and was 

discovered in a gasoline-contaminated aquifer. While many bacteria used for 

bioremediation degrade specific contaminants, M. petroleiphilum is a species of special 

interest because of its ability to metabolize a variety of gasoline contaminants. 

 

1.2.1 Overview of Methylibium petroleiphilum and initial metabolic study findings 

 M. petroleiphilum is a motile, gram-negative rod-shaped bacterium first isolated 

from a biofilter belonging to the Los Angeles County Joint Water Pollution Control Plant 

in 1999. (20, 33) These aerobic heterotrophs grow optimally at pH 6.5 and 30 °C; and 

thrive in subsurface environments rich in methyl-tert-butyl ether (MTBE), a highly water-

soluble petroleum oxygenate, and BTEX hydrocarbons. (33) Discovering this unusual 
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combination of hydrocarbon growth substrates suggested that M. petroleiphilum 

possessed unique metabolic attributes, and prompted further characterization of this 

microorganism. First, the 16S rRNA sequence analysis classified this bacterium as a 

member of the Comamonadaceae family within the Betaproteobacteria class. (33) 

Interestingly, this was the first aerobic methylotroph assigned to the Betaproteobacteria 

class. (33) Methylotrophs are organisms that can survive on single, reduced carbon 

sources, like methane. (15) The three other genera classified as methylotrophs within the 

Betaproteobacteria class, Methylobacillus, Methylophilus, and Methlylovorus, are 

restricted facultative methylotrophs, because they metabolize methanol and a small 

number of other carbon sources; where as the other methylotrophs, in the 

Alphaproteobacteria and Gammaproteobacteria classes, catabolize a variety of single 

carbon sources. (33) M. petroleiphilum is categorized as a facultative methylotroph 

because this bacterium not only metabolizes methanol, but also methane and a number of 

other single carbon sources. In addition to these carbon energy sources, M. 

petroleiphilum readily grows on a number of aromatic hydrocarbons sources, listed here 

in decreasing order of energy source preference1: toluene, benzene, phenol, ethylbenzene, 

3,4-dihydroxybenzoate, 2,5-dihydroxybenzoate, 3,5-dihydroxybenzoate, 2,6-

dihydroxybenzoate, 2,3-dihydroxybenzoate. (33) Furthermore, data from this study 

suggested this organism can also metabolize xylene2, naphthalene and 2,4-

dihydroxybenzoate; though not as rapidly as the other aromatic hydrocarbons. (33) The 

ability of M. petroleiphilum to utilize such a wide-range of carbon sources is 

extraordinarily rare for a methylotroph; the typical methylotroph is much more limited. 

                                                
1 Carbon source preference was implied based on the relative cell density induced from 
each carbon source 
2 Isomer/s of xylene used for cell growth were not specified in paper 
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(33) Moreover, further data suggests Methylibium petroleiphilum preferentially degrades 

the BTEX compounds when supplied with a mixture of both MTBE and BTEX 

substrates. (16) The combination of genetic, physiological, biochemical and 

morphological evidence led to a new genus and species classification for Methylibium 

petroleiphilum. In the etymology, methyl refers to the methyl functional group and bios 

meaning life, which leads to the genus name: Methylibium. (33) For the species name, 

petra signifies stone, oleum indicating oil and philos denotes loving, so petroleiphilum, 

aptly named, means petrol loving. (33) Since the initial discovery in 1999, aquifers in 

Mexico and Europe have isolated colonies of M. petroleiphilum, and the interest in this 

bacterium’s hydrocarbon catabolism continues to grow. (28) 

 

1.2.2 Methylibium petroleiphilum’s aromatic carbon degrading operons 

As stated earlier, M. petroleiphilum grows on a variety of carbon sources, and is 

the only Betaproteobacteria methylotroph capable of using toluene, o-xylene, benzene, 

ethylbenzene and dihydroxybenzoates as sole carbon sources. (16, 28, 33) In 2007 the 

complete genome of M. petroleiphilum was sequenced; the analysis of which revealed 

two surprising additions to the aromatic hydrocarbon degradation system, compared to 

other canonical aromatic hydrocarbon degrading bacteria. (28) M. petroleiphilum has two 

redundant upper pathway operons and two homologous lower pathway operons.3 

Moreover, the two lower pathway operons each contain an upper pathway enzyme. The 

two upper pathway operons, named tbuI and tbuII, contain the genes for a 

multicomponent monooxygenase. (Figure 1.1) (28) The tbuI operon encompasses all the  

 
                                                
3 The terms ‘upper’ and ‘lower’ pathway refer to the order in which enzymes oxidize 
aromatic hydrocarbons, and are reviewed in the next section. Also see Figure 1.3 
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Figure 1.1: tbu operons of Methylibium petroleiphilum. The tables denote the order of 
genes sequenced in each operon. (28) 
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Figure 1.2: dmp operons of Methylibium petroleiphilum. Each table shows the order of 
genes sequenced within each operon. (28) 
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components necessary for a functional benzene or toluene monooxygenase. The genes in 

this operon are 62-74% similar to those found in the Pseudomonas aeruginosa (P. 

aeruginosa) JI104 benzene monooxygenase, and 50-71% similar to the toluene para-

monooxygenase present in Ralstonia pickettii (R. pickettii) PKO1. (27) Notably, the 

monooxygenases in these bacteria are known to oxidize a range of aromatic 

hydrocarbons. (18, 28) Although the tbuII operon’s genes are 55 to 74% identical to the 

first operon, the tbuA1 gene has a transposon insertion disrupting the gene and the tbuC 

gene is a psuedogene. This suggests that the second tbu operon will not produce a 

functional monooxygenase. (28) The existence of two tbu operons alone is very unusual, 

but the fact that M. petroleiphilum also has two lower pathway operons is exceedingly 

rare. Also, these separate lower pathway gene clusters, named dmpI and dmpII, are both 

located on the chromosome, instead of the mega-plasmid like many lower pathway 

operons. (28, 48) The first operon, dmpI, contains all the genes for phenol hydroxylase, 

another multi-subunit monooxygenase, the entire meta-cleavage pathway, and the ring-

opening enzyme, catechol 2,3-dioxygenase. (Figure 1.2) This operon is 60-83% similar to 

the dmp cluster in Pseudomonas sp. strain CF600, where as the dmpII operon genes are 

57-83% similar to the analogous enzymes. (28) The dmpII operon, however, lacks the 

dmpP gene, a subunit on the phenyl hydroxylase, and dmpC, a lower pathway enzyme 

called 2-hydroxymuconic semialdehyde dehydrogenase. (Figure 1.2) The presence of the 

toluene/benzene monooxygenase offers a ‘by-pass’ if the phenol hydroxylase in dmpII is 

not functional, since these two monooxygenases catalyze equivalent reactions. Moreover, 

the missing 2-hydroxymuconate semialdehyde dehydrogenase gene is part of the ‘short-

cut’ meta-cleavage pathway branch, which is not preferentially used in the degradation of 

certain aromatic hydrocarbons. (21, 34) In addition, both dmp operons have dmpR genes, 

a HylR family regulator known to control the transcription of the toluene/benzene 
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monooxygenase, phenol hydroxylase and meta-cleavage pathway enzymes in R. pickettii 

PKO1. (28) Taken together, the translation of the dmpII operon could yield the 

appropriate citric acid cycle intermediates. In summary, M. petroleiphilum possesses a 

rare combination of aromatic hydrocarbon metabolizing operons and further investigation 

into these operons could uncover the basis behind M. petroleiphilum unique capacity for 

catabolizing a wide-range of carbon sources. Before arriving at the central hypothesis of 

this dissertation, however, a short background on bacterial aromatic hydrocarbon 

catabolism is necessary.  

 

1.3 BACTERIAL AROMATIC-CARBON CATABOLISM 

The aerobic catabolism of aromatic hydrocarbons, such as benzene and toluene, 

has been extensively studied and their oxidation to acetyl-CoA occurs in three stages. 

(Figure 1.3) In the first stage, also known as the upper pathway, the aromatic compound 

is hydroxylated to produce a catechol, which is subsequently opened by an oxygenase in 

the second stage. Lastly, the cleaved metabolite is degraded to acetyl-CoA and either 

pyruvate or succinyl-CoA through one of two lower pathways. These stages are briefly 

introduced within the context of this dissertation, and as such this review is not 

comprehensive of all aerobic bacterial aromatic hydrocarbon catabolic pathways. 

 

1.3.1 Upper Pathway Enzymes 

The first stage in aromatic hydrocarbon degradation begins with activation of the 

aromatic ring. This preparative phase involves two oxygen molecules, added either 

concurrently or successively, by an oxygenase enzyme to form 1,2-dihydroxybenzene, 

also known as a catechol, or an alkyl substituted catechol depending on the starting  
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Figure 1.3: The three stages of aromatic hydrocarbon catabolism. This figure was 
adapted from Williams, 1994. 
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substrate. Of the three oxygenase superfamilies known to activate aromatic hydrocarbons, 

the soluble diiron monooxygenase superfamily is discussed here. As the name implies, 

these monooxygenases perform single hydroxylations and arrive at the dihydroxylated 

aromatic metabolites via successive additions of oxygen to the ring. The members of this 

superfamily are recognized by three main components: an assembly protein known as the 

catalytic effector, a reductase, and a terminal hydroxylase. (34) The uniting of these 

subunits produces an electron transport system that incorporates molecular oxygen into 

the aromatic ring system while oxidizing the cofactor nicotinamide adenine dinucleotide 

(NADH). (34) The catalytic site of these multicomponent enzymes, the terminal 

hydroxylase, is trimer of dimers formed by the α, β and γ subunits (i.e. (αβγ)2). (34) The 

sites of hydroxylation each contain a diiron center and are located within the α subunit. 

(34) The four sub-families within this superfamily are categorized and named based their 

substrate specificity at the α subunit active site: the methane monooxygenase, alkene 

monooxygenase, phenol hydroxylase, and the four-component aromatic monooxygenase 

family. (34) Of interest to this research are the four-component aromatic monooxygenase 

and phenol hydroxylase families; both of which are encoded in single operons, typically. 

(34) The 4-component aromatic monooxygenase enzymes readily catalyze the oxidation 

of non-hydroxylated aromatic substrates, like benzene and toluene, and single 

hydroxylated aromatic hydrocarbons, like phenol and the methyphenols (known as 

cresols). (13, 14, 18, 34) The phenol hydroxylase system, on the other hand, 

preferentially oxidizes aromatic substrates with a single hydroxyl group, like phenol or 

the cresols, into the final catechol. (13, 14, 18, 34) The phenol hydroxylase and aromatic 

monooxygenase enzymes have a myriad of substrate specificity differences and 

placement of the hydroxyl groups on an alkyl-substituted aromatic hydrocarbon can vary. 



 13 

(13, 14, 18, 29) No matter what oxygenase the organism encodes, however, these upper 

pathway enzymes ultimately create a catechol/alkyl-catechol.  

 

1.3.2 Catechol Ring Opening Enzymes  

The second stage of aromatic hydrocarbon catabolism involves cleavage of the 

catechol ring. This phase also uses an oxygenase enzyme, and the two ring-opening 

enzyme families are named and classified based on the site of ring cleavage. The first 

family, termed intradiol or ortho dioxygenases, are non-heme Fe3+ containing enzymes 

that catalyze the ortho ring cleavage leading to the product cis, cis-muconate. (34, 48) 

The canonical enzyme for this family is the catechol 1,2-dioxygenase (C 1,2 O) and this 

family of enzymes does not cleave alkyl-substituted aromatics, as this leads to dead-end 

products. (34, 48) In the second family, categorized as extradiol or meta dioxygenases, 

the archetype oxygenase is the catechol 2,3-dioxygenase (C 2,3 O). (34, 48) This enzyme 

cleaves meta to the catechol and utilizes a non-heme Fe2+ for catalysis. (34, 48) The 

product of ring opening is 2-hyroxymuconate semialdehyde, or an alkyl derivative 

thereof, as these dioxygenases readily cleave alkyl substituted catechols. (34, 48) The 

dioxygenase encoded by the organism determines the subsequent path of degradation, 

which are aptly named the ortho-cleavage and meta-cleavage pathways. 

 

1.3.3 Lower Pathway Enzymes  

The last phase of degradation is catalyzed by a series of lower pathway enzymes. 

As stated above, the final route of catabolism is dictated by the dioxygenase cleaving the 

ring and these enzymes are encoded in the same gene cluster as the dioxygenase. The cis, 

cis-muconate metabolite, formed as a result of intradiol (ortho) cleavage, enters the 
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ortho-cleavage pathway, which consists of five enzymes. (Figure 1.4) In this pathway cis, 

cis-muconate is first cyclized into a lactone, and after an isomerization step, a hydrolase 

opens the lactone ring to form 3-oxoadipate. (34) The final two enzymes, convert 3-

oxoadiapate into the final products of this pathway, succinyl-CoA and acetyl-CoA, which 

proceed to the citric acid cycle. (34) The other pathway, induced by the extradiol (meta) 

cleavage of either a catechol, or alkyl-substituted catechol, is referred to as the meta-

cleavage pathway. Again, the enzymes in this pathway are encoded with the 

corresponding dioxygenase; in this case a catechol 2,3-dioxygenase (C 2, 3 O). Unlike 

the ortho-cleavage pathway, however, this pathway has two branches, the oxalocrotonate 

and hydrolytic branches. (34) (Figure 1.5) These branches converge on the formation of 

the 2-hydroxypent-2,4-dienoate metabolite. In the oxalocrotonate branch, the 2-

hydroxymuconate semialdehyde dehydrogenase (HMSD) oxidizes the terminal aldehyde 

of 2-hydroxymuconate semialdehyde to a carboxylate group, the product of which is 2-

hydroxymuconate. This metabolite then undergoes a tautomerization reaction catalyzed 

by 4-oxalocrontonate tautomerase (4OT) to yield 4-oxalocrotonate. (34, 48) Finally, the 

decarboxylation of 4-oxalocrontonate yields 2-hydroxypent-2,4-dienoate. In the 

hydrolytic branch, 2-hyroxymuconate semialdehyde is hydrolyzed by 2-hyroxymuconate 

semialdehyde hydrolase (HMSH) to produce 2-hydroxypent-2,4-dienoate. (34, 48) 

Interestingly, the oxalocrotonate branch preferentially metabolizes the benzene and 

toluene metabolites, 2-hydroxymuconate and 5-methyl-2-hydroxymuconate. (21) After 

producing 2-hydroxypent-2,4-dienoate, a hydratase followed by an aldolase catalyze 

consecutive reactions to create pyruvate and an aldehyde. (34, 48) Lastly, acetaldehyde 

dehydrogenase (AD) converts the aldehyde to acetyl-CoA, which enters into the citric 

acid cycle along with pyruvate. (34, 48) Microorganisms typically encode one of the two 

lower pathway operons, although the meta-cleavage pathway operon is favored. 
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Figure 1.4: The ortho-cleavage pathway. Figure depicts the metabolites proceeding 
from the intradiol cleavage of the catechol and was adapted from Perez-
Pantoja, 2010. 
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Figure 1.5: The meta-cleavage pathway. Figure depicts the metabolites proceeding 
from the extradiol cleavage of the catechol and was adapted from Perez-
Pantoja, 2010. 
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1.3.4 Organization of Upper Pathway, Ring Opening, and Lower Pathway Operons 

The combination of specific upper and lower pathway enzymes, along with the 

ring-opening enzymes, not only dictates which aromatic hydrocarbons the bacterium 

metabolizes, but also the pathway in which the aromatic hydrocarbon is oxidized. Figure 

1.6 shows the possible routes of toluene degradation based on the operon context encoded 

within a bacterium. (27) For example, if a bacterium encodes enzymes in the xyl operon 

the methyl group of toluene is oxidized and removed prior to ring opening. (27, 48) 

Whereas, the enzymes in the dmp and tod operons directly oxidize the aromatic ring and 

catalyze the subsequent ring opening reaction while leaving the alkyl group untouched. 

(9, 48) As such, the genomic context of the enzymes for aromatic hydrocarbon 

degradation dictates the route of hydrocarbon oxidation.  

 

1.4 PRECEDENCE OF TWO SEPARATE UPPER PATHWAY OPERONS  

The presence of two upper pathway operons has precedence in two well-

characterized microorganisms: Pseudomonas stuzteri OX1 and Ralstonia pickettii PKO1.  

 

1.4.1 Relevance of Two Monooxygenases: Toluene Monooxygenase and Phenol 
Hydrolase  

Ralstonia picketti PKO1 and Pseudomonas stuzteri OX1 each encode two 

multicomponent monooxygenases in separate operons, the relevance of which has been 

implicated as the reason behind their aromatic hydrocarbon metabolic versatility. Both 

microorganisms were isolated from petroleum-contaminated groundwater and upon 

isolation were shown to grow on a variety of aromatic hydrocarbons. Genome sequencing 

of these bacterium revealed two seemingly redundant monooxygenase enzymes encoded 

in separate operons: a toluene monooxygenase and a phenol hydroxylase. (7, 9, 13, 18) 
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Figure 1.6: Different pathways of toluene degradation based on the operon context. 
The dotted arrows represent the monooxygenase encoded. (Kahng, 2001) 

 

 

CH3

CH2OH CH3 CH3 CH3 CH3 CH3

OH OH

OHOH

HO HO
H

H

CHO

COOH

OH

OH

CH3

OH

OH

CH3

OH

OH

CH3

OH

HO

CH3

OH

HO

CH2OH

HO

CHO

HO

COOH

HO

COOH

HO

OH

 



 19 

In vitro kinetic studies of these multicomponent monooxygenases to characterize their 

rate of hydroxylation with a variety of aromatic hydrocarbons, implicated these enzymes 

in specific and vital roles. First, in each organism both enzymes, the toluene 

monooxygenase and phenol hydroxylase not only catalyzes successive hydroxylations, 

but in doing so also exhibit low regioselectivity of initial hydroxylation. (7, 13, 14, 18) 

This rare capability was the first indication that these enzymes are a key part of the 

metabolic adaptability for their respective organisms. Second, comparison of catalytic 

efficiencies between the toluene monooxygenase and phenol hydroxylase within each 

organism implicated the formation of a catabolic chain: wherein the toluene 

monooxygenase performs the first hydroxylation and the phenol hydroxylation catalyzes 

the second hydroxylation. (Figure 1.7) (13, 14, 18) Also of note, in Ralstonia picketti 

PKO1 the relaxed regioselectivity of its toluene monooxygenase leads to the formation of 

both m- and p-cresol. Although p-cresol is the major product, only the m-cresol product 

induces the phenol hydroxylase and the meta-cleavage pathway enzymes. (18) From the 

combined regioselective and kinetic evidence, the authors of these studies concluded the 

presence of two upper pathway monooxygenase enzymes enables the efficient catabolism 

of a wide range of aromatic hydrocarbons. The relaxed regioselectivity of these enzymes 

and the formation of the catabolic chains preclude the accumulation of phenol 

derivatives. (13, 14, 18) As such, the two separate operons confer a selective advantage in 

the microorganism. Both of these cases are examples of how microorganisms adapt to 

challenging environments by combining different upper pathway operons to create new 

or enhanced catabolic routes.  
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Figure 1.7: Catabolic chain of the toluene monooxygenase and phenol hydroxylase 
enzymes encoded in P. stutzeri OX1 and R. picketti PKO1. (13, 14, 18) 

 

 

 

 

 



 21 

A cornerstone of this dissertation revolves around the idea that bacteria can 

expand their aromatic hydrocarbon catabolic capacity by adding to their existing 

repertoire of metabolic pathways. Addition of upper pathway operons to an existing 

aromatic hydrocarbon pathway or the acquisition of an entire upper and lower pathway 

operon could facilitate the development of new pathways, or at least expand the range of 

substrates for catabolism and thus enhance the bacteria’s metabolic versatility. Adding 

upper pathway enzymes to existing pathways could increase the catabolic substrate range 

filtering into the pre-existing pathway. (9, 43) If the lower pathways cannot recognize 

these new substrates, then the bacteria can either mutate these enzymes to lower substrate 

specificity or replace them by acquiring new, less specific enzymes. (9, 43) Furthermore, 

transposable elements and insertion sequences can regulate the expression of otherwise 

silent genes, or operon, as a mechanism to deal with challenging environmental 

conditions and thus these seemingly silent genes serve as a metabolic reservoir. (9, 43) 

No matter the case, the bacteria must acquire additional genes. M. petroleiphilum, 

however, seems to have taken this one step further and added both additional upper and 

lower pathway operons. Moreover, the sequence identity between redundant proteins is 

75% to 34%, which suggests that the substrates for these enzymes are different, or these 

enzymes may have evolved a new catalytic function. (25) Furthermore, both the tbuII and 

dmpII operons have transposon insertions, which could implicate them as metabolic 

reservoir genes in the case that they do not express under ‘normal’ conditions.  

 

1.5 PRIMARY GOAL AND CENTRAL HYPOTHESIS 

The primary goal of this research is to investigate M. petroleiphilum’s capacity 

for metabolizing a variety of aromatic hydrocarbon compounds found in petroleum-based 
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fuels. The source of this rare ability is hypothesized to stem from the two redundant 

aromatic carbon-degrading operons wherein the two operons would metabolize different 

petroleum contaminants, thus offering versatility and efficiency to the bacteria’s aromatic 

hydrocarbon catabolism.  

 

1.5.1 Probing the Hypothesis through 4-Oxalocrotonate Tautomerase  

In order to test the hypothesis, this research concentrates on the characterization 

of a central enzyme involved in the lower pathway, 4-oxalocrotonate tautomerase (4OT). 

Although the typical enzymes for studying aromatic hydrocarbon catabolism are the 

multi-subunit monooxygenases the characterization of these enzymes entails the 

purification and reconstitution of multiple oxygen sensitive subunits that require 

cofactors and metal ions. Utilization of the 4OT enzymes as a probe for aromatic carbon 

degradation is an excellent alternative due to their ease of expression, purification, 

excellent stability, and adaptability to many in vitro biochemical techniques. Moreover, 

the two putative 4OT enzymes have the lowest sequence identity amongst all the 

redundant dmp protein sequences, which suggests that the characterization of these 

enzymes could offer the deepest insight into any substrate preferences. As such, each 

enzyme from the dmp operons in M. petroleiphilum, named Tautomerase I and II, 

respectively, was recombinantly expressed and purified. Determination of protein 

structure by x-ray crystallography provides insight into the most subtle of functional 

differences and kinetic analysis measures the enzymatic parameters of each enzyme with 

various petroleum contamination substrates.  
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Figure 1.8: Molecular pathway comparison for the enzymes encoded in dmpI and 
dmpII, highlighting the 4OT enzymes. 
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1.5.2 Proposed substrates for 4OT  

The proposed substrates for Tautomerase I and II in this study were based on their 

genomic context, the known relevance of the toluene monooxygenase and phenol 

hydroxylase in P. stuzteri OX1 and R. pickettii PKO1, and the confirmed aromatic 

hydrocarbon growth substrates for M. petroleiphilum. Figure 1.9 shows the potential 

catabolic routes that would produce the Tautomerase I and II substrates: the benzene 

metabolite, 2-hydroxyhexa-2,4-dienedioate (aka 2-hydroxymuconate); the toluene 

metabolite, 2-hydroxy-5-methylhexa-2,4-dienedioate (aka 5-methyl-2-

hydroxymuconate); the ethylbenzene metabolite, 2-ethyl-5-hydroxyhexa-2,4-dienedioate; 

and the o-xylene metabolite, 5-hydroxy-2,3-dimethylhexa-2,4-dienedioate.  

 

Figure 1.9: Proposed substrates for Tautomerase I and II. 
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1.6 TAUTOMERASE FAMILY INTRODUCTION 

Before commencing the findings of this work, this section offers an introduction 

to the tautomerase superfamily, and the specifics of the 4OT family.  

 

1.6.1 The Tautomerase Superfamily  

The tautomerase superfamily consists of five enzymes that share a key element of 

structural and functional conservation. The five family members are named according to 

the first enzyme characterized within that family: 4-oxalocrotonate tautomerase (4OT), 5-

carboxymethy-2-hydroxymuconate isomerase (CHMI), macrophage inhibitory factor 

(MIF), cis-3-chloroacrylic acid dehalogenase (cis-CaaD), and malonate semialdehyde 

decarboxylase (MSAD). (37) Members of the tautomerase superfamily all posses the β-

α-β structural repeating unit, a conserved N-terminal catalytic proline, and do not require 

cofactors for catalysis. (Figure 1.10) (37, 46) Although the tautomerase family members 

catalyze different reactions, they share a key aspect of catalysis, the amino terminal 

proline, which further classifies this superfamily as a ‘mechanistically diverse 

superfamily,’ (19, 32) Furthermore, all the tautomerase superfamily members are part of 

catabolic pathways that produce intermediates for the citric acid cycle. The following 

paragraphs provide a short summary of the CHMI, MIF, cis-CaaD, and MSAD family 

members.  

CHMI catalyzes the isomerization of 5-carboxymethyl-2-hydroxymuconate to 5-

carboxymethyl-2-oxo-3-hexene-1,6-diotate. (37) This enzyme is part of the 

homoprotocatechuate pathway in Escherichia coli C, a set of chromosomally encoded 

enzymes that catabolize aromatic hydrocarbons similar to the meta-cleavage pathway. 

(47) CHMI is a trimer whose monomeric subunits contain 125 amino acids. (37) The 

catalytic active site residues of this homotrimer are Pro1, Arg40 and Arg71. (37) During  
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Figure 1.10: Conserved β-α-β motif, highlighting Pro1, of the tautomerase superfamily. 
(PDB 1OTF) Figure made in PyMOL. 
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catalysis, Pro1 has a pKa of ~ 6.4 and thus functions as a general base at physiological 

pH 7.3. (37) 

The second family, MIF, is also a homotrimer, but each monomer in this plasmid-

encoded enzyme has 114 amino acids. (37) Furthermore, the only conserved key active 

site residue for MIF is Pro1. (37) This enzyme catalyzes not only the tautomerization of 

phenylenolpyruvate to phenylpryruvate, but also the tautomerization of D-dopachrome to 

5,6-dihydroxyindole-2-carboxylic acid. (10, 23)  Although, MIF is part of the immune 

and stress response, the role and importance of the phenylenolpyruvate tautomerization is 

unknown. (10) The second reaction, however, is a step in melanin biosynthesis. Pro1 is 

also a general base in this enzyme with a pka of ~6.0. (37) 

The next two family members, cis-CaaD and MSAD, are part of the catabolic 

pathway that metabolizes cis- and trans-1,3-dichloropropenes, a chemical used in 

nematocides. (37) The cis-CaaD monomer consists of 149 amino acids, which form a 

trimer to generate the active site filled with the essential active site residues: Pro1, His28, 

Arg70, Arg73, Tyr103, and Glu114. (37) This enzyme specifically catalyzes the 

hydration of cis-3-chloroacrylic acid; the unstable halohydrin produced subsequently 

collapses to form malonate semialdehyde. (37) In the subsequent reaction, MSAD 

catalyzes the decarboxylation of malonate semialdehyde to acetaldehyde. (37) Just like 

the previously discussed family members, this enzyme is also a trimer, but each monomer 

has 129 residues. (37) The active sites in this trimer include the key residues: Pro1, 

Asp37, Arg73, and Arg75. (37) Unlike the other family members, the N-terminal proline 

in both cis-CaaD and MSAD has a pKa of ~ 9.2; consequently the amino group is a 

cation at physiological pH and therefore acts as a general acid catalyst. (37) 

Since the 4OT family is central to this dissertation and the following section 

describes this enzyme family in detail. 



 28 

 

1.6.2 The 4-Oxalocrotonate Tautomerase Family 

The 4OT family consists of a group of enzymes defined by key structural and 

mechanistic conservation. Initially, the complete mechanistic delineation arose from the 

extensive structural and kinetic data from the archetype 4OT in Pseudomonas sp. CF600. 

Further characterization of homologues in other prokaryotic species led to the creation of 

five sub-families. Since all 4OT family members are compared to the archetype 4OT 

enzyme this section first focuses on the characterization of this 4OT from Pseudomonas 

sp. CF600 and then briefly introduces the other 4OT family members.  

 

1.6.2.1 Initial Characterization of 4OT  

As discussed earlier, 4OT is part of the meta-cleavage pathway for degrading 

aromatic hydrocarbons. The substrate for the tautomerization reaction catalyzed by this 

enzyme depends on the genomic context in which 4OT is encoded. In Pseudomonas sp. 

CF600 (P. sp CF600), the 4OT enzyme is encoded on the TOL plasmid in the context of 

the xyl operon. (48) This operon leads to the translation of enzymes that not only oxidize 

the aromatic hydrocarbon ring, but also oxidize and remove all alkyl substitutions prior to 

the ring-opening step. So, although P. sp. CF600 catabolizes benzene, toluene, m- and p-

xylene, 3-ethyltoluene, and 1,2,4-trimethylbenzene, all of these hydrocarbons will be 

oxidized and reduced to the same 4OT substrate: 2-hydroxymuconate. (11) The 

delineation of the 4OT catalytic mechanism, for the tautomerization of 2-

hydroxymuconate to 2-oxo-3-hexenedienoate, was of the utmost importance not only to 

place 4OT within the tautomerase superfamily but also to aid in the identification of other 

family members.  The first work with 4OT confirmed 2-hydroxymuconate as a substrate 



 29 

with a catalytic efficiency on the order of 107 M-1sec-1. (47) This same study revealed that 

4OT catalyzed the allylic rearrangement in a highly stereospecific, suprafacial manner 

that predominantly produces (E)-2-oxo-3-hexenedienoate. (47) Since enzymes that 

catalyze isomerization reactions proceed through either a one or two base mechanism, 

further stereochemical experiments determined that 4OT utilizes a one-base mechanism 

of proton transfer. (31) Subsequent Edman degradation and heteronuclear NMR 

experiments, using 15N labeled enzyme mixed with a 13C-labeled site directed inhibitor, 3-

bromopyruvate, suggested the nitrogen of the amino terminal proline residue, Pro1, 

functioned as the base. (38) Further studies investigating the pH dependence of this 

reaction catalyzed by 4OT revealed that the pKa of Pro1 was lowered from a model 

proline pKa of 9.4 to 6.4 ± 0.2. (39) This further confirmed Pro1 as the base, because at a 

physiological pH of 7.3, the amino group of Pro1 is predominantly uncharged leaving a 

lone pair of electrons free to abstract a proton. While the initial stereochemical, kinetic 

and pKa data confirm 4OT has an efficient isomerase for the substrate 2-

hydroxymuconate and identified the main catalytic residue, the complete delineation of 

the mechanism required crystallization and mutagenesis studies.  

 

1.6.2.2 4OT Crystal Structure 

The crystal structure of the native and inactivated 4OT from Pseudomonas sp. 

CF600 not only greatly contributed to the identification of key active site residues, but 

also defined the essential secondary, tertiary and quaternary structural elements for this 

family. Like all tautomerase superfamily members, the basic repeating unit of the 4OT 

structure is the β-α-β fold initiated by an amino-terminal proline. (Figure 1.10) (37, 46) 

More specifically in the 4OT family, this unit is defined by the following sequence of 
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secondary structural elements. The N-terminal residue, proline1 (Pro1), starts the first β-

strand (β1) and connects to the alpha helix (α1) via a short linker. (46) A short 310 helical 

turn trails the α1 secondary structural element and leads into the second β-strand (β2). 

(46) The final secondary structural element is a short β-hairpin following β2. In the 4OT 

structure this sequence of structural elements constitutes a monomer, where specific 

hydrophobic residues of β1, α1 and β2 associate globally to form the tertiary structure 

defined by a two-stranded parallel β-sheet with the α-helix on one side and spanning the 

length of the β-sheet. (Figure 1.10) (46) Next, two of these monomers dimerize via 

interactions between the β-sheets and α1-helices; creating a four stranded β-sheet with 

the two-stranded β-sheets running anti-parallel, and the α1-helical pair also associating in 

an anti-parallel fashion on one face of the β-sheet. (46) Finally, the formation of a 

hydrophobic β-barrel core, constituted by three dimers, drives the quaternary structure 

formation. (Figure 1.11) The resulting trimer of dimers is further stabilized by the 

interaction of the terminal β-hairpin of one dimer with the adjacent dimer’s four-stranded 

β-sheet. (46) The final hexameric structure, then, is a trimer of dimers defined by three β-

sheets encompassed in three pairs of α1-helices, also known as the α/β barrel fold.  

(Figure 1.11) (46) 
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Figure 1.11: Hexamer top and side view of the 4OT from Pseudomonas sp. CF600. This 
figure highlights the monomer (blue) and the six N-terminal Pro1 residues 
(pink) (PDB 1OTF) Figures were prepared in PyMOL. 



 32 

1.6.2.3 4OT Active Site and Mutational Studies 

Several mutational studies facilitated the identification of the key active site 

residues. The inactivate structure of 4OT, with the irreversible inhibitor 2-oxo-3-

pentynoate, first suggested key active site residues. (40) The location of Pro1 bound to 2-

oxo-3-pentynoate not only confirmed this residue as the general base, but also indicated 

the active sites of 4OT are located at the dimer interface. (40) The inactivated structure 

also implicated Arg11, Arg39, Arg61, Ser37, Ile2, Met45 and Phe50, as potential key 

active site residues. (40, 46) Also of note, the residues Arg11, Arg39 and Pro1 in one 

active site each came from separate monomers. (40, 46) Subsequently, alanine mutations 

of these residues were tested in kinetic assays with 2-hydroxymuconate to determine their 

possible substrate binding and catalysis involvement. (Table 1.1) First, the mutation of 

Arg61 to an alanine had little effect on the kinetic parameters, !!"# or !!, compared to 

the wild type enzyme. This suggested that Arg61 does not contribute to either catalysis or 

substrate binding. (22) The mutation of Arg11 to an alanine, however, caused a 88-fold 

decrease in !!"# and 8.6-fold increase in !! illustration the importance of Arg11 in both 

catalysis and substrate binding. (22, 46) The inactivated crystal structure showed Arg11 

coordinating with the C6 carboxylate ion, suggesting Arg11 could stabilize this ion and 

pull electron density from C5 to facilitate protonation. (40, 46) Next, Arg39 was mutated 

to both alanine and glutamate residues, and while neither of these mutants appreciably 

affected the !!, both mutations showed a significant decrease in !!"#, 125-fold decrease 

for R39A and 389-fold decrease R39E. (22, 46) Based on these results, and in 

conjunction with the inactivated 4OT structural data, Arg39 could contribute to catalysis 

by interacting with and stabilizing the C2 hydroxyl group and the C1 carboxylate ion. Of 

the hydrophobic residues identified as potentially important to the catalytic mechanism, 

only Phe50 mutants significant affected catalysis and substrate binding. The mutant of 
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Phe50 to alanine not only increases the pKa of Pro1 to 7.3, but also increased the 

dielectric constant from 14.7 ± 0.8 to 21.6 ± 2.6. (46) This mutation also resulted in a 

10.7 fold increase in !! and a 175-fold decrease in !!"#. (46) Furthermore, the F50A 

mutation resulted in widespread structural disruption. (46) In the crystal structure, Phe50 

is part of the β-hairpin that aids in the hexameric structure stabilization, and thus the 

formation of each active site. (40, 46) From this combination of the kinetic, structural, 

and pKa data, Phe50 maintains structural integrity and preservation of the appropriate 

hydrophobic environment surrounding Pro1. The combination of structural and kinetic 

data clearly identified specific roles for the key active site residues, Pro1, Arg11, Arg39 

and Phe50. (Figure 1.12) 

 

Table 1.1: Pseudomonas sp. CF600 4OT kinetic parameters from the mutagenesis of 
key active site residues. (22, 46)  

4-OT

__ ___kcatKm ______

(M-1s-1)(µM) (s-1)

Kmkcat/

3500180 1.9 x 107

OH

CO2
-

CO2
-

O

CO2
-

CO2
-

H
H

28290 9.7 x 104

401600 2.5 x 104

Arg-11:  Binding and catalysis

Arg-39: Catalysis

P1A 60100 6.0 x 105

R11A

R39A

Pro-1: Catalysis
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Figure 1.12: 4OT active site key catalytic and substrate binding residues. (PDB 
1OTF) Figure made in PyMOL. 
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1.6.2.4 4OT Mechanism 

These roles, in combination with the pKa and stereochemical studies, led to the 

complete mechanistic delineation of the 2-hydroxymuconate tautomerization to 2-oxo-3-

hexenedioate catalyzed by the Pseudomonas sp. CF600 4OT enzyme. (Figure 1.13) Once 

2-hydroxymuconate enters the active site, the C6 and C1 carboxylate ions are recognized 

and stabilized by Arg11 and Arg39, respectively. The hydrophobic pocket formed by the 

Leu8, Met45 and especially Phe50 side chains create a local environment that excludes 

water near the amino group of Pro1, thus lowering the nitrogen’s pKa to 6.4. 

Consequentially, at the physiological pH of 7.3, the nitrogen of Pro1 is uncharged and 

acts as the general base. The lone pair of electrons on the Pro1 nitrogen then abstract the 

hydrogen from the C2 hydroxyl group causing an allylic rearrangement to form the 

transition state, where the oxyanion form is further stabilized by Arg11. The guanidinium 

group of Arg11 also pulls electron density from C5 and thus promotes the collapse of 

electrons from the C6 oxygen anion causing further allylic rearrangement and results in 

the suprafacial proton abstraction by the cationic Pro1. The catalytic residues then are 

regenerated and the final product, (E)-2-oxo-3-hexenedioate, is released from the active 

site. 
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Figure 1.13: Tautomerization mechanism of 2-hydroxymuconate catalyzed by 4OT. 
Figure adapted from Burks, 2010. 
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1.6.2.5 Other Characterized 4OT Family Members 

Since the characterization of the 4OT from Pseudomonas sp. CF600, six other 

members of the 4OT family have been characterized and grouped into five sub-families 

based on fundamental structural elements and conserved mechanistic residues. (Table 

1.2) (6) Subfamily 1 members form hexamers and include all of the following active site 

residues: Pro1, Arg11, Arg39 and the critical structural residues: Lsy16, Glu44, 

Phe/Trp50 and the motif GXGG. (5, 6) Including the Pseudomonas sp. CF600 4OT, three 

members of subfamily 1 have been structurally and kinetically characterized. First, the 

4OT homologue from Chloroflexus aurantiacus J-10-fl forms a heterohexamer from two 

distinct chains and is referred to as hh-4OT. (11) The genes encoding these chains are in 

context of an aromatic hydrocarbon-degrading pathway. Interestingly, one chain lacks the 

catalytic Pro1. Nevertheless, the hh-4OT catalyzes the tautomerization of 2-

hydroxymuconate with a catalytic efficiency on the order of 107 M-1sec-1. (11) The other 

subfamily 1 member, called TomN, was recently characterized from Streptomyces 

achromogenes. This 4OT homologue’s genomic context places it within the biosynthesis 

of the tomaymycin C ring. (12) Although the proposed substrate for TomN was 4-vinyl-

2,3-dihydropyrrole-2-carboxylic acid, structural and kinetic characterization of this 

enzyme suggests that the actual substrate is 2-hydroxymuconate or a derivative thereof. 

(12) TomN is a hexamer with all the same catalytic residues as 4OT and catalyzes the 

tautomerization of 2-hydroxymuconate to 2-oxo-3-hexenedioate with a catalytic 

efficiency of 106 M-1sec-1. (12) The second subfamily is also characterized by the 

formation of a hexamer and has the following conserved catalytic and structural residues: 

Pro1, Arg11, His39, Ly16, Glu44, Tyr50 and Gly54. (5, 6) The only member of this 

family characterized is a homologue called Ywhb from Bacillus subtilis, and although 

this bacterium survives in harsh environmental conditions it is not known to use aromatic  



 38 

 

 

 

 

 

Table 1.2: Summary of the 4OT subfamily key characteristics. Information for this 
table was compiled from Almrud, 2002 and 2010.   
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hydrocarbons as energy sources. This homologue has 36% sequence identity with 4OT, 

no known biological role and no genomic context. (44, 46) Even with all this uncertainty, 

kinetic studies revealed that this enzyme efficiently catalyzes 1,3 keto-enol 

tautomerization (catalytic efficiency 105 M-1sec-1), where as 4OT is strictly a 1,5 keto-enol 

tautomerase. (44, 45) Next, the subfamily 3 members are also hexamers, but only share 

two conserved residues: Pro1 and Lys36. (5, 6) The 4OT homologue, known as HpDmpI, 

in this subfamily is from Helicobacter pylori and unlike many 4OT homologues is 

encoded on the chromosome. (5) Also, Helicobacter pylori is not known to degrade 

aromatic hydrocarbons and HpDmpI is not encoded in any kind of genomic context that 

suggests a function for this 4OT homologue. (5) Consequentially, this enzyme might 

catalyze a novel reaction. Not surprisingly then, the kinetic analysis with 2-

hydroxymuconate revealed a low catalytic efficiency of only 4.4 x 103 M-1sec-1. (5) The 

two enzymes structurally and kinetically characterized from subfamily 4, AfDmpI from 

Archaeglobus fulgidus and trans-chloroacrylic acid dehalogenase (CaaD) from 

Pseudomonas pavonacae, only have the hexameric structure, the Pro1 active site residue, 

and Lys16, Glu44, Gly54 in common. (5, 36, 46) AfDmpI, like HpDmpI, is not encoded 

in any genomic context and catalyzes the tautomerization of 2-hydroxymuconate with an 

even lower catalytic efficiency that HpDmpI, 4.5 x 102 M-1sec-1. (5) CaaD, on the other 

hand, is part of the pathway, mentioned above, for degrading nematocides. (46) In this 

pathway, CaaD acts analogous to cis-CaaD except the trans-CaaD catalyzes the 

hydrolytic dehalogenation of the trans-1,3-dichloropropene. (36, 46) This enzyme, like 

cis-CaaD and MIF, also uses a general acid mechanism where the pKa of Pro1 is 9.2. 

(46) Finally, the fifth subfamily is the only subfamily that does not form a hexamer. 

Instead, the enzymes in this subfamily form dimers and have the following conserved 

residues: Pro1, Val/Phe38, Lys16, Lys33, Glu44, Tyr/Trp50, which is followed by the 
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GXGG motif. (6) The only member of this family characterized, called YdcE, is from 

Escherichia coli and is located on the chromosome. (6) This enzyme does not catalyze 

the tautomerization of 2-hydroxymuconate, but does have significant tautomerase 

efficiency toward phenylenolpyruvate and 2-hydroxy-2,4-pentadienoate. (6, 46) This 

suggests that like HpDmpI and AfDmpI, this enzyme probably catalyzes a different 

reaction. Since many of these characterized family members are either without genomic 

context or do not catalyze the archetypical tautomerization it has been hypothesized that 

the 4OT enzymes are a promiscuous family capable of catalyzing different reactions 

and/or binding a variety of substrates.  Intriguingly, of the other 4OT family members 

tested for dehalogenase activity, 4OT, Ywhb, YdcE and hh-4OT, only the enzymes 4OT 

and Ywhb both display low levels of activity. (11, 45) Continued bacterial genome 

sequencing has revealed a plethora of organisms with 4OT homologues, some within 

genomic context, some without, and some with multiple copies. Persistent 

characterization of these enzymes could uncover how these highly structurally conserved 

enzymes, with some mechanistic conservation, evolve to accept alternative substrates and 

catalyze different reactions.  

 

1.7 ORGANIZATION OF THIS DISSERTATION 

 Chapter 1 introduced the relevant background information leading to the primary 

goal and central hypothesis. The crystal structures of Tautomerase I and II reveal subtle 

differences, which are discussed in Chapter 2. The kinetic analysis of Tautomerase I and 

II is presented and discussed in Chapter 3. Finally, Chapter 4 draws conclusions based on 

the data provided in Chapters 2 -3 and suggests further experimental work.  

 



 41 

1.8 REFERENCES 
1. "Bioremediation." MicrobeWiki. Ed. K. Scow. Web. 06 Mar. 2012. 

http://microbewiki.kenyon.edu/index.php/Bioremediation. 
2. "Groundwater Basics." UK Groundwater Forum. 2011. Web. 06 Mar. 2012. 

http://www.groundwateruk.org/Why-is-Groundwater-Important.aspx. 
3. "Pollution of Groundwater." Water Encyclopedia. Advameg, Inc., 2012. Web. 

06 Mar. 2012. http://www.waterencyclopedia.com/Oc-Po/Pollution-of-
Groundwater.html. 

4. "What Is Groundwater?" The Groundwater Foundation. 2012. Web. 06 Mar. 
2012. http://www.groundwater.org/gi/depend.html 

5. Almrud, J. J., Dasgupta, R., Czerwinski, R. M., Kern, A. D., Hackert, M. L., 
Whitman, C. P. Kinetic and structural characterization of DmpI from 
Helicobacter pylori and Archaeoglobus fulgidus, two 4-oxalocrotonate 
tautomerase family members. Bioorg. Chem. 2010; 38 (6): 252-9. 

6. Almrud, J. J., Kern, A. D., Wang, S. C., Czerwinski, R. M., Johnson, W. H. 
Jr., Murzin, A. G., Hackert, M. L., Whitman, C. P. The crystal structure of 
YdcE, a 4-oxalocrotonate tautomerase homologue from Escherichia coli, 
confirms the structural basis for oligomer diversity. Biochemistry. 2002; 41 
(40): 12010-24. 

7. Arenghi, F. L., Berlanda, D., Galli, E., Sello, G., Barbieri, P. Organization and 
regulation of meta cleavage pathway genes for toluene and o-xylene 
derivative degradation in Pseudomonas stutzeri OX1. Appl. Environ. 
Microbiol. 2001; 67 (7): 3304-8. 

8. Barber, N. L. Summary of estimated water use in the United States in 2005: 
U.S. Geological Survey Fact Sheet. 2009: 2009–3098.  

9. Barbieri, P., Arenghi, F. L., Bertoni, G., Bolognese, F., Galli, E. Evolution of 
catabolic pathways and metabolic versatility in Pseudomonas stutzeri OX1. 
Antonie Van Leeuwenhoek. 2001; 79 (2): 135-40. 

10. Bernhagen, J., Calandra, T., Bucala, R. Regulation of the immune response by 
macrophage migration inhibitory factor: biological and structural features. J. 
Mol. Med. (Berl). 1998; 76 (3-4): 151-61. 

11. Burks, E. A., Fleming, C. D., Mesecar, A. D., Whitman, C. P., Pegan, S. D. 
Kinetic and structural characterization of a heterohexamer 4-oxalocrotonate 
tautomerase from Chloroflexus aurantiacus J-10-fl: implications for 
functional and structural diversity in the tautomerase superfamily. 
Biochemistry. 2010; 49 (24): 5016-27. 

12. Burks, E. A., Yan, W., Johnson, W. H. Jr., Li, W., Schroeder, G. K., Min, C., 
Gerratana, B., Zhang, Y., Whitman, C. P. Kinetic, crystallographic, and 



 42 

mechanistic characterization of TomN: elucidation of a function for a 4-
oxalocrotonate tautomerase homologue in the tomaymycin biosynthetic 
pathway. Biochemistry. 2011; 50 (35): 7600-11. 

13. Cafaro, V., Izzo, V., Scognamiglio, R., Notomista, E., Capasso, P., Casbarra, 
A., Pucci, P., Di, Donato A. Phenol hydroxylase and toluene/o-xylene 
monooxygenase from Pseudomonas stutzeri OX1: interplay between two 
enzymes. Appl. Environ. Microbiol. 2004; 70 (4): 2211-9. 

14. Cafaro, V., Notomista, E., Capasso, P., Di Donato, A. Regiospecificity of two 
multicomponent monooxygenases from Pseudomonas stutzeri OX1: 
molecular basis for catabolic adaptation of this microorganism to methylated 
aromatic compounds. Appl. Environ. Microbiol. 2005; 71 (8): 4736-43. 

15. Chistoserdova, L., Kalyuzhnaya, M.G., Lidstrom, M. E. The expanding world 
of methylotrophic metabolism. Annu. Rev. Microbiol. 2009; 63: 477-99. 

16. Deeb, R. A., Hu, H. Y., Hanson, J. R., Scow, K. M., Alvarez-Cohen, L. 
Substrate interactions in BTEX and MTBE mixtures by an MTBE-degrading 
isolate. Environ. Sci. Technol. 2001; 35 (2): 312-17. 

17. EPA. "Ground Water Cleanup at Superfund Sites. Contaminated Media. 
Superfund. US EPA." EPA. Environmental Protection Agency, 1996. Web. 06 
Mar.2012.http://www.epa.gov/superfund/health/conmedia/gwdocs/brochure.ht
m. 

18. Fishman, A., Tao, Y., Wood, T. K. Physiological relevance of successive 
hydroxylations of toluene by para-monooxygenase of Ralstonia pickettii 
PKO1. Biocat. And Biotransform. 2004; 22 (4): 283-89. 

19. Glasner, M. E., Gerlt, J. A., Babbitt, P. C. Evolution of enzyme superfamilies. 
Curr. Opin. Chem. Biol. 2006; 10 (5): 492-7. 

20. Hanson, J. R., Ackerman, C. E., Scow, K. M. Biodegradation of methyl tert-
butyl ether by a bacterial pure culture. Appl. Environ. Microbiol. 1999; 65 
(11): 4788-92. 

21. Harayama, S., Mermod, N., Rekik, M., Lehrbach, P. R., Timmis, K. N. Roles 
of the divergent branches of the meta-cleavage pathway in the degradation of 
benzoate and substituted benzoates. J. Bacteriol. 1987; 169 (2): 558-64. 

22. Harris, T. K., Czerwinski, R. M., Johnson, W. H. Jr., Legler, P. M., 
Abeygunawardana, C. Massiah, M. A., Stivers, J. T., Whitman, C. P., 
Mildvan, A. S. Kinetic, stereochemical, and structural effects of mutations of 
the active site arginine residues in 4-oxalocrotonate tautomerase. 
Biochemistry. 1999; 38 (38): 12343-57. 

23. Hermanowski-Vosatka, A., Mundt, S. S., Ayala, J. M., Goyal, S., Hanlon, W. 
A., Czerwinski, R. M., Wright, S. D., Whitman, C. P. Enzymatically inactive 



 43 

macrophage migration inhibitory factor inhibits monocyte chemotaxis and 
random migration. Biochemistry. 1999; 38 (39): 12841-9. 

24. Hristova, K. R., Schmidt, R., Chakicherla, A. Y., Legler, T. C., Wu, J., Chain, 
P. S., Scow, K. M., Kane, S. R. Comparative transcriptome analysis of 
Methylibium petroleiphilum PM1 exposed to the fuel oxygenates methyl tert-
butyl ether and ethanol. Appl. Environ. Microbiol. 2007; 73 (22): 7347-57. 

25. Huang, X., Miller, M. A Time-Efficient, Linear-Space Local Similarity 
Algorithm��� Adv. Appl. Math. 1991; 12: 337-357 

26. Jindrová, E., Chocová, M., Demnerová, K., Brenner, V. Bacterial aerobic 
degradation of benzene, toluene, ethylbenzene and xylene. Folia Microbiol 
(Praha). 2002; 47 (2): 83-93. 

27. Kahng, H. Y., Malinverni, J. C., Majko, M. M., Kukor, J.J. Genetic and 
functional analysis of the tbc operons for catabolism of alkyl- and 
chloroaromatic compounds in Burkholderia sp. strain JS150. Appl. Environ. 
Microbiol. 2001; 67 (10): 4805-16. 

28. Kane, S. R., Chakicherla, A. Y., Chain, P. S., Schmidt, R., Shin, M. W., 
Legler, T. C., Scow, K. M., Larimer, F. W., Lucas, S. M., Richardson, P. M., 
Hristova, K. R. Whole-genome analysis of the methyl tert-butyl ether-
degrading beta-proteobacterium Methylibium petroleiphilum PM1. J. 
Bacteriol. 2007; 189 (5): 1931-45.  

29. Kitayama, A., Suzuki, E., Kawakami, Y., Nagamune, T. Gene organization 
and low regioselectivity in aromatic-ring hydroxylation of a benzene 
monooxygenase of Pseudomonas aeruginosa JI104. J. Ferm. And Bioengin. 
1996; 82 (5): 421-25. 

30. Lee, S. K., Lee, S. B. Isolation and characterization of a thermotolerant 
bacterium Ralstonia sp. strain PHS1 that degrades benzene, toluene, 
ethylbenzene, and o-xylene. Appl. Microbiol. Biotechnol. 2001; 56 (1-2): 270-
5. 

31. Lian, H., Whitman, C. P. Ketonization of 2-hydroxy-2,4-pentadienoate by 4-
oxalocrotonate tautomerase: Implications of the stereochemical course and 
mechanism. J. Am. Chem. Soc. 1993; 115 (18): 7978-84. 

32. Murzin, A. G. Structural classification of proteins: new superfamilies. Curr. 
Opin, Struct. Biol. 1996; 6 (3): 386-94. 

33. Nakatsu, C. H., Hristova, K., Hanada, S., Meng, X. Y., Hanson, J. R., Scow, 
K. M., Kamagata, Y. Methylibium petroleiphilum gen. nov., sp. nov., a novel 
methyl tert-butyl ether-degrading methylotroph of the Betaproteobacteria. Int. 
J. Syst. Evol. Microbiol. 2006; 56 (Pt 5): 983-9. 



 44 

34. Pérez-Pantoja, D., González, B., Pieper, D. H. Aerobic Degradation of 
Aromatic Hydrocarbons. In: Timmis, K.N. (ed) Handbook of Hydrocarbon 
and Lipid Microbiology. Springer-Verlag Berlin Heidelberg. 2010: 799-837. 

35. Piveteau, P., Fayolle, F., Vandecasteele, J. P., Monot, F. Biodegradation of 
tert-butyl alcohol and related xenobiotics by a methylotrophic bacterial 
isolate. Appl Microbiol Biotechnol. 2001; 55 (3): 369-73. 

36. Poelarends, G. J., Almrud, J. J., Serrano, H., Darty, J. E., Johnson, W. H. Jr., 
Hackert, M. L., Whitman, C. P. Evolution of enzymatic activity in the 
tautomerase superfamily: mechanistic and structural consequences of the L8R 
mutation in 4-oxalocrotonate tautomerase. Biochemistry. 2006; 45 (25): 7700-
8. 

37. Poelarends, G. J., Veetil, V. P., Whitman, C. P. The chemical versatility of the 
beta-alpha-beta fold: catalytic promiscuity and divergent evolution in the 
tautomerase superfamily. Cell. Mol. Life. Sci. 2008; 65 (22): 3606-18. 

38. Stivers, J. T., Abeygunawardana, C., Mildvan, A. S., Hajipour, G., Whitman, 
C. P., Chen, L. H. Catalytic role of the amino-terminal proline in 4-
oxalocrotonate tautomerase: affinity labeling and heteronuclear NMR studies. 
Biochemistry. 1996; 35 (3): 803-13. 

39. Stivers, J. T., Abeygunawardana, C., Mildvan, A. S., Hajipour, G., Whitman, 
C. P. 4-Oxalocrotonate tautomerase: pH dependence of catalysis and pKa 
values of active site residues. Biochemistry. 1996; 35 (3): 814-23. 

40. Taylor, A. B., Czerwinski, R. M., Johnson, W. H. Jr., Whitman, C. P., 
Hackert, M. L. Crystal structure of 4-oxalocrotonate tautomerase inactivated 
by 2-oxo-3-pentynoate at 2.4 A resolution: analysis and implications for the 
mechanism of inactivation and catalysis. Biochemistry. 1998; 37 (42): 14692-
700. 

41. Todd, G. D., Chessin, R. L., Colman, J. Toxological profile for total 
petroleum hydrocarbon. U.S. Department of Health and Human Services: 
Agency for Toxic Substances and Disease Registry. 1999: 1-223. 

42. United States Environmental Protection Agency, "A Citizen's Guide to 
Bioremediation"2001.http://www.epa.gov/tio/download/citizens/bioremediati
on.pdf 

43. van der Meer, J. R., de Vos, W. M., Harayama, S., Zehnder, A. J. Molecular 
mechanisms of genetic adaptation to xenobiotic compounds. Microbiol Rev. 
1992; 56 (4): 677-94. 

44. Wang, S. C., Johnson, W. H. Jr., Czerwinski, R. M., Stamps, S. L., Whitman, 
C. P. Kinetic and stereochemical analysis of YwhB, a 4-oxalocrotonate 
tautomerase homologue in Bacillus subtilis: mechanistic implications for the 



 45 

YwhB- and 4-oxalocrotonate tautomerase-catalyzed reactions. Biochemistry. 
2007; 46 (42): 11919-29. 

45. Wang, S. C., Johnson, W. H. Jr., Whitman, C. P. The 4-oxalocrotonate 
tautomerase- and YwhB-catalyzed hydration of 3E-haloacrylates: implications 
for the evolution of new enzymatic activities. J. Am. Chem. Soc. 2003; 125 
(47): 14282-3. 

46. Whitman, C. P. The 4-oxalocrotonate tautomerase family of enzymes: how 
nature makes new enzymes using a beta-alpha-beta structural motif. Arch. 
Biochem. Biophys. 2002; 402 (1): 1-13. 

47. Whitman, C. P., Hajipour, H., Watson, R. J., Johnson, W. H., Bembenek, M. 
E., Stolowich, N. J. Stereospecific ketonization of 2-hydroxymuconate by 4-
oxalocrontonate tautomerase and 5-(carboxymethyl)-2-hydroxymuconate 
isomerase. J. Am. Chem. Soc. 1992; 114 (26): 10104-110. 

48. Williams, P. A., Sayers, J. R. The evolution of pathways for aromatic 
hydrocarbon oxidation in Pseudomonas. Biodegradation. 1994; 5 (3-4): 195-
217. 

 

 

 

 

 

 

 

 

 

 

 



 46 

Chapter 2: Crystal Structures of Tautomerase I and Tautomerase II 

In the course of characterizing a new protein, biochemists often seek to determine 

high-resolution atomic models of the protein. The molecular-level detail provided by a 

protein structure facilitates a discussion about function and often guides the direction of 

future research. As such, being the first to work with the putative tautomerases from M. 

petroleiphilum, Tautomerase I and II, structural determination was a first priority. The 

structural characterization of these proteins also tests the hypothesis, as it could provide 

valuable insight into the substrate preference and/or catalytic mechanism of these 

putative 4OT family enzymes. 

 

2.1 INTRODUCTION TO PROTEIN STRUCTURE DETERMINATION BY CRYSTALLOGRAPHY 

X-ray crystallography is a powerful tool for the structural determination of 

biomolecules, including protein and nucleic acids, which provides detail down to the 

atomic level. The information gleaned from a protein structure, specifically enzyme 

structures, assists in the mechanistic delineation of substrate, transition state and/or 

product binding; which amino acids aid in catalysis, and the identification of allosteric 

elements. As the name implies, this widely used method requires crystallization of the 

desired biomolecule and an x-ray beam in order to collect the appropriate data. 

Consequently, the use of this tool commands a series of steps from the researcher, and a 

brief summary and some considerations of which are reviewed here. For a comprehensive 

appraisal of protein crystallography refer to the texts by Rhodes, 2006 and Drenth, 1999. 

(9, 19) This introduction is adapted from references 8 and 10. 
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2.1.1 Sample Preparation and Crystallization of Proteins 

The sample preparation and crystallization stages are often the most time 

consuming and frustrating in the protein structure determination process. For one, the 

production of a quality protein crystal can evade the researcher for years, but even before 

beginning crystallization trials the researcher needs an exceedingly high concentration of 

pure protein, a non-trivial pursuit for many protein biochemists. A famous quote from 

Louis Pasteur states that “In the field of observation chance favors only the prepared 

mind.” Under the guidance of this quote, to increase the chance of crystallizing a protein, 

the researcher should be prepared and organized to efficiently tackle any problems arising 

in the sample preparation stage. In the case of an uncharacterized protein, this begins with 

a thoroughly evaluating the primary structure, which describes the proteins amino acid 

sequence, especially in the case of novel proteins. (1) First, knowledge of the target 

protein’s molecular weight is calculated from the primary sequence and is necessary for 

identification during purification using sodium dodecyl sulfate polyacrylamide gel 

electrophoresis (SDS-PAGE) analysis. Also, the amino acid sequence will be needed for 

mass spectrometry to confirm the correct molecular weight and help assess the sample’s 

purity. Additionally, the molecular weight of the protein can indicate the level of 

concentration needed for successful crystallization. For a protein between ten to thirty 

kiloDaltons (kDa) the final concentration should be near ten milligrams per milliliter 

(mg/mL), where as smaller proteins tend to require higher concentrations (twenty to fifty 

mg/mL) just as larger proteins may need only two to five mg/mL for effective 

crystallization. (10) The composition of amino acids can also yields valuable information 

for determination of protein concentration. If the target protein has tryptophan, tyrosine 

and/or cysteine residues then the sample concentration is easily determined using Beer’s 

Law; ! =   !"#, where the composition of these amino acids produces an estimate of the 
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extinction coefficient (!) and an ultraviolet (UV) spectrophotometer determines the 

protein’s absorbance (!) at 280 nm, ! is the path length or thickness of the cuvette 

(typically 1 cm). In the absence of these amino acids, however, protein concentration can 

be determined either by the Waddell method, which exploits the UV absorption of the 

peptide backbone, or by the Bradford Assay. (3, 23) In either case, it is important to know 

the composition of amino acids so the appropriate method for concentration 

determination is used. Furthermore, large aromatic side chains are easily detected by x-

ray crystallography due to their size and number of electrons, so prior knowledge of the 

number and sequence location of these residues will help during structure determination. 

Also, if the protein has methionine residues, then selenomethionine derivatives are a 

viable option for making heavy atom derivatives, a potential need for structure 

determination. The protein’s isoelectric point (pI), also, is determined from the primary 

sequence analysis and this number is an excellent starting point for not only outlining a 

purification scheme using ion-exchange chromatography, but also the selection of 

buffers. For example, if the overall pI of the target protein is nine this means that at 

physiological pH of 7.3, the protein has an overall positive charge and thus should bind to 

resin with negatively charged ion-exchange resin, such as the sulfate group on SP beads. 

Using the primary sequence to identify characterized homologues through a BLAST 

search is also valuable tool to gain insights into important regions and functionality. (2) 

This information can direct mutational work and/or identify truncation options, such as 

removal of a floppy tail, to facilitate crystallization. Moreover, if the Protein Data Bank 

(PDB) has a structure file for a homologue, then molecular replacement is an option for 

structure determination. Lastly, the need for ligands, cofactors, metal ions or any other 

additives can be gleaned from previously characterized homologues. Addition of these 

small molecules, or additives, during crystallization may stabilize the protein and thus 



 49 

increase the chance of crystal nucleation. The information gained from primary sequence 

evaluation of the target protein will direct many aspects of the sample preparation, 

crystallization and structure determination and thus greatly increase the “chance” of 

success for obtaining a pure protein sample that readily produces a quality crystal.  

After extracting the most amount of information from the primary sequence, the 

next step is sample preparation. As stated earlier, the success of crystallization rises with 

increased purity, ideally greater that ninety percent, and a high concentration of the 

protein. Consequently, the hallmark of successful crystallography sample preparation 

begins with high levels of protein expression. These biomolecules are not naturally 

expressed under such conditions, so recombinant expression is the most reasonable route 

to achieve large protein quantities. To begin expressing high amounts of the protein of 

interest, it is well worth the time investment to test many expression cell lines and 

induction conditions to optimize protein expression yields. From here, the protein 

typically is purified by chromatography methods based on various properties such as: pI, 

hydrophobic amino acid content, affinity tags and size. This step can require a vast 

amount of trial and error before achieving the desired result: a protein sample with at 

least ninety percent purify and a concentration of at least five mg/mL. Before starting the 

crystallization process acquiring a one-dimensional proton Nuclear Magnetic Resonance 

(NMR) spectrum is a fast and easy way to determine whether or not the protein folded. 

This is a very useful step because there is no reason to try crystallizing an unfolded 

protein. accomplish this goal. Furthermore, a series of one-dimensional spectra can also 

test the stability of the protein sample by acquiring spectra at different temperatures. The 

overall process of attaining a protein sample that is pure, highly concentrated yet still 

soluble, and folded sample can be tedious, as every protein behaves differently, and 
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success is accomplished primarily through trial and error. Once achieved, however, the 

crystallization trials can commence. 

Crystallization of proteins is facilitated by vapor diffusion, which manifests in 

either the sitting-drop or hanging-drop method. (19) Here, the macromolecule sample, a 

protein in this case, is added to a drop of crystallization buffer. This causes a decrease in 

concentration of both the protein sample and the crystallization buffer. Then, the drop is 

placed in a chamber, either via adhesion to a cover slip (the hanging drop method) or 

placement into a small raised well (the sitting drop method), with a reservoir of the 

original crystallization buffer concentration below the drop. The chamber is sealed and 

the system begins equilibrating until the drop and reservoir achieve the same 

concentration. Since the reservoir’s concentration is higher, water vapor will leave the 

drop, causing the concentration of the drop to increase. When this happens the protein 

molecules and crystallization reagents begin to pack closely and become supersaturated. 

Ideally, the protein molecules will arrange into a well ordered, repeating pattern and 

hence crystallize. This ingenuity of this method lies in the fact that the time needed for 

vapor diffusion facilitates the slow, selective process required for crystallization. While 

the method of crystallization is straight forward, a number of factors can affect 

crystallization and as such the process requires many crystallization trials. Since there are 

a myriad of conditions known to crystallize proteins and no way of predicting the optimal 

one, the most efficient method for determining the best crystallization condition is 

through trial and error, guided in part by conditions which favored formation of other 

biomolecule crystals. This task can be daunting, because crystallization reagents are 

typically made of a buffer, a salt and a precipitant, which may be a salt but could also be 

organic polymer like polyethylene glycol, meaning that there exists a multitude of 

possible combinations. In order tackle this problem, however, high-throughput screening 



 51 

kits are available to test a large number of conditions, and the incorporation of 

crystallization robots can also speed the screening process with only a small amount of 

sample. Along with the crystallization reagent, temperature can also affect the success of 

crystallization. Lower temperatures slow the vapor diffusion process and hence the 

crystallization, which may increase the quality of the crystal. Therefore, several initial 

screens trays should be set-up and allowed to sit at various temperatures. Any hits, 

meaning the presence of a crystal or crystalline object in a certain condition, from the 

initial screening should then be optimized. Optimization typically involves setting up a 

gradient of the pH, salt and or/precipitant concentrations in a larger tray. Larger drops are 

also used here. Importance of optimization is two-fold: first the larger drop allows the 

formation of a crystal large enough for data collection, ideally greater than 0.1 millimeter 

(mm) in the smallest dimension. Secondly, optimization enables the researcher to refine 

the condition that yields the best quality crystals for diffraction, which is rarely the 

original ‘hit’ crystallization reagent mixture. At the end of this process, a protein sample 

will ideally yield a crystal of reasonable size that produces a high-resolution diffraction 

pattern upon x-ray beam bombardment.    

 

2.1.2 Crystal Symmetry and Space Groups 

Since a well-ordered crystal yields a high-quality diffraction pattern, this section 

briefly discusses the meaning of ‘well-ordered crystal.’ During crystallization the 

molecules, in this example are individual protein molecules, will ideally align and orient 

themselves to produce a perfectly ordered, repeating arrangement of molecules. If the 

molecules organize as such, they can be related to one another in space through 

symmetry operations. These symmetry operators, which mathematically describe the 
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arrangement of molecules in the minimal repeating unit of the crystal (termed the 

asymmetric unit), are determined by the space group assigned to the crystal. Of the 230 

possible ways that identical objects can pack in three dimensions, i.e. the space group, 

only 65 of these apply to chiral molecules, like proteins. (19) Applying the appropriate 

symmetry operators to the asymmetric unit will generate a single unit cell.  The unit cell 

is the smallest repeatable block within the crystal, and is defined by edge lengths a, b, and 

c; where the angles between the edge lengths are α, β, and γ. Stacking the unit cells in 

three dimensions, using translational, rotational and screw symmetry elements, will 

generate the entire crystal. The more ordered the unit cell stacking, and hence the 

alignment of molecules within the unit cell, gives rise to a ‘well-ordered crystal.’  

 

2.1.3 Data Collection and Reduction 

Once sizable crystals of the target protein form, their diffraction properties are 

tested. The crystal harvested from the drop is mounted into a nylon loop, slightly larger 

than the size of the crystal, and then typically flash-frozen in liquid nitrogen. This reduces 

radiation damage from the x-ray beam and results in higher quality diffraction, and hence 

yields better resolution of the final atomic model. The flash freezing process can increase 

the mosaicity, or amount of disorientation within the unit cell, and one method to limit 

this damage is to soak the crystal in a cryoprotectant solution prior to harvesting. 

Alternatively, the crystal can be sealed in a glass capillary tube and the diffraction data 

collected at room temperature. In either case, the crystal then is centered in the x-ray 

beam using a goniometer. A few initial frames of data are collected to determine the 

quality of diffraction. If the initial screening proves successful, then a full data set is 

collected. Prior to data collection, however, the following parameters: detector distance, 
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exposure time, oscillation angle and total number of degrees collected are established. 

When setting the detector distance, the crystallographer must consider the diffraction 

resolution and the detector pixel resolution. In theory, if a crystal diffracts ‘well,’ 

meaning numerous, well-defined spots out to the edge of the plate, the detector should be 

moved as close to the crystal as possible to capture the highest reflected angles, since the 

higher the angle collected the greater the resulting resolution. The pixel resolution of the 

detector, however, limits this distance, because the reflections will blur together when the 

detector is moved too close. As such, the optimized detector distance is a compromise 

between these two factors. Next, the exposure time for collecting each image is set. 

Although, longer exposure times increase signal-to-noise, the crystallographer is limited 

by beam time and the possibility of saturating the detector. Again, the exposure time used 

will be a compromise between these two factors. The next parameter, the oscillation 

angle, is determined to ensure collection of all unique reflections. As the name implies, 

the crystal is rotated, or oscillated, in order to collect all these reflections and this degree 

of rotation depends on the crystal. Although more reflections can be collected with a 

large oscillation angle, this could cause collection of overlapping reflections, which will 

need to be identified and omitted in later steps. For most proteins, the oscillation angle is 

set between 0.5 and 1 degrees. Lastly, deciding the total number of degrees of oscillation 

to collect is a trade-off between beam time and signal-to-noise. In an effort to save time, 

the minimum number of degrees required depends on the crystal orientation and space 

group symmetry. If these parameters are known, a data set can be collected in the least 

amount of time. On the other hand, the signal-to-noise significantly increases as more 

data is acquired, up to 360 degrees. All in all, the data collection parameters for each 

crystal are a trade-off of a number of factors and are determined for each unique crystal. 
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After setting these parameters, the diffraction data is acquired, and data processing 

begins.  

The goals of diffraction data processing are threefold: determination of the space 

group and unit cell, and creating a file that recorded the intensities of each reflection. 

Attainment of these goals involves three main steps: indexing, integration and scaling the 

reflections. Processing the data begins by indexing the first frame to assign a preliminary 

space group and unit cell. After integrating the intensities of each reflection, the data is 

scaled to the lowest group of symmetry-related lattice points within the entire reciprocal 

lattice. This is analogous to defining the asymmetric unit of a unit cell. This step is also 

used also to confirm systematic absences (a.k.a. systematic extinctions), which helps 

determine whether or not the correct space group was chosen. If the space group should 

be changed, the data is indexed, integrated and scaled using an alternative space group. 

The commonly used programs for data reduction are DENZO and SCALEPACK within 

the HKL2000 suite (17) Once the data has been correctly processed; the output file will 

then be used to generate the electron density after solving the phase problem.  

The log file generated from this procedure, contains the crystallographic statistics 

of the data set, the main components of which are summarized here. First, the ‘measured 

reflections’ is the total number of reflections observed. Typically the more reflections 

observed the better, since the signal-to-noise greatly benefits from more observations. 

Along with the ‘measured reflections’ is the number of ‘unique reflections.’ These are the 

reflections observed after symmetry averaging. The ‘percent redundancy’ is calculated 

from these two statistics, by dividing the total measured reflections by the number of 

unique reflections. Next, the ‘overall completeness’ defines the percent completeness of 

the entire data set, which signifies whether or not all reflections in the asymmetrical unit 

were observed. With this is the ‘completeness in the last shell’, which reports the percent 
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completeness in the highest resolution shell. The resolution reported for a crystal 

structure will be the highest resolution shell with a high ‘percent completeness in the last 

shell.’ The next two important numbers reported are ‘Rsym overall’ and ‘Rsym in the last 

shell’. The ‘Rsym overall’ reports on how well symmetry related reflections agree with 

one another in intensity and this number is represented as a percentage. As such, the 

‘Rsym in the last shell’ assigns this measurement for the highest resolution shell. In 

general, any shell with an Rsym over forty percent should be rejected. Next, The ‘I/σ’ 

value indicates the signal-to-noise ratio; shells with an I/σ less than two to three should 

be excluded from the final data set. Lastly the resolution reported for the data set should 

be from the highest resolution shell with an Rsym typically below forty percent and an 

I/σ above three. The statistics summarized describe the quality of data collected and 

processed from the crystal’s diffraction.  

 

2.1.4 Phasing and Electron Density Maps 

The next major hurdle in the structure determination process is generating an 

electron density map. The electron density map is the major goal of crystallization 

because the target protein’s image is the distribution of its electron density. The equation 

describing electron density (!) at the point (x,y,z) in a unit cell is:  

 
! !"# = !!!"   ! !!!" !!  !!"  !  !"   

!!"
  ! !  !!!"  

 

where !!!"  is the wave’s amplitude (a.k.a, the structure factor), determined by taking the 

square root of the intensity (!!!"), α is the phase angle of the wave, and the Miller indices 

(h, k, and l) describe the plane, through the unit cell, that the waves reflected off of 
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during x-ray beam bombardment. A major problem arises, because although a light wave 

has both a phase and amplitude, the light detector can only measure the wave’s intensity 

and all phase information is lost. Since the phase angle, α, is essential for calculating the 

electron density map, this inherent obstacle is referred to as “the phase problem.”  

There are three methods of solving the phase problem; multiple isomorphous 

replacement (MIR), multi-wavelength anomalous dispersion (MAD) and molecular 

replacement (MR), and some considerations and requirements for each method are 

subsequently summarized. In the case of MIR, at least two different heavy-atom 

derivative crystals are needed. The heavy atom is either soaked into the native crystal, co-

crystallized with the protein, or if the protein contains methionine residues then 

selenomethionine derivatives of the protein are expressed and crystallized. The phase 

problem is solved by collecting native data sets and at least two heavy-atom derivative 

crystal data sets. Again, the more data sets collected the greater the signal-to-noise. Since 

producing a heavy-atom derivative crystal is not trivial, this method is used only when 

either a tunable wavelength source and/or a homologous structure are unavailable. The 

second method, used in preference to MIR, is MAD. Although MAD also requires 

collecting at least three data sets, only one heavy-atom derivative crystal is needed. For 

this method a tunable wavelength source, such as a synchrotron, is used to collect data at 

several wavelengths. In the end, a native data set and at least two heavy-atom data sets 

collected at different wavelengths are amassed. Lastly, MR is the favored method of 

generating an electron density map, since only a single native data set is required. This 

method is limited, however, by the prerequisite of a solved homologous structure. When 

using MR, the known phases of the homologue are implanted onto the intensities of the 

target protein’s data to create the electron map. In doing so, however, the electron density 

generated can be severely biased toward the model structure. This bias is systematically 
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removed during the model building and refinement steps. The speed and convenience of 

MR make this method attractive, but the success depends on the structural similarity 

between the model and target. In summary, the phase problem can be tackled in three 

ways, though multiple heavy atom derivatives, a synchrotron with one heavy atom 

derivative, or the known phases of a homologous structure.  

Once the phase angle for each position has been solved, a series of electron 

density maps are generated and displayed in a model-building program such as Coot. (11) 

There are two primary maps used in modeling the biomolecule’s structure, the !!-!! and 

the 2!!-!! maps. The !!-!! map is a Fourier difference map showing the difference 

between the observed and calculated phases. Since the observed and calculated phases 

are weighted equally, this map can be difficult to interpret, but is particularly useful for 

locating un-modeled electron density in the target protein data. Added electron density 

may arise due to amino acid mutations between the model and target protein, ligands or 

ions not present in the model, additional structural elements, or even misfit molecules. 

Another map, the 2!!-!!, simply adds two observed phases for every one calculated 

phase. When viewed, this map typically shows continuous electron density that is easily 

interpreted, however, the quality of this map depends heavily on the quality of the phases. 

As mentioned earlier, model bias is a problem when using MR and this primarily 

influences the 2!!-!! map. In order to eliminate the model bias, a series of omit maps are 

generated. In this process a few, typically consecutive, residues are removed from the 

PDB file created of the target protein. The omit PDB file is refined with the phases 

calculated from the rest of the file. Subsequently, the 2!!-!!  and !!-!! maps are viewed. 

Any electron density that exists for the omitted resides signifies that those atoms 

contributed to the amplitude signal; in essence the electron density observed for those 
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atoms is ‘real.’ The last steps after generating the electron density maps include model 

building, refinement and structure validation. 

 

2.1.5 Model Building, Refinement and Structure Validation 

At long last, in the home stretch of structure determination the model building, 

refinement and structure validation steps are the most gratifying as they lead to the final 

three-dimensional protein structure. During model building, amino acids are oriented and 

placed into the electron density according the shape of the electron density map. The 

order of amino acids is determined by the primary sequence, and as stated earlier, large 

aromatic side chains, such as those from tryptophan, phenylalanine and tyrosine, can be a 

good place to begin model building since these residues have a large, distinctly shaped 

electron clouds. After each round of model building, the PDB file is refined to generate a 

structural model with the lowest energy possible. The goal of successful model building 

is to minimize the difference between the observed structure factors (!!) and the 

calculated structure factors (!!). After each successive round of building and refinement, 

the difference in these values should decrease. This is represented by the measurement 

called the R-factor and is defined by the equation:  

 

!!"#$%& =   
Σ   !! − !!
Σ   !!

 

 

As the model improves and the agreement between !! and !!  increases, the R-factor value 

will decrease. The R-factor is therefore an indication of how well the observed and 

calculated values agree with one another and indicates the degree of model accuracy. In 

addition to the R-factor, a Ramachandran plot of the protein backbone angles, of the phi 
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and psi angles for each residue, is used to evaluate the final structure. This plot is 

particularly useful in identifying residues that have incorrect or irregular backbone 

geometry. A large number of residues with disallowed phi and psi angles can indicate a 

significant problem with the model. Another measurement used during refinement is the 

B-factor. This number designates the disorder for each amino acid, where a low average 

B-factor signifies a well-ordered structure. Additionally, the average rmsd bond length 

and angle deviations are calculated during refinement, and as their names imply, these 

numbers represent how much the average bond angle and length diverge from the ideal 

values. After many rounds of model building and refinement the PDB file of the target 

protein should be validated with a program like PROCHECK, which analyzes the steric 

and geometry of the final protein structure model. (6) This type of program identifies any 

errors that must be addressed before depositing the final file into the Protein Data Bank. 

The final R-factor, Ramachandran plot analysis, B-factor, and average rmsd bond length 

and angle values are included in the crystal structure statistics table upon completion of 

model building and refinement.  

 

 This chapter details the structural determination of Tautomerase I and II, 

determined by protein x-ray crystallography and discusses the results implicated from 

this three-dimensional analysis. These structures were solved using molecular 

replacement and the final high-resolution structures of each offer an in-depth look into 

their potential substrate binding and catalytic mechanisms.  
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2.2 MATERIALS AND METHODS 

 

2.2.1 Materials 

Chemicals, biochemicals, buffers and solvents were obtained from Sigma-Aldrich 

Chemical Co. (St. Louis, MO), Fischer Scientific Inc. (Pittsburg, PA), Fluka Chemical 

Corp. (Milwaukee, WI), or EM Science (Cincinnati, OH). Centricon filter devices were 

purchased from Millipore Co. (Billerica, MA). Isopropyl-β-D-thiogalactoside (IPTG) 

was obtained from Gold BioTechnologies, Inc. (St. Louis, MO).  The Phenyl Sepharose 

CL-4B, DEAE-Sepharose, and SP-Sepharose Fast Flow resins were purchased from 

Sigma-Aldrich (St. Louis, MO) The pre-packed PD-10 Sephadex G-25 columns were 

obtained from GE Healthcare (Buckinghamshire, UK). The Econo-Column 

chromatography columns were purchased from Bio-Rad Laboratories, Inc. (Hercules, 

CA). One Shot® Mach1™ T1 phage-resistant chemically competent E. coli cells were 

obtained from Invitrogen (Carlsbad, CA). Escherichia coli (E. coli) BL21 (DE3) and 

BL21 (DE3) OverExpress were obtained from Stratagene (La Jolla, CA). Harvesting of 

plasmids was accomplished using the Qiagen QIAprep Spin Miniprep Kit from Qiagen 

(Valencia, CA). The Hampton Index-HT (HR2-134) and the Qiagen NeXtal DWBlock 

JCSG+ Suite were gifted from the Institute of Cellular and Molecular Biology (ICMB) 

Macromolecular Crystallography Facility at the University of Texas. 

 

2.2.2 General Methods 

Samples for DNA sequencing were submitted to the ICMB DNA core facility at 

the University of Texas. Protein mass spectral data were obtained on a LCQ electrospray 

ion-trap mass spectrometer (Thermo, San Jose, CA) in the ICMB Protein and Metabolite 
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Analysis Facility at the University of Texas. Protein concentrations were determined 

using Beer’s Law and the method described by Waddell. (23) Glycine SDS-PAGE 

analysis of proteins was carried out using 15% gels, in denaturing conditions, in a Bio-

Rad Mini-Protean II gel electrophoresis apparatus (Hercules, CA). X-ray diffraction data 

were collected at 100 K on an R-AXIS IV++ image plate detector (Rigaku) with x-rays 

generated from a Rigaku MicroMax007 rotating anode generator in the ICMB 

Macromolecular Crystallography Facility at the University of Texas. The diffraction 

images were processed and the data reduced using HLK2000. (17) Molecular 

replacement and annealing were performed with PHASER and REFMAC5, respectively, 

in the CCP4i Program Suite. (7, 15, 16) Final protein structure models were evaluated 

using PROCHECK within MolProbity. (6) Figures were prepared using PyMOL and 

Chimera, as noted. (18, 20) 

 

2.2.3 Tautomerase I Methods (Gene name: Mpe_A2265) 

The following entails methods developed for the expression, purification, and 

crystallization of Tautomerase I. This section also describes the methods used for 

crystallographic data collection and processing of the Tautomerase I crystals. 

 

2.2.3.1 Plasmid Prep And Initial Expression Study  

The pET24 vector constructing encoding Tautomerase I, graciously gifted from 

Chris P. Whitman’s research group (UT Austin), was transformed into One Shot® 

Mach1™ T1 phage-resistant chemically competent E. coli cells using the heat-shock 

method. In a typical procedure, 1 μL of plasmid is added to ~ 50 μL of competent cells, 

which are subsequently placed in a 37 °C water bath for 45 sec. The cells then are 
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immediately transferred to ice and cooled for 90 sec. Next, 1 mL of Luria-Broth (LB) is 

added to the transformed cells which are vigorously shaken at 37 °C for 1 h. The 

transformed cells are spun down to form a cell pellet, which is then streaked onto LB 

agar plates supplemented with kanamycin (Kn) (25 μg/μL) and incubated at 37 °C 

overnight. Single colonies were added to LB/Kn medium (~10 mL) and incubated, with 

shaking, overnight at 37 °C. The plasmid encoding the Tautomerase I protein was 

purified using the Qiagen QIAprep Spin Miniprep Kit. Plasmid concentrations were 

determined using a NanoDrop spectrophotometer and plasmid stocks were stored at -20 

°C. The purified plasmid sample was submitted to the ICMB DNA core facility at the 

University of Texas and sequenced across the entire coding region.  

Initial over-expression studies were carried out to determine optimal growth and 

protein expression conditions. The pET24 vector construct encoding Tautomerase I was 

transformed into E. coli BL21 (DE3) and BL21 (DE3) OverExpress cells also using the 

heat-shock method. The transformed cells were streaked onto LB agar plates 

supplemented with Kn (25 μg/μL) and incubated overnight at 37 °C. Three single 

colonies from each successful transformations into BL21 (DE3) and BL21 (DE3) 

OverExpress cell were used to inoculate tubes (6 total) containing LB/Kn medium (3 mL 

each). These cultures were shaken overnight at 37 °C. Samples from the over-grown 

cultures (300 μL each) were added to fresh LB/Kn medium (~4 mL) and shaken at 37 °C. 

When the cultures reached an OD590 between 0.59 - 0.80 Absorbance Units (A.U.) (~1.5 

h) a sample (500 μL) was mixed with glycerol (500 μL) and stored at -80 °C. IPTG (100 

μg/μL) was added to the remaining culture to induce the cells. The induced samples 

continued to shake at 37 °C for 6 h, with a sample (100 μL) taken out and mixed with 

Laemmli dye every 2 h. (14) Denaturing SDS-PAGE gels (15 % acrylamide) were 

performed for each induction study (6 total gels).  (Figure 2.1) 
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2.2.3.2 Over-Expression And Solubility  

Two samples from glycerol stocks, containing the plasmid encoding Tautomerase 

I, transformed in BL21 (DE3) OverExpress cells, were inoculated into two separate flasks 

containing LB/Kn medium (~50 mL each). After shaking at 37 °C overnight, the over-

grown cultures were aliquoted evenly into six 5 L flasks each containing 1 L of LB/Kn 

medium. The cultures continued to shake at 37 °C until an OD590 of ~ 1 was reached (~ 2 

h). Each culture was induced using IPTG (100 μg/mL) and then continued to grow at 37 

°C for 6 h. Cells were harvested by centrifugation (10 min at 5000g) at 4 °C and the 

aliquots (~0.7 g ea.) stored at -80 °C. Typically, ~ 12.6 g of cells were harvested from six 

1 L cultures.  

In order to test the solubility, a cell pellet sample (0.7 g) was thawed and 

suspended in 3 mL of 20 mM HEPES buffer (pH 7.6) containing 50 mM KCl (Buffer A). 

This sample was then frozen at -20 °C overnight. Cells were lysed by thawing the frozen 

sample in hot water and subsequently centrifuged (1 h at 10,000g). An aliquot from the 

supernatant (100 μL) and the pellet were analyzed using denaturing SDS-PAGE gel 

electrophoresis (15 % acrylamide). (Figure 2.2) 
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Figure 2.1: A representative SDS-PAGE gel showing the expression of 
Tautomerase I using BL21 DE3 OverExpress cells. The samples loaded into 
each lane represent the whole cells mixed with Laemmli dye. 
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Figure 2.2: A representative SDS-PAGE solubility test of Tautomerase I from induction 
studies using BL21 (DE3) and BL21 (DE3) OverExpress (OE) cells. The 
freeze-thawed cells were spun down at 10, 000 g for 60 min and the 
supernatant (super) and the cell pellet (pellet) were loaded onto the gel in 
increasing sample size. 
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2.2.3.3 Purification  

Harvested cells (0.7 g cell pellet) were thawed, suspended in Buffer A (~ 3 mL) 

and frozen at -20 °C. Cell lysis was accomplished by thawing the frozen suspension in 

hot water, and the soluble protein collected in the supernatant following centrifugation (1 

h at 10,000g). The supernatant was applied to a diethylaminoethyl (DEAE)-Sepharose 

column (10 mL of resin) equilibrated with Buffer A. The column was then washed with 5 

column volumes (c.v.) of Buffer A. The flow-through from the supernatant and wash 

were combined and applied to a sulfopropyl (SP)-Sepharose column (10 mL of resin) 

equilibrated with Buffer A. After washing the column with 5 c.v. of Buffer A, the flow-

through from the loaded protein and wash were collected and concentrated using 

centricons. Final protein concentration was determined using Beer’s Law, where the UV 

absorbance was measured at 280 nm and the extinction coefficient (12,490 M-1cm-1) for 

Tautomerase I was determined from the ExPASy Bioinformatics Resource Portal. (12) 

Purity of the final protein sample was assessed by denaturing glycine SDS-PAGE (15% 

acrylamide). This procedure typically yields between 28 mg to 32 mg of Tautomerase I 

per 0.7 g of harvested cells with >95% purity.  
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Figure 2.3: A representative SDS-PAGE of purification protocol for Tautomerase I. The 
collected supernatant was loaded onto a diethylaminoethyl (DEAE) column 
and the column flow through was loaded into the lane titled “Flow through 
DEAE.” The flow through and was were collected and applied to 
sulfopropyl (SP) resin, the flow through and wash were loaded onto lanes 
titles “Flow through SP” and “ Wash SP.” 
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2.2.3.4 Mass Spectrometry and 1H NMR Spectrometry  

In order to prepare a samples of Tautomerase I for mass spectrometry and NMR 

spectrometry, the protein was purified as described above, using 20 mM potassium 

phosphate (pH 7.4) and 50 mM KCl (Buffer B) instead of buffer A. The NMR sample 

was prepared by adding purified Tautomerase I (900 μL of mg/mL) to D2O (100 μL). The 
1H NMR spectrum was recorded at 24 °C using a 500 Megahertz (MHz) Varian Inova 

spectrometer. For molecular weight confirmation, a 1mg/mL (30 μL) sample of 

Tautomerase I in Buffer B was submitted to the ICMB Protein and Metabolite Analysis 

Facility at the University of Texas.  

 

2.2.3.5 Crystallization And Structural Determination  

Initial screenings of crystallization conditions were tested using an Art Robbins 

Instruments Phoenix liquid-handling robot in the ICMB Macromolecular Crystallography 

Facility at the University of Texas. A purified aliquot of Tautomerase I (14 mg/mL in 

buffer A) was screened using two 96 well sitting-drop plates with the Hampton Index-HT 

(HR2-134) and the Qiagen NeXtal DWBlock JCSG+ Suite of crystallography reagents. 

The “1 protein, 2 wells, ratios” method was selected for the Phoenix robot, where the first 

well received a 1:1 ratio of protein (0.1 μL) to crystallization condition (0.1 μL) and the 

second well received a 2:1 ratio of protein (0.2 μL) to crystallization condition (0.1 μL). 

These plates were stored at room temperature in the dark. The eleven hits from the 

Hampton screen and six hits from the Qiagen screen were used to set-up individual 24-

well hanging drop plates, where the screening condition was expanded into a gradient. 

Each drop was a 1:1 ratio of protein (2 μL) to crystallization condition (2 μL). These 

plates were stored at room temperature in the dark. The crystallization condition yielding 
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the highest resolution diffraction data was 200 mM tri-ammonium citrate and 10% 

polyethylene glycol (PEG) 3350, where the crystals appeared between 1-3 days. (Figure 

2.4) 

In order to obtain the highest resolution diffraction images for Tautomerase I, the 

looped crystal, grown in 200 mM tri-ammonium citrate and 10% PEG 3350, was flash-

frozen in liquid nitrogen and subsequently centered in a stream of dry nitrogen. 87 

degrees of data were collected, using a 0.5 oscillation angle, resulting in the collection of 

174 images each with an exposure time of 120 s. The best diffraction images were 

collected to a 1.57 Å resolution at ~ 100 K on an R-AXIS IV++ image plate detector 

(Rigaku) with X-rays generated from a Rigaku MicroMax007 rotating anode generator in 

the ICMB Macromolecular Crystallography Facility at the University of Texas. The 

diffraction images were processed and the data reduced using HLK2000. (17)  

Pseudomonas putida mt-2 (PDB entry 1BJP). (7, 15, 22) Model building was performed 

in Coot and the solution annealed with REFMAC5 in the CCP4i Program Suite. (7, 11, 

16) Model bias was removed by creating a series of omit maps, where three consecutive 

residues were removed from the structure file, refined, and any model corrections were 

made in Coot. The final protein structure model was assessed using PROCHECK. (6) 

Data collection and refinement statistics are listed in Table 2.2. Figures were prepared 

using PyMOL and Chimera, as noted. (18, 20) 
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Figure 2.4: Tautomerase I crystals. These crystals were grown in 200 mM tri-
ammonium citrate and 10% PEG 3350 at 24 °C. These images were 
captured by a Leica EC3 high-speed digital camera viewed through a Leica 
S8APO stereomicroscope. 
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2.2.4 Tautomerase II Methods (Gene Name: Mpe_A3323) 

The following details the methods established for the expression, purification, and 

crystallization of Tautomerase II. Additionally, this section describes the methods used 

for crystallographic data collection and processing of the Tautomerase II crystals. 

 

2.2.4.1 Plasmid Prep And Initial Expression Study  

The pET24 vector encoding the Tautomerase II gene, a gift from Chris P. 

Whitman’s research group (UT Austin), was transformed and harvested as described 

previously for Tautomerase I. Plasmid concentrations were determined using a NanoDrop 

spectrophotometer and stocks were stored at -20 °C. A purified plasmid sample was 

submitted to the ICMB DNA core facility at the University of Texas for confirmation of 

correct gene sequence.  

Initial over-expression studies were carried out as described for Tautomerase I, 

with the following exceptions. Two single colonies from each successful transformation 

into BL21 (DE3) and BL21 (DE3) OverExpress cells were used to inoculate the tubes (4 

total) containing LB/Kn medium (4 mL each). These cultures were shaken overnight at 

37 °C. Samples from the cultures (300 μL each) were added to fresh LB/Kn medium (4 

mL) and shaken at 37 °C. When the cultures reached an OD590 between 0.55 - 0.70 A.U.s 

(~1.3 h) a sample (500 μL) was mixed with glycerol (500 μL) and stored at -80 °C. Then, 

IPTG (100 μg/μL) was added to the remaining culture to induce Tautomerase II 

expression. The induced samples continued to shake at 37 °C for 9.5 h, with a sample 

(100 μL) taken out, and mixed with Laemmli dye every 2 h. (14) Finally 15 % denaturing 

glycine SDS-PAGE gels were carried out for each induction study (4 total gels). (Figure 

2.5) 
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2.2.4.2 Over-Expression And Solubility 

Again, the methods used to express and determine the solubility of Tautomerase II were 

similar to those described for Tautomerase I. This section details the differences. For 

expression of Tautomerase II, two samples from a glycerol stock, containing the plasmid 

encoding Tautomerase II and transformed into BL21 (DE3) cells, were added to two 

flasks containing LB/Kn medium (~50 mL each). After shaking at 37 °C overnight, the 

cultures were aliquoted evenly into six 5 L flasks each containing 1 L of LB/Kn medium. 

The cultures continued to shake at 37 °C until an OD590 of ~ 0.85 A.U.s was reached (~ 2 

h). Next, each culture was induced using IPTG (100 μg/μL) and allowed to grow at 37 °C 

for 7.5 h. Cells were harvested by centrifugation (10 min at 5000g) at 4 °C and the 

aliquots (~ 0.7 g ea.) were stored at -80 °C. Typically, ~ 14.5 g of cells were harvested 

from six 1 L cultures.  

To test solubility, a sample of resuspended Tautomerase II cells (0.7 g cell pellet, 

3 mL Buffer A) was lysed using the freeze-thaw method. After centrifugation (1 h, 

10,000g) an aliquot from the supernatant (100 μL) and the pellet were analyzed using 

denaturing glycine SDS-PAGE (15 % acrylamide). (Figure 2.6)  
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Figure 2.5: Sample SDS-PAGE of an expression test for Tautomerase II grown in 
BL21 (DE3) cells. 
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Figure 2.6: A representative solubility test analyzed by SDS-PAGE from Tautomerase 
II induced in BL21 (DE3) cells. The freeze-thawed cells were spun down at 
10, 000 g for 60 min and the supernatant and the cell pellet (pellet) were 
loaded onto the gel in increasing sample size. 
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2.2.4.3 Purification  

The following describes the typical purification procedure for Tautomerase II. A 

sample of resuspended Tautomerase II cells (0.8 g cell pellet, 4 mL buffer A) were lysed 

using the freeze-thaw method and the lysate cleared by centrifugation (1 h at 10,000g). 10 

% Polyethyleneimine (PEI) (1 mL) was added to the supernatant to precipitate the 

solubilized nucleic acids. The heterogeneous solution was stirred for ~25 min at 24 °C 

and the supernatant collected by centrifugation (1 h at 10,000g). Then, NH4SO4 (2.5 g) 

was added to the supernatant (~5 mL), and stirred at 24 °C for ~ 1 h. The precipitated 

protein was collected by centrifugation (1 h at 10,000g) and subsequently resuspended in 

800 mM NH4SO4 and 20 mM HEPES (pH 7.6) (Buffer C) (20 mL). The homogenous 

resuspension then was loaded onto a Phenyl-Sepharose column (10 mL of resin) 

equilibrated with Buffer C (20 mL). The column was washed with 5 c. v. of 500 mM 

NH4SO4 and 20 mM HEPES (pH 7.6) (Buffer D). Protein elution was accomplished by a 

linear gradient (60 mL total, 300 mM to 0 mM NH4SO4 in 20 mM HEPES (pH 7.6)). 

Fractions containing Tautomerase II, as assessed by denaturing glycine SDS-PAGE (15 

% acrylamide), were collected and concentrate to ~ 2 mL. Afterward, the partially 

purified protein was exchanged into Buffer A using a PD-10 desalting column. This 

eluent (~3.5 mL) was applied to a DEAE-Sepharose column (10 mL of resin) equilibrated 

with Buffer A (20 mL). The column was washed with 5 c.v. of Buffer A, followed by 

gradient elution (60 mL total, 50 mM to 1 M KCl in 20 mM HEPES (pH  
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Figure 2.6: A representative solubility test analyzed by SDS-PAGE from Tautomerase 
II induced in BL21 (DE3) cells. The freeze-thawed cells were spun down at 
10, 000 g for 60 min and the supernatant and the cell pellet (pellet) were 
loaded onto the gel in increasing sample size. 
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7.6)). Fractions were analyzed by SDS-PAGE and those containing Tautomerase II were 

collected, concentrated and exchanged into Buffer A using a PD-10 desalting column. 

Since Tautomerase II does not have any amino acids that absorb at 280 nm, the final 

protein concentration was determined using the Waddell method. In this method, the 

absorbance at 225 nm is subtracted from the absorbance at 215 nm; the difference of 

which is multiplied by 0.144 mg/mL. (23) This procedure typically yields between 3 mg 

to 8 mg of Tautomerase II per 0.8 g of harvested cell pellet with >95% purity, as assessed 

by denaturing glycine SDS-PAGE (15 % acrylamide). (Figure 2.7 (A) and (B)) 

 

2.2.4.4 Mass Spectrometry And 1H NMR Spectrometry  

A sample of Tautomerase II was purified as described above, and the protein was 

exchanged in Buffer B using a PD-10 desalting column for NMR and mass spectral 

analysis. The NMR sample was prepared by adding purified Tautomerase II (900 μL of 

13 mg/mL) to D2O (100 μL). The 1H NMR spectrum was acquired at 24 °C using a 500 

MHz Varian Inova spectrometer. For molecular weight confirmation, a 1 mg/mL (30 μL) 

sample of Tautomerase II in Buffer A, was submitted to the ICMB Protein and 

Metabolite Analysis Facility at the University of Texas.  

 

3.2.4.5 Crystallization And Structural Determination 

Initial screenings of crystallization conditions were tested using the Art Robbins 

Instruments Phoenix liquid-handling robot in the ICMB Macromolecular Crystallography 

Facility at the University of Texas. A purified aliquot of Tautomerase II (12 mg/mL in 

Buffer A) was screened using the same method and high-throughput screens detailed 

above for Tautomerase I. The successful crystallization conditions were identified from  
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(A)  

Figure 2.7:  (A) Representative SDS-PAGE analysis of the purification protocol for 
Tautomerase II. After freeze-thawing the resuspended cells the supernatant 
was collected upon centrifugation at 10,000g for 1 hr and loaded into 
“supernatant” lane. Polyethyleneimine (PEI) was added to the supernatant 
and once centrifuged for 1 hr at 10,000g, the supernatant loaded into the 
“PEI supernatant.” Ammonium sulfate (AS) was then added to the 
supernatant and subsequent centrifugation resulted in an AS supernatant and 
AS pellet. The AS pellet was resuspended in Buffer C, this resuspended 
mixture was loaded onto lane “AS pellet resuspended.” The resuspended AS 
mixture was then applied to a phenyl-sepharose (Phenyl S) column and the 
flow through, wash and gradient elution of 300 mM to 0 mM AS fractions 
were collected an applied to the gel to determine the fractions with 
Tautomerase II.   
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(B)  

Figure 2.7:  (B) Final gradient elution fractions from the Phenyl S resin using of 300 
mM to 0 mM AS fractions were collected an applied to the gel to determine 
the fractions with Tautomerase II.   
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the Hampton and Qiagen screens. These conditions were used to set-up individual 24-

well hanging drop plates, where the screening condition was expanded into a gradient. 

For each well, one drop had a 1:1 ratio of protein (2 μL) to crystallization condition (2 

μL), and the second drop had a 3:1 ratio of protein (3 μL) to crystallization condition (1 

μL). These plates were stored at room temperature in the dark. The crystallization 

condition yielding the highest resolution diffraction data was 4.3 M Na(COOH), and 

crystals appeared between 10-14 days. (Figure 2.8) 

Prior to collecting the highest resolution diffraction data, a crystal grown in 4.3 M 

Na(COOH) was looped, flash-frozen in liquid nitrogen, and subsequently centered in a 

stream of dry nitrogen. 180 degrees of data were collected with a 0.5 oscillation angle, 

and 360 images were collected, each with an exposure time of 120 s. The best x-ray 

diffraction images were collected to a resolution of 1.64 Å, at 100 K, on an R-AXIS 

IV++ image plate detector (Rigaku) with x-rays generated from a Rigaku MicroMax007 

rotating anode generator in the ICMB Macromolecular Crystallography Facility at the 

University of Texas. The diffraction images were processed and the data reduced using 

HLK2000. (17) The phase problem was solved using the PHASER molecular 

replacement program, with the search model of a 4-oxalocrotonate tautomerase from 

Pseudomonas sp. CF600 (PDB entry 1OTF). (7, 15, 21) Model building was performed 

in Coot and the solution annealed with REFMAC5 in the CCP4i Program Suite. (11, 16) 

Model bias was removed by creating a series of omit maps, where five consecutive 

residues were removed from the structure file and subsequently refined. Any subsequent 

model corrections were made in Coot. The final protein structure model was assessed 

using the MolProbity program PROCHECK. (6) Data collection and refinement statistics 

are listed in Table 2.2. Figures were prepared using PyMOL and Chimera, as noted.  (18, 

20) 
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Figure 2.8: Tautomerase II crystals. These crystals of Tautomerase II were grown in 4.3 
M Na(COOH) at 24 °C. These images were captured by a Leica EC3 high-
speed digital camera viewed through a Leica S8APO stereomicroscope. 
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2.3 RESULTS 

2.3.1 Cloned Vector, Expression, Purification, 1H NMR and Mass Spectrometry 
Analysis of Tautomerase I 

The pET24 plasmid encoding the Tautomerase I enzyme was successfully 

harvested with an average concentration of 82 ng/μL. DNA sequencing results verified 

the correct gene sequence, as assessed by CLC Sequence Viewer 6. The induction study 

at 37 °C indicated that over-expression of Tautomerase I in BL21 (DE3) OverExpress 

cells yielded the highest quantity of protein with an induction time of 6 h. (Figure 2.1) 

The majority of expressed Tautomerase I was soluble, as established by the previously 

described solubility test. (Figure 2.3) Tautomerase I can be purified to >95 % 

homogeneity, at pH 7.6, using a sequence of ion exchange chromatography. (Figure 2.3) 

The purification procedure typically yields ~ 90 mg of protein per liter of cell culture.  

Purified Tautomerase I was analyzed by one-dimensional 1H NMR spectroscopy 

and electrospray ionization mass spectrometry (ESI-MS). The one-dimensional 1H NMR 

spectrum of Tautomerase I revealed that the majority of protein was folded, as evidenced 

by broad line widths and the array of unique proton shifts. (Figure 2.9) The mass 

spectrum of Tautomerase I show a peak at 6903.4 g/mol, which corresponds to the 

expected mass of Tautomerase I’s 62 amino acid protein sequence, 6903.9 g/mol. 

 

2.3.2 Cloned Vector, Expression, Purification, 1H NMR and Mass Spectrometry 
Analysis of Tautomerase II 

Harvesting of the Tautomerase II encoding pET24 plasmid successfully yielded 

several plasmid stocks, with an average concentration of 53 ng/μL. CLC Sequence 

Viewer 6 analysis of DNA sequencing results confirmed the correct Tautomerase II gene 

sequence. The induction study at 37 °C using BL21 (DE3) cells yielded the highest 
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quantity of protein with an optimum induction time of 9.5 h. (Figure 2.5) The solubility 

test established that the majority of expressed Tautomerase II was soluble. (Figure 2.6) 

Tautomerase II can be purified at pH 7.6 to >95 % homogeneity using NH4SO4 

precipitation, and a sequence of hydrophobic and anion ion exchange columns. (Figure 

2.7) The purification typically yields ~ 17 mg of protein per liter of cell culture.  

Samples of purified Tautomerase II were analyzed by one-dimensional 1H NMR 

spectroscopy and electrospray ionization mass spectrometry (ESI-MS). The one-

dimensional 1H NMR spectrum of Tautomerase II had a range of unique proton shifts 

with broad line widths, confirming the majority of Tautomerase II was folded in solution. 

(Figure 2.10) Mass spectrometry confirmed the purification of Tautomerase II, with peak 

at 7594 g/mol corresponding to the expected mass of 7593.7 g/mol of Tautomerase II’s 

70 amino acid sequence.  
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Figure 2.9: One-dimensional proton NMR spectrum of Tautomerase I. This spectrum of 
Tautomerase I was collected in 20 mM potassium phosphate (pH 7.4) and 
50 mM KCl at 24 °C. 
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Figure 2.10: One-dimensional proton NMR spectrum of Tautomerase II. This 
spectrum of Tautomerase II was collected in 20 mM potassium phosphate 
(pH 7.4) and 50 mM KCl at 24 °C 
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2.3.3 Crystal Structure of Tautomerase I 

The crystal structure of Tautomerase I was determined to confirm the multimeric state 

and offer atomic-level insight into the mechanism and/or substrate binding of the 

proposed substrates. Data processing of images from the best crystal, crystallized in 200 

mM tri-Ammonium Citrate and 10% PEG 3350, yielded a resolution to 1.57 Å spacings 

and conclusively established C2221 as the space group. (Table 2.1) The structure of 

Tautomerase I was solved using molecular replacement with the 4-oxalocrotonate 

tautomerase from Pseudomonas putida mt-2 as the search model (PDB entry 1BJP). (22) 

Tautomerase I has 41.9% sequence identity with this 4-oxalocrotonate tautomerase (PDB 

1BJP). The asymmetric unit consisted of three molecules (Chains A, B, & C), with a total 

of twenty-four molecules generated through symmetry operators in the orthorhombic unit 

cell. (Figure 2.11) Two complete hexamers are present within the unit cell confirming the 

hypothesized canonical multimeric state for a 4OT family member. At an electron density 

map level, σ, rmsd of ~1, the peptide backbone and all side chains had continuous 

electron density with a few exceptions. Gly61 on chains A and C, lacked electron density 

for the backbone carbonyl. Also, Arg62 of Chain A had significant gaps in electron 

density across the side chain. Lowering the σ cutoff to ~ 0.5, however, shows continuous, 

well-defined electron density for this residue. Furthermore, residues Lys35 and Glu36, on 

chain C, were the only other two residues lacking significant electron density on their 

side chains. Also of note, two residues had large B-factor values across all three chains, 

Gln25 and Arg39. These two residues also did not have electron density for their terminal 

side chain functional groups, the amide for Gln25 and the guanidinium group for Arg39. 

Figures 2.12 and 2.13 are examples of electron density for Tautomerase I. Ramachandran 

analysis of the final Tautomerase I structure identified 99.4% of residues in the most 

favored region and 0.6% in the allowed region. The three monomers in the asymmetric 
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unit superimpose, using the Secondary Structure Matching (SSM) function in Coot, with 

an average rmsd value of 0.29 Å (± 0.03 Å). (11) The SSM alignment function in Coot 

first matches the proteins’ secondary structure then performs an iterative alignment of the 

Cα atoms. (13) 

 

Table 2.1: Summary of the crystallographic and structural statistics for Tautomerase I. 
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Figure 2.11: Packing of Tautomerase I within the orthorhombic unit cell. Figure 
made in Chimera. 
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Figure 2.12: Two views of the electron density of the key active site residues in 
Tautomerase I. This electron density was displayed in PyMOL from a 
.map.ccp4 file generated from the refined .mtz file in CCP4 at a sigma level 
of 1.0. (7) 

!"#$%

&"'$$(%

)"*+,(%

&"'-.((%

/012"%

3456012%

!"#$%

&"'$$(%

)"*+,(%

&"'-.((%

/012"%

3456012%

  



 90 

 

 

 

 

 

Figure 2.13: Electron density of the hydrogen-bonding residues in the Tautomerase I 
active site. These residues are within 8 Å of Pro1 (Chain A). This electron 
density was displayed in PyMOL from a .map.ccp4 file generated from the 
refined .mtz file in CCP4 at a sigma level of 1.0. (7) 
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The structure of Tautomerase I exhibits the canonical structural elements of a 

tautomerase superfamily member. (Figure 2.14) First, the monomeric unit is comprised of 

the classic β-α-β fold. Beginning with Pro1, the first β-strand (β1) includes resides 

through Ile8, and is followed by a short loop of residues Glu8-Thr12. The first α-helix 

(α1) consists of the next eighteen residues, Glu13 through Val31, and connects to the first 

310 helical turn (310`) (residues Lys35-Asn37) by another loop (Gly32-Pro34). The second 

β-strand (β2) begins with Val38 in chain A, but in chains B and C it begins with Arg39. 

In all three chains, however, β2 ends with Val45. Proceeding β2 is the second 310 helical 

turn (310``) composed of residues Lys47-Asn49 and is directly followed by a third short β 

strand (β3) (residues Trp50-Ile52). The final secondary structural element, a second α-

helix (α2) (residues Ala57-Gly61), is connected to β3 by the last loop region (residues 

Gly53-Ser56). Within each monomer, α1 connects β1 and β2 in a parallel arrangement. 

Each monomer makes tertiary contacts with one other monomer through hydrophobic 

interactions between the α1 helices and β1 strands. These monomers within the dimer are 

oriented in an antiparallel fashion, and create a four stranded β-sheet with the two α 

helices along one side. (Figure 2.15) The quaternary structure of Tautomerase I clearly 

reveals the canonical hexamer comprised of a trimer of dimers. The quaternary contacts 

are stabilized by β3 of one monomer interacting anti-parallel with the β-sheet of an 

adjacent dimer. Also, the last loop region, Gly53-Ser56, and 310`` of one dimer associates 

with β2 and the 310` residues of adjacent dimer to further stabilize the hexamer. The core 

of the enzyme is made entirely of the three β-sheets, which are surrounded by the all six 

α1 helices. (Figure 2.16) The overall structure is representative of the α-β barrel motif. 
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Figure 2.14: Monomer structure of Tautomerase I. This figure highlights the 
secondary structural elements and the canonical tautomerase superfamily β-
α-β motif beginning with Pro1 (blue). Figure made in PyMOL. 
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Figure 2.15: Dimer of Tautomerase I. Figure depicts the main α-helical pair on one 
face of the four stranded β-sheet. Monomeric unit (yellow) and Pro1 (blue) 
are also featured. Figure made in PyMOL. 
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Figure 2.16: Top and side view of the Tautomerase I hexameric structure. The 
monomeric unit (yellow) and the six Pro1 (blue) are highlighted. Figure 
made in PyMOL. 
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2.3.3.1 The Active Sites of Tautomerase I  

Inspection of the Tautomerase I active site reveals many expected residues and 

also some notable nuances. Each active site includes the classic 4OT sub-family 1 

catalytic and substrate binding residues, each contributed by a different monomer: Pro1, 

Arg11 and Arg39 in addition to the key hydrophobic residue: Phe50. (Figure 2.17) In all 

the active sites, Pro1 is situated in the center of the active site and flanked by these two 

electropositive amino acids. Beyond these key residues, however, the orientation of these 

specific side chains and the presence of non-protein molecules with the active site led to 

the classification of two distinct active site types within the Tautomerase I. First, two of 

the six active sites coordinate a sulfate ion (Type I), which is less than 4 Å from the N-

terminal amine on Pro1 (chains A & F) and the side chains of Arg11 and Trp50 (chains A 

& F). (Figure 2.18) This active site also coordinates a water molecule within hydrogen 

bonding distance from the N-terminal nitrogen of Pro1. The other four active sites (Type 

II) also contain water molecules, but no sulfate ion. (Figure 2.19) Two of these four Type 

II active sites coordinate the water molecule through hydrogen bonding with the Asn37 

and Arg39 side chains (chains B & G). Whereas in the other two Type II active sites, the 

protein backbone atoms of Pro1 and Asn37 (chains C & H) are within hydrogen bonding 

distance to the water molecule. The SSM alignment of the Type I and Type II active sites 

identified two other striking differences. (Figure 2.20) All four Type II active sites show 

the side chain of Arg62 (Chains B, C, G, & H) directed toward the center of the active 

site and the guanidinium group making various hydrogen bonding interactions. The 

respective Arg62 side chain, for the Type I active site (Chains A & F), however, is 

solvent exposed and the C-terminal carboxylic acid group is oriented toward the active 

site. As stated above, the side chain of Arg62 in Chains A and F did not have continuous 

side chain electron density, however the C-terminal electron density suggests that this is 
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the correct position for this residue. The other main variance between the Type I and 

Type II active sites is the side chain shift of Trp50. (Figure 2.21) In the Type II active 

sites the indole ring of Trp50 are rotated closer Pro1 that those in the Type I active site. 

The ζ carbon of Trp50 in the Type II active site is 5.03 Å from the amine nitrogen of 

Pro1, where as the zeta carbon of Trp50 in Type I active site is 7.07 Å from the same 

atom of Pro1. In summary, the active sites of Tautomerase I not only include the 

canonical 4OT sub-family 1 active site residues, but also a series of notable distinctions.   

 

 

 

Figure 2.17: Structural alignment of the type I and II active sites of Tautomerase I. This 
figure displays the canonical substrate binding and catalytic residues of first 
4OT subfamily. The Chains A and B were first aligned in Coot, using SSM, 
and then displayed in PyMOL. (11) Figure made in PyMOL. 
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Figure 2.18: Type I active site of Tautomerase I. At the center of the type I active site 
was well-ordered density for a sulfate molecule and an oxygen atom from a 
water. Figure made in PyMOL. 
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Figure 2.19: Type II active site of Tautomerase I. No sulfate molecule detected in the 
Type II active site, only one well-ordered oxygen. Figure made in PyMOL 
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Figure 2.20: Type I and II active site alignment of Tautomerase I emphasizing the side 
chains of Arg62 and Phe50. Chains A and B of Tautomerase I were first 
aligned in Coot, using SSM, and then displayed in PyMOL. (11) Figure 
made in PyMOL. 
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Figure 2.21: Rotation of the tryptophan ring between the two active site types of 
Tautomerase I. Chains A and B were first aligned in Coot, using SSM, and 
then displayed in PyMOL. (11) Figure made in PyMOL. 
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2.3.3.2 Structural Comparison of Tautomerase I with 4OT  

Structural comparison between Tautomerase I and the archetype 4OT (PDB ID: 

1OTF) from Pseudomonas sp. CF600 calls attention to key similarities and differences.4 

(21) These two enzymes share 50.8% sequence identity and superimpose, using SSM, 

with an average rmsd of 0.99 Å. The alignment of these enzymes shows the overall fold 

is highly conserved, with the only difference in secondary structure being the absence of 

α2 in 4OT. (Figure 2.22) This is not surprising considering that the residues making the 

essential secondary, tertiary and quaternary interactions are conserved either in regard to 

exact amino acid conservation or with the same type of amino acid polarity. (Figure 2.23) 

Inspection of the active site also shows a conservation of most residues with respect to 

the exact residue or polarity of the residue. Still, any differences could implicate substrate 

and/or mechanistic differences. (Figure 2.24) First, the 4OT active site contains more 

electrostatic charged groups than Tautomerase I. Of note, the side chains of Asp32, 

Glu55, Lys59, and Arg37 in 4OT orient toward the active site core and create a highly 

charged region. Whereas in Tautomerase I the corresponding residues Gly32, Val55, 

Ala59, and Asn37, are all smaller and either hydrophobic or neutral compared to their 

4OT counterparts. Another notable difference between the active sites of Tautomerase I 

and 4OT is the presence of numerous cyclic aromatic residues in Tautomerase I. Here, 

Phe2, Trp41, and Trp50 surround Pro1 and not only add considerable bulk to the active 

site, but also provide a π electron-rich area. In contrast, the corresponding 4OT residues 

are Ile2, Leu41, and Phe50. Furthermore, the 4OT residues Arg37 (Asn37 in Taut. I), 

Lys47 (Lys47 on Taut. I), and Lys59 (Ala59 on Taut. I) add considerable electron density 

proximal to the 4OT active site and appear to hinder entrance to the active site. On the 

                                                
4 The 4OT homologue from Pseudomonas putida mt-2 is not discussed in this 
dissertation because it is so similar to Pseudomonas sp. CF600. 
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other hand, these residues are solvent exposed and likely flexible in solution, enabling 

them to “open” and increase access to the active site. Moreover, subsequent closure could 

confer additional substrate binding specificity, as these residues in 4OT would be capable 

of extensive hydrogen bonding interactions. All in all, subtle, yet potentially important 

distinctions exist within the Tautomerase I active site. 

 

 

Figure 2.22: Structural alignment of Tautomerase I and 4OT. (PDB 1OTF) The 
structures were first aligned in Coot, using SSM, and then displayed in 
PyMOL. (11) Figure made in PyMOL. 
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Figure 2.23: Key active site residue alignment of 4OT and Tautomerase I. The structures 
were first aligned in Coot, using SSM, and then displayed in PyMOL. (11) 
4OT structure fetched from PDB id: 1OTF. Figure made in PyMOL 
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Figure 2.24: Active site distinctions between 4OT and Tautomerase I. These surface 
views are captured from the same angle after alignment of the two 
structures. The structures were first aligned in Coot, using SSM, and then 
displayed in PyMOL. (11) 4OT structure fetched from PDB id: 1OTF 
Figure made in PyMOL. 

 

 

 

 

!"#$%&

!"#'(&
)
*+
,(
&

-*./&!"#'(&

-*./&

01
2
3&
&

45
67
4.
89
#&

!"#$%&'(")'*+* ,-!*

 



 105 

2.3.4 Crystal Structure of Tautomerase II 

The Tautomerase II crystals, grown in 4.3 M sodium formate, diffracted to a 

resolution of 1.64 Å. After processing the diffracted images, the space group P6322, was 

determined conclusively within the hexagonal unit cell. (Table 2.2) Molecular 

replacement, using the 4OT structure from Pseudomonas sp. CF600 (PDB entry 1OTF) 

as the input model, was used to solve the structure. (21) This solution yielded two 

molecules in the asymmetric unit (Chain A and B) and the application of symmetry 

operators results in twenty-four molecules in the unit cell. (Figure 2.25) Model building 

was performed in Coot and the resulting structure was refined using REFMAC5 in CCP4i 

suite. Well-ordered electron density, at an rmsd σ level of ~1 in both the !! – !!  and 2!! – 

!!, was observed for all protein backbone and side chain atoms up to residue Gln61 of 

chain A, which had electron density for the peptide carbonyl and down to the Cβ of the 

Gln61 side chain. Chain B, on the other hand, showed continuous electron density 

through the amide nitrogen of Ala64. Figures 2.25 and 2.26 are examples of refined 

electron density maps for Tautomerase II. Chains A and B superimpose with an rmsd of 

0.29 Å, using SSM in Coot. Assessment of the phi and psi angles from the Ramachandran 

plot showed 100% of the residues in the most favored regions.  

The secondary, tertiary and quaternary structural elements confirm that 

Tautomerase II is a member of the 4OT family. As a monomer, Tautomerase II exhibits 

the β-α-β fold, with Pro1 at the start of β1. (Figure 2.28) The first β -strand (β1) runs 

through Ile8 and is followed by the loop segment Glu9-Thr12. The major α helix (α1) 

consists of nineteen residues (Val13-Leu31) and connects to the second major β strand 

(β2) (Arg39-Leu45) through a short loop (Asp32-Arg34) and a 310 helical turn (310`) 

(Pro35-Gln37), Gly46-His49 is disordered and leads to a short β strand  
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Table 2.2: Summary of the crystallographic and structural statistics for Tautomerase II. 
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Figure 2.25: Hexagonal unit cell showing all twenty-four molecules of Tautomerase 
II. Figure made in Chimera. 
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Figure 2.26: Sample electron density map of Tautomerase II active site. The polar groups 
within 8 Å of Pro1 (Chain B) are highlighted. This electron density was 
displayed in PyMOL from a .map.ccp4 file generated from the refined .mtz 
file in CCP4 at a sigma level of 1.0. (7) 
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Figure 2.27: Electron density map of the 4OT archetype active site residues within 
Tautomerase II. The figure shows the electron density for canonical catalytic 
and substrate binding residues and ordered water molecules surrounding 
Pro1 (Chain B). This electron density was displayed in PyMOL from a 
.map.ccp4 file generated from the refined .mtz file in CCP4 at a sigma level 
of 1.0. (7) 
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Figure 2.28: Monomer structure of Tautomerase II. This figure highlights the 
secondary structural elements and the canonical tautomerase superfamily β-
α-β building block beginning with Pro1 (pink). Figure made in PyMOL. 
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(β3) (Phe50-Val52), which is followed by another loop (Ala53-The56). The final 

residues, Ala57-Arg60 (Chain A) and Ala57-Ala63 (Chain B), form the final α helix 

(α2).    

The overall structure of Tautomerase II represents the canonical trimer of dimers 

with a classic α-β barrel motif. (Figure 2.30) In each monomer, the tertiary fold is 

achieved through a parallel hydrogen-bonding pattern between β1 and β2. (Figure 2.28) 

Furthermore, the α1 helix associates on one face of this sheet through hydrophobic 

interactions. The dimeric interface consists of a further hydrogen bond network, where 

the two stranded parallel β-sheets of each monomer align anti-parallel to one another and 

create a four-stranded β-sheet. (Figure 2.29) Also the α1 helix aligns anti-parallel with 

other monomer’s α1 helix through hydrophobic contacts on the same face of the four-

stranded β-sheet. Next, the formation of the quaternary structure, a trimer of dimers, is 

driven by the strongly hydrophobic nature of the β-sheets, creating a protein core made 

entirely of β-strands. The six α1 helices surround the hydrophobic core and complete the 

classic α-β barrel motif. The shorter secondary structural elements make a few important 

stabilizing quaternary contacts between the dimers. The backbone carbonyl of Val38, 

which immediately precedes the 310` turn, hydrogen bonds with the amide hydrogen of 

Ala53 from the adjacent dimer. Also, the backbone amide hydrogen and carbonyl oxygen 

of Gly54, in the loop region of one dimer, hydrogen bonds with the side chain of Thr24 

and amide hydrogen of Ala21, in the α1 helix of the adjacent monomer. Lastly, the 

residues Phe50-Val52 of β3, hydrogen bond anti-parallel to the four-stranded β-sheet 

formed by the adjacent dimer; thus creating a five-stranded β-sheet. The hydrophobic 

core coupled with these stabilizing hydrogen bonds drives formation of the quaternary 

structure and thus the construction of the active sites.  
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Figure 2.29: Dimer of Tautomerase II. Figure depicts the main α-helical pair on one 
face of the four-stranded β-sheet. Monomeric unit (yellow) and Pro1 (pink) 
are also featured. Figure made in PyMOL. 
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Figure 2.30: Top and side view of the Tautomerase II hexameric structure. The 
monomeric unit (yellow) and the six Pro1 (pink) are highlighted. Figures 
were prepared in PyMOL. 

 

 

!"#$%&#%$'!()!#*%#(+'$*,'!--!

 



 114 

2.3.4.1 The Active Sites of Tautomerase II  

The six active sites of Tautomerase II have the canonical catalytic and substrate 

binding residues found in all 4OT sub-family 1 members. The main catalytic residue, 

Pro1, resides in the core of the active site and the two key arginine residues, Arg11 and 

Arg39, flank Pro1 within 8 Å (the length of 2-hydroxymuconate, the benzene 

metabolite). (Figure 2.31) Three separate monomers are responsible for these three 

residues coming together, i.e. Pro1 (chain A), Arg11 (chain B) and Arg39 (chain D) 

constitute one of the six active sites. Also, the Pro1 amine is approximately 6.72 Å from 

the ζ carbon in the side chain of Phe50, the key residue responsible for maintaining the 

N-terminal pKa of ~ 6.4 in 4OT. The only significant difference between the respective 

active sites of the monomers in the asymmetric unit lies with the electron density near 

Pro1. The active site with Pro1 from Chain A coordinates only one water but a sizable, 

well-ordered electron density cloud curving toward the amine nitrogen could easily fit a 

formate ion, a component of the crystallization condition. The second chain in the 

asymmetric site, chain B, has four water molecules within the core of the active site. 

These waters cause the side chain guanidinium groups of Arg11 and Arg60 to angle 

toward the chain B Pro1. 
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Figure 2.31: Tautomerase II active site displaying the canonical substrate binding and 
catalytic residues. Figure made in PyMOL. 
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2.3.4.2 Structural Comparison of Tautomerase II with 4OT  

Detailed comparison of Tautomerase II with the canonical tautomerase, 4OT, 

shows several distinctions at the molecular level. Although Tautomerase II is 13 % longer 

(8 residues) and shares only 38 % sequence identity with 4OT, their structures align using 

SSM with an average rmsd of 0.96 Å. As such, the tertiary contacts and overall 

quaternary fold are highly conserved. (Figure 2.32) The primary difference between these 

two structures lies in the short secondary elements. Tautomerase II lacks the second 310 

helical turn of 4OT, which connects β2 to β3. These residues are disordered in 

Tautomerase II. 4OT, on the other hand, does not have the second α helix (α2) present in 

Tautomerase II. However, this may be attributed to a lack of electron density in 4OT for 

these residues, which were omitted from the final PDB structure. The high conservation 

of the overall fold confers a high degree of conservation in the active site as well. (Figure 

2.33) The notable differences, however, are all charged residues within the active site. 

(Figure 2.34) Comparison of the surface views shows the opening to the 4OT active site 

hindered by Arg37 and Lys47. In Tautomerase II, these residues correspond to uncharged 

residues: Gln37 and Val47. While the Gln37 side chain aligns with that of Arg37, this 

residue’s side chain is much smaller and thus does not cause the same steric hindrance. 

However, additional positive charge, near Gln37 in Tautomerase II, is conferred by 

Arg34 (Pro34 in 4OT), whose side chain is oriented towards the active site. However the 

Val47 side chain is oriented away from the active site and thus does not contribute any 

steric interference or charge to the active site. Another difference between these two sites 

lies near the core of the active site where Met45 in 4OT is replaced by a leucine in 

Tautomerase II. This residue is ~ 5 Å from Phe50 and ~8 Å from Pro1, and could 

therefore contribute to the hydrophobic environment near the amine of Pro1. Finally, the 

position of Arg60 in Tautomerase II is notable. While many structurally characterized 
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4OT homologues have an arginine as the C-terminal residue, the sequence alignment of 

Tautomerase II with these enzymes places an Ala62 at this spot. (Figure2.37) The 

structure of Tautomerase II, however, shows Arg60 in the same spot as Lys59 (4OT) with 

the guanidinium group oriented towards Pro1 at a distance of 8.4 Å.  These differences, 

taken together, could account for any nuances in catalysis and/or substrate binding. 

 

 

 

 

Figure 2.32: Structural alignment of Tautomerase II and 4OT. The structures were first 
aligned in Coot, using SSM, and then displayed in PyMOL. (11) 4OT 
structure fetched from PDB id: 1OTF Figure was made in PyMOL. 
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Figure 2.33: Active site residue alignment of 4OT and Tautomerase II.  The structures 
were first aligned in Coot, using SSM, and then displayed in PyMOL. (11) 
The side chains of the important substrate binding and catalytic residues are 
emphasized. 4OT structure PDB file: 1OTF. Figure was made in PyMOL. 
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Figure 2.34: Active site distinction of 4OT and Tautomerase II. The structures were first 
aligned in Coot, using SSM, and then displayed in PyMOL. (11) These 
surface views are captured from the same angle after alignment of the two 
structures. 4OT structure PDB file: 1OTF. Figures were prepared in 
PyMOL. 
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2.3.5 Structural Comparison of Tautomerase I and Tautomerase II with the 
Structurally and Kinetically Characterized 4OT Sub-Family 1 Members 

As mentioned in the introduction, three members of the 4OT sub-family 1 group 

have been kinetically and structurally characterized. In addition to the 4OT from 

Pseudomonas sp. CF600, the heterohexamer (hh-4OT) from Chloroflexus aurantiacus 

(PDB ID: 3MB2) and the homolog TomN from Streptomyces achromogenes (S. 

achromogenes) (PDB ID: 3RY0) also have been studied. (4, 5, 21, 22) Comparison of all 

five structures, 4OT, hh-4OT, TomN, Tautomerase I and Tautomerase II yields further 

structural insight into this enzyme sub-family. Although these enzymes have low 

sequence identity, the alignment of these five structures shows a remarkably high degree 

of secondary, tertiary and quaternary structure conservation (Figure 2.35) In the SSM 

alignment of the A chain from all five enzymes, and using Chain A of 4OT as the 

reference structure, the average rmsd for all structures was under 1 Å. Consequently, the 

α-β barrel motif is preserved through the formation of the hexamer comprised of the 

trimer of dimers, enabling the formation of six active sites. Furthermore, the positions of 

the Pro1, Arg11, Arg39 and Phe/Trp50 side chains align extremely well throughout all 

five structures. (Figure 2.36) While the alignment of these key catalytic and substrate 

binding residues highlights their importance, further inspection of the aligned active sites 

exposes several intriguing observations. First, several additional residues were identified 

that could contribute to the hydrophobic pocket surrounding Pro1. In all the structures, a 

leucine, isoleucine, or phenylalanine directly follows Pro1 in the primary sequence. 

(Figure 2.37) The side chains of these residues all serve form a backdrop for the active 

site located distal to the amine of Pro1. Additionally, residue positions thirty-one,  
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Figure 2.35: Structural alignment of the 4OT subfamily-1 members. The structures were 
first aligned in Coot, using SSM, and then displayed in PyMOL. (11) PDB 
accession ids: 4OT (1OTF), hh-4OT (3MB2) and TomN (3RY0) Figures 
were made in PyMOL. 
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Figure 2.36: Canonical active site residue alignments of the 4OT subfamily-1 members. 
The structures were first aligned in Coot, using SSM, and then displayed in 
PyMOL. (11). PDB accession ids: 4OT (1OTF), hh-4OT (3MB2) and 
TomN (3RY0) Figure was made in PyMOL. 
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Figure 2.37: Sequence alignment of 4OT sub-family 1 members with Tautomerase I and 
Tautomerase II.  The members of the first 4OT sub-family aligned here are: 
the 4OT from Pseudomonas sp. CF600 (1OTF), the heterohexamer (hh-
4OT) from Chloroflexus aurantiacus (PDB ID: 3MB2) and the homolog 
TomN from Streptomyces achromogenes (S. achromogenes) (PDB ID: 
3RY0). Since the hh-4OT has two separate chains they are both aligned, 
where ‘*’ is Chain A and ‘**’ signifies Chain B.  The archetype residues for 
the 4OT subfamily 1, Pro1, Arg11, Arg39, and Trp/Phe50 are highlighted in 
red. Conserved hydrophobic residues are in blue, conserved charged 
residues are in yellow, and the conserved polar, uncharged residues are in 
green. Conserved in this alignment constitutes a minimum of 83% polarity 
identity. The secondary structural elements are portrayed about the sequence 
and are in agreement with the majority of 4OT enzymes alignment. The 
gene names for Tautomerase I: Mpe_A2265, and for Tautomerase II: 
Mpe_A3323. The sequences were aligned in BLAST (2) 

 
 
 
M. petrol.(Taut.I)    PFAQIYLIEGRTEEQKRAVIEKVTQAMMEAVGAPKEN 
M. petrol.(Taut.II)   PIIQMNLLEGRTVEQKRNAVAAITEAVVRTLDVRPDQ 
P. CF600(4OT)         PIAQLYIIEGRTDEQKETLIRQVSEAMANSLDAPLER 
S. achrom.(TomN)      PLIRVTLLEGRSPQEVAALGEALTAAAHETLGTPVEA 
C. aurant.(hh-4OT)*   PMLEVFYSGDRPPDRTRKQAFAAEASAIFQRVIGTPP 
C. aurant.(hh-4OT)** MLLLRITMLEGRSTEQKAELARALSAAAAAAFDVPLAE  
 
  
 
  
M. petrol.(Taut.I)    VRVWIHDVPKENWGIGGVSAKALGR--------      
M. petrol.(Taut.II)   VRILINELGVEHFSVAGQTAAMRQAAAANAKDL-  
P. CF600(4OT)         VRVLITEMPKNHFGIGGEPASKVRR---------   
S. achrom.(TomN)      VRVIVEETPPERWFVGGRSVAERRASPS------   
C. aurant.(hh-4OT)*   GRLQLIIQIVSPENTLAVIDLDRPDSDTTAEPDQQQ    
C. aurant.(hh-4OT)**  VRLIIQEVPPTHWTVGGISMAELRQQASTSTQGQ 
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thirty-three and thirty-eight are all conserved hydrophobic residues within 4 Å of Pro1. 

Position forty-five has also been previously identified as an important hydrophobic active 

site residue. Interestingly, only 4OT has a methionine at this position, whereas in 

Tautomerase II and hh-4OT this residue is a valine, in Tautomerase I it is a leucine and in 

TomN this residue is a threonine. This residue is particularly notable when comparing 

enzymes with a Trp50 versus those with a Phe50. In the enzymes with a Trp50 (TomN, 

Tautomerase I and hh-4OT), the bulk of this side chain is accommodated by smaller side 

chain from Val45 (Tautomerase I and hh-4OT) or Thr45 (TomN). In Tautomerase I and 

4OT, which both have a Phe50, the larger side chains of Leu45 or Met45, respectively, 

fill the additional space. Additionally, residue thirty-seven is situated across part of the 

active site opening and within 4 Å of Pro1 in all structures, except TomN. Notably, this 

residue is only conserved with respect to polarity. In 4OT this residue is Arg37, for 

Tautomerase I it is Asn37, Tautomerase II has Gln37, and in hh-4OT this residue is 

Glu37. In the 4OT structure Arg37 juts out into the active site more so than any of the 

other residues at the same position. Moreover, Tautomerase I, Tautomerase II and TomN 

all also have uniquely positioned arginines. (Figure 2.38) In Tautomerase II, Arg34, a 

proline in all other structures, protrudes across the opening of the active site. Arg62 in 

Tautomerase I, on the other hand, crosses over the opposite side of the active site. For 

TomN, Arg61 precludes part of active site. No unique arginine, let alone an additional, 

uniquely positioned amino acid, could be identified as blocking the active site for hh-

4OT. All in all, a myriad of other distinctions exist in all five structures, but the 

similarities and differences noted here are seen in all the structures. Nevertheless, the 

case-by-case differences are important and could offer insight into the kinetic differences 

amongst these enzymes.  
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Figure 2.38: Unique arginines of 4OT, TomN, Tautomerase I and Tautomerase II. To 
obtain each image, the structures were first aligned in Coot, and then 
displayed in PyMOL. (11) The surface view images are all captured from 
the same angle. PDB accession ids: 4OT (1OTF), hh-4OT (3MB2) and 
TomN (3RY0). 
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2.3.6 Structural Comparison of Tautomerase I and Tautomerase II 

The high-resolution structures of Tautomerase I and II, 1.57 Å and 1.64 Å, 

respectively, offer the opportunity for a detailed comparison of these isozymes. Although 

these enzymes are present in the same organism, they share only 34.5% sequence identity 

yet superimposing their structures results in a strikingly small rmsd of 0.78 Å. As such, it 

isn’t surprising that the secondary, tertiary and quaternary structural elements are nearly 

identical. (Figure 2.39) The monomeric β-α-β scaffold enables the formation of the 

dimeric subunit, where two monomers align anti-parallel to form a four-stranded β-sheet 

with the two α1 helices interacting on one side of the β-sheet. Formation of the 

quaternary structure, a trimer of dimers, where the β-sheets constitute the core of the 

enzyme and the α1 helices forming the perimeter, is facilitated through the conserved C-

terminal-most structural elements: a three residue β-strand and second α-helix; both of 

which extend over to the adjacent dimer and making contacts with β2, the 310` helix, and 

α1. Among these elements, the only difference is the absence of a second 310 helical turn 

in Tautomerase II, the corresponding region is completely unstructured in this protein. 

Thorough examination of the active site and non-conserved residues reveals a few 

potentially significant differences between these two enzymes. First, inspection of the 

known catalytic and substrate binding residues shows the side-chain positions and 

orientations of Pro1, Arg11, Arg39, and Phe50 are conserved. (Figure 2.40) Among these 

two arginine residues, the guanidinium groups are tilted slightly in different directions, 

primarily due to coordination with different active site water molecules. The principal 

residue responsible for maintaining the hydrophobic environment near Pro1, the 

conserved phenylalanine, is a tryptophan in Tautomerase I. While these residues Phe50 

(Tautomerase II) and Trp50 (Tautomerase I), are in the same general positions, the 

tryptophan residue side chain is oriented differently depending on the ion or solvent in  
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Figure 2.39: Structural alignment of Tautomerase I and II. The structures were first 
aligned in Coot, using SSM, and then displayed in PyMOL. (11) Figures 
were prepared in PyMOL. 
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Figure 2.40: Canonical active site residue alignments Tautomerase I and II. Tautomerase 
I is pink and Tautomerase II is blue. The structures were first aligned in 
Coot, using SSM, and then displayed in PyMOL. (11) Figure was made in 
PyMOL 
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the active site. When a sulfate ion occupies the active site of Tautomerase I, the Trp50 

and corresponding phenylalanine in Tautomerase II, are well aligned. When a water 

molecule takes the place of the sulfate ion, as in Tautomerase I, the hexene ring on 

tryptophan rotates toward the core of the active site towards the N-terminal proline. 

Further assessment of the hydrophobic residues surrounding the Tautomerase I Pro1 

residue reveals an extensive network of aromatic amino acids that crowd the core of the 

active site. (Figure 2.41) Of these residues, Trp50, Trp41, Phe2 and Try6 in Tautomerase 

I, only one is aromatic in Tautomerase II, Phe50, where as the other three are smaller, but 

retain the same polarity, Leu41, Ile2 and Asn6. Tautomerase II, on the other hand, does 

have one more bulky hydrophobic amino acid near the N-terminal proline, Leu45, than 

Tautomerase I. In Tautomerase I, the corresponding residue Val45, is also hydrophobic, 

just smaller than a leucine. Next, an appraisal of the electrostatics near the active site 

shows distinctive residues between the two enzymes. (Figure 2.42) In Tautomerase II, 

Arg34 and Gln37 add considerable hydrogen bonding opportunities over the active site 

opening compared to Tautomerase I, where these residues are Pro33 and Asn36. In the 

Tautomerase I active site, Arg62 makes a significant contribution to the electrostatics that 

is not seen in Tautomerase II, as this residue is an alanine. However, just like the 

comparison of Tautomerase II with 4OT, Arg60 of Tautomerase II orients toward the 

active site core and is closer to Pro1 than Arg62 in Tautomerase I. Lastly, two more 

differences were gleaned from the sequence alignment and structural assessment. (Figure 

2.43) First, the residue Lys47 in Tautomerase I is a valine in Tautomerase II and is 

located ~13 Å from Pro1. Lys47, however, is located on a loop connecting β2 to β3, 

conferring significant flexibility to the side chain with the potential to rotate toward Pro1 

and into the core of the active site. The other difference is also the only electronegative 

deviation near the active site. This residue in Tautomerase II is Asp32 (Gly32 in 
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Tautomerase I) and is also located on a loop. This loop connects α1 with 310`` and while 

its backbone carbonyl lies closer to Pro1, this carboxylate side chain is ~12 Å from the 

N-terminal amine and could rotate closer to Pro1 in solution. Although the structures of 

Tautomerase I and Tautomerase II are highly conserved, the molecular-level distinctions 

within each active site could indicate potential substrate preferences and/or alterations of 

the catalytic mechanism. 

 

 

 

Figure 2.41: Active site distinction between Tautomerase I and II. The aromatic 
hydrophobic network of Tautomerase I is compared with the corresponding 
residues of Tautomerase II. The structures were first aligned in Coot, using 
SSM, and then displayed in PyMOL. (11) Figure was made in PyMOL. 
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Figure 2.42: Surface view comparison Tautomerase I and II. The structures were first 
aligned in Coot, using SSM, and then displayed in PyMOL. (11) The surface 
view images are all captured from the same angle. Figure made in PyMOL. 
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Figure 2.43: Primary sequence alignment of Tautomerase I and II. The conserved 
residues amongst the two sequences are boxed in red and highlight the low 
sequence identity between these two enzymes. The corresponding secondary 
structural elements are displayed about the alignment. The gene names for 
Tautomerase I: Mpe_A2265, and for Tautomerase II: Mpe_A3323. 
Alignment was performed using BLAST. (2) 

 

 

 

 

 

 

 

 

 

Taut. I  PFAQIYLIEGRTEEQKRAVIEKVTQAMMEAVGAPKENVRVWIHDVPKENWGIGGVSAKALGR--------  
Taut. II PIIQMNLLEGRTVEQKRNAVAAITEAVVRTLDVRPDQVRILINELGVEHFSVAGQTAAMRQAAAANAKDL   
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2.4 DISCUSSION 

In the course of this research, guided by the hypothesis that the putative 

tautomerase enzymes of Methylibium petroleiphilum have developed differing substrate 

preferences, the crystallographic structures were determined not only to confirm 

Tautomerase I and II as 4OT family members, but also to uncover any active site 

differences that might support to the hypothesis. Moreover, comparison of the 

Tautomerase I and II structures with the other structurally and kinetically characterized 

4OT sub-family 1 enzymes; the canonical 4OT from Pseudomonas sp. CF600, the 

heterohexamer, hh-4OT, from Chloroflexus aurantiacus, and TomN from Streptomyces 

achromogenes, offered deeper insights into the active sites of this class of enzyme. First, 

the signature β-α-β fold initiated with the N-terminal proline verifies Tautomerase I and 

II as members of the tautomerase superfamily. The global fold of both Tautomerase I and 

II is representative of the α-β barrel motif and has high degree of structural homology 

with 4OT, hh-4OT, and TomN as verified, upon SSM alignment, by the low average 

rmsd. Furthermore, the positions of the essential catalytic and substrate binding residue’s 

side chains are conserved in both the Tautomerase I and II structures and place these 

enzymes within the first 4OT sub-family. The combination of conserved structural 

elements together with the correct arrangement of catalytic and substrate binding residues 

strongly suggests Tautomerase I and II function as tautomerases with mechanisms 

analogous to that of 4OT with the benzene metabolite, 2-hydroxymuconate. Where, the 

N-terminal amine of Pro1 functions as a general base, becoming protonated after 

attacking the C2 hydroxyl proton and causing an allylic rearrangement stabilized by 

Arg11 and Arg39 interacting with the C1 and C6 carboxylate ions, respectively. Finally, 

protonation at C5 position re-generates the catalytic residue Pro1. As the side chains of 

both Phe50 in Tautomerase II, and Trp50 in Tautomerase I, are in essentially the same 



 134 

orientation as observed for 4OT, hh-4OT and TomN, the altered pKa of the N-terminal 

amine on Pro1 is also likely conserved. Upon comparison of all five structures, it is likely 

that residues at positions two (Ile, Leu, & Phe), seven (Leu, Ile, Met), twenty-seven (Ala, 

Met, Val), thirty-one (Leu, Val, Phe), thirty-three (Ala, Val, Thr) and thirty-eight (Val) 

also contribute to the creation of the required hydrophobic environment around Pro1. 

Moreover, the structural alignment of 4OT, Tautomerase I, Tautomerase II and TomN all 

showed that each enzyme possessed an additional arginine, not previously appreciated. 

This residue was situated either across the opening or directed toward the core of the 

active site. As the position of this additional residue varies in each enzyme, it could play 

a significant role in either binding or catalysis. Furthermore, the differing hydrophilic 

residues at position thirty-seven, also oriented across the active site, could contribute to 

substrate binding specificity as well as to catalytic difference amongst the enzymes. In 

summary, the structural homology of the quaternary structure and key catalytic active site 

residues for both Tautomerase I and II clearly establishes both enzymes as members of 

4OT sub-family 1 within the tautomerase superfamily. Furthermore, the addition of 

structural data to the 4OT family of enzymes allowed the identification of hydrophobic 

residues that could potentially aid in the unique pKa needed for Pro1 to carry out 

catalysis. This structural data also enabled the recognition of the unique arginine residues 

oriented either above or toward the active site. These arginines could play a role in 

substrate preferences, aid in the overall conserved tautomerization mechanism, or enable 

catalysis of a different mechanism.  

While the similarities amongst the enzymes within the 4OT sub-family 1 

structures are interesting, the few distinct differences amongst their active sites are likely 

responsible for their differences in substrate preference and catalytic efficiency, or could 

contribute to novel catalytic mechanisms. The network of aromatic amino acids 
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surrounding Pro1 is not only unique to Tautomerase I, but also could lead to a higher 

binding or substrate preference for highly conjugated substrates as they would have the 

potential for extensive π stacking stabilization. On the other hand, these bulky amino acid 

side chains could inhibit access and movement of the substrate within the active site, 

leading to fewer binding events or less efficient catalysis. Furthermore for Tautomerase I, 

the only other notable active residue is Lys47, which is a conserved hydrophobic residue 

in all the other enzymes discussed here except 4OT. The long side chain of this residue 

coupled with its location within a loop, suggests the potential of contributing to substrate 

specificity. In the case of Tautomerase II, three residues oriented toward the active site 

add additional electropositive and electronegative charges not seen in Tautomerase I: 

Arg34, Asp32, and Gln37. Again, these residues could support substrate binding, more 

likely a substrate with additional carboxylate ion than the two on 2-hydroxymuconate. 

The presence of the electronegative aspartic acid, Asp32, however, may disrupt any 

binding of canonical substrates, as the Asp32 carboxylate group would repel the 

incoming substrate through charge-charge repulsion. Although substrates with 

electropositive groups have not been suggested for the 4OT enzymes, it is possible that 

such a substrate is possible as the 4OT enzymes have proven to be catalytically 

promiscuous, and the aromatic compounds entering the catechol fission pathway could 

possess a myriad of other functional group substitutions.  The distinctions described here 

for Tautomerase I and II, could shed light on any potential substrate preferences or 

catalytic differences discovered during the kinetic analysis of the proposed BTEX 

substrates. 
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Chapter 3: Enzymatic Characterization of Tautomerase I and 
Tautomerase II 

Enzyme kinetics provides another powerful tool for characterizing proteins at the 

molecular-level. This method quantifies the catalytic efficiency an enzyme has towards a 

specific compound, or substrate. This chapter details the kinetic evaluation of 

Tautomerase I and II with two proposed substrates: the benzene and toluene metabolites. 

As set forth in the hypothesis, testing these substrates could offer valuable insights into 

the substrate preference and/or catalytic mechanism of these putative enzymes, and thus 

further supporting the investigation of Methylibium petroleiphilum’s catabolism of 

aromatic hydrocarbons.  

 

3.1 INTRODUCTION TO ENZYME KINETICS 

Enzyme kinetics is the study of how biomolecules increase the rate of a chemical 

reaction without altering the equilibrium. Enzymes, therefore, are biological catalysts. 

These biomolecules can consist either of amino acids or RNA in the form of enzymes or 

ribozymes, respectively. While ribozymes catalyze a number of biologically important 

reactions, the functional group diversity of the twenty essential amino acids offers a 

wider variety of catalytic mechanisms and substrate recognition methods. As such, the 

focus of this chapter will be on protein enzymes. Enzymes increase the rate of reaction by 

binding and stabilizing the substrate’s transition state in a region of the enzyme called the 

active site. Enzymologists endeavor to quantitatively define these rates, as well as other 

kinetic parameters, to facilitate the delineation of mechanisms, determine how activity is 

controlled, including the identification and characterization of inhibitors and allosteric 

modulators, and to ascertain the enzyme’s metabolic role within the cell. While there are 
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many facets to enzyme kinetics, this brief introduction will cover the concepts relevant to 

the steady-state enzymatic analysis of Tautomerase I and II. 

 

3.1.1 Sample Preparation and Experimental Design 

In a typical steady-state enzyme assay, a series of varying substrate concentrations 

are added to a purified enzyme, and a unique property of the substrate or product, such as 

a change in fluorescence, is monitored over time. Before performing the assay, however, 

considerable time is spent preparing a sample of enzyme, a sample of substrate, and 

designing a successful experiment. Just as with protein structure determination, the 

preparation of an appropriate enzyme sample is often the bottleneck of kinetic 

characterization. Although high enzyme concentrations are not required, the enzyme 

sample must be greater than 95% pure to proceed. Sample purity is of utmost importance, 

as the presence of impurities can destructively contribute to the results. The enzymes are 

usually recombinantly expressed and purified by a myriad of chromatography techniques. 

A feature of purifying a protein enzyme, as opposed to a non-catalytic protein, is that the 

samples can be evaluated kinetically at each stage to ensure purification of the correct 

enzyme. A caveat of this, however, is that a specific assay is needed. As such, it is helpful 

if the enzyme assay is designed prior to enzyme purification.  

The following entails an overview of a few enzyme assay experimental design 

considerations. To begin, a method for monitoring the rate of substrate consumption 

and/or production formation is needed. The best enzyme assays monitor a unique spectral 

property of the reaction, typically through either UV absorbance or fluorescent emission. 

For example, many enzymes utilize the redox property of NADH to carry out catalysis, 

and while NADH emits fluorescence at 460 nm, upon excitation at 330 nm, its oxidized 
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form, NAD+, does not fluoresce at any wavelength. As such, monitoring either the 

production or consumption of NADH at 460 nm is a powerful and specific probe of the 

enzyme of interest’s rates. (5) If the enzyme does not use such a molecule, then ideally 

either the product or substrate will possess a specific spectral property. If the product and 

substrate have overlapping spectra, however, a fluorescent dye can be added to monitor 

the reaction. In any case, determining the molecular probe; be it product, substrate, 

cofactor, or an externally added dye, and the method of monitoring this probe over time, 

through UV absorption or fluorescent emission, are vitally important assay components. 

Additionally, the acquisition and solubility properties the assay’s molecular probe are 

important considerations. For example, the product may have a unique fluorescent 

emission spectrum, but the substrate molecule may be unavailable for purchase or require 

a complicated, low-yield synthesis. Also, since most substrates are small organic 

compounds, many do not readily solubilize in water-based buffers. As such, their 

solubilization requires organic solvents and adding these solvents during the assay could 

precipitate the enzyme and render the assay inoperable. Consequentially, the effects of 

adding the solvent alone in the assay must be tested. Along these lines, the other factors 

affecting enzyme stability such as pH, temperature, salt concentration and if necessary, 

the affects of dilution, must also be optimized. Once an appropriate sample of enzyme 

has been prepared, a series of enzyme concentrations are tested to find the linear range of 

the molecular probe’s formation or consumption. This determines the total enzyme 

concentration to be used in the final assay. When all the experimental design elements are 

established, the assay is carried out and the initial rate data collected. Once the assay 

produces precise, repeatable results, the data is analyzed.  
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3.1.2 Data Analysis 

After acquiring the initial rate data, a few modifications are needed to arrive at the 

kinetic parameters. In the steady-state experiment the raw data produces a plot of product 

formation versus time. The complex shape of this curve, however, can be difficult to 

analyze, so the data is transformed and can be analyzed in two ways. In the first method, 

the data is derivatized to the concentration (or moles) of product per time, referred to as 

initial velocity, and plotted as a function of substrate concentration. The resulting 

hyperbolic plot is fit using the nonlinear regression hyperbolic Michaelis-Menten 

equation. (6) 

 

!! =       
!!"#[!]
! +   !!

 

 

 The kinetic parameters !!"# and !! are extracted from the curve, where !!"# is 

the maximum velocity and !! is the substrate concentration at half the !!"#. In the 

second method, a double-reciprocal plot of 1/!! versus 1/[S], called a Lineweaver-Burke 

plot, linearizes the hyperbolic data. The kinetic parameters are easily determined from 

this plot, as !!"# is 1/y-intercept and !! is -1/x-intercept. Unfortunately, the data points 

are assumed to have constant error in the initial velocity data, preventing evaluation by 

linear regression. As such, the data points are unevenly weighted and this type of plot is 

not a reliable method for determining the kinetic parameters. Therefore, the nonlinear fit 

to the hyperbolic Michaelis-Menten equation is used to obtain !!"#  and !!. 

Subsequently, !!"# is calculated by dividing !!"# by the total enzyme concentration, 

!! . Finally, the catalytic efficiency is computed by dividing !!"# by !!. 
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3.1.3 Steady State Kinetics: Reactions and Assumptions 

Before reviewing the meaning of the kinetic parameters, this section provides and 

an overview of the steady-stare assumptions leading to the Michaelis-Menten equation. 

The foundation of steady-state kinetics is based on the irreversible single-substrate 

enzyme catalyzed reaction:  

 

 

 

In this reaction, the first step shows the binding of enzyme (E) with substrate (S) to form 

an enzyme-substrate complex (ES). Subsequently, the product (P) is formed and released 

from the enzyme in the second, catalytic step. The rate constants for these reactions 

represent the rate of associate, !!, the rate of dissociation (or catalysis), !!  (a.k.a !!"#), 

and the rate of re-dissociation, !!!. In order to quantify these rate constants a series of 

assumptions are made. First, the rate of catalysis, !!, is assumed to be small compared to 

!! and !!! and second that the reverse reaction rate, of product to substrate, is negligible. 

The rate equations, then, are represented by:  

 

!! = !! ! !  

 

!!! = !!! !"  

 

!! = !! !"  

 

E + S ES E + P
k1

k-1

k2
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where ! is the reaction rate, or more commonly referred to as the reaction velocity. !!  

represents the rate of ES formation and !!! is the rate of ES dissociation.  !!, however, 

signifies the other rate of ES dissociation and is known as the initial rate. From these 

assumptions, the course of product formation, substrate consumption, and the respective 

E and ES complex formation and depletion each can be plotted as concentration versus 

time. (Figure 3.1) The product formation curve shows an initial lag, trailed by a time of 

linear increase ending in a plateau resulting from substrate depletion, and, the reverse is 

true for the substrate consumption curve. The hallmark of this plot, however, is that the 

curve for ES increases briefly as E is consumed, and then the concentration of this 

complex remains constant, or steady, until the reaction finishes and E is regenerated upon 

product release.  

 

Figure 3.1: Concentration vs time plot for the irreversible single-substrate enzyme 
catalyzed reaction. The dotted line represent total enzyme concentration 
( !! ) (7) 
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$#"
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The time during which the concentration of ES remains constant is where the steady-state 

assumption occurs, which allows simplification of the rate equations to yield the final 

Michaelis-Menten equation. During the steady-state period, the change in [ES] over time 

is equal to zero, and therefore the rate of [ES] formation is equal to the rate of [ES] 

dissociation, signified by: 

 

  !! ! ! =   !!! !" +   !! !"  

 

Since the concentrations of [E] and [ES] cannot be experimentally differentiated, the only 

the concentration known is their summation, called the total enzyme concentration !! : 

 

!! = ! + !"  

 

so the equation becomes: 

 

!! ! !! − !" = !!! !" + !! !"  

 

Rearrangement to solve for [ES], then, yields: 

 

!" =
!!  [!!][!]

!!! + !! + !![!]
    →     

!! [!]

! +   !!!!!!
!!
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Furthermore, recall that !! denotes initial velocity, represented by !! = !! !" , and the 

above equation becomes:  

 

!! =         
!! !! [!]

! +   !!!!!!
!!

 

 

This equation can be further simplified by two additional assumptions. The first is that 

during the course of the reaction, the substrate concentration will greatly exceed the total 

enzyme concentration, i.e. ! ≫    !! . Theoretically this means that all of the enzymes 

are bound with substrate at the maximum rate, called !!"#, hence:  

 

!! = !! !"   → !!"# = !! !!  when   !" = !!  

 

Second, is the grouping of the rate constants into one constant  !!: 

 

!! =   
!! + !!!

!!
 

 

Incorporating the previous two assumptions leads to the final Michaelis-Menten equation:  

 

!! =         
!! !! [!]

! +   !!!!!!
!!

  →   
!!"#[!]
! +   !!

   

 

Finally, three other considerations arise as a consequence of this steady-state analysis. 

First, the initial chemical reaction does not account for product inhibition. Second, the 

substrate-binding event cannot induce any type of cooperative behavior. Lastly, the 
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binding of substrate cannot cause allosteric changes in the enzyme. As such, any enzyme 

mechanisms known to include these elements cannot be analyzed by steady-state kinetics. 

Otherwise, the analysis of enzyme rates by the Michaelis-Menten equation can be used to 

derive important kinetic parameters. 

 

3.1.4 Meaning of the Michaelis-Menten Steady State Parameters 

Enzyme rate analysis using the steady-state assumptions yields four important 

kinetic parameters: !!"#, !!, !!"#, and !!"# !! known as catalytic efficiency. The first 

of these, !!"#, is the maximum velocity achieved during enzyme catalysis and typically 

has units of moles of product per second. Due to the assumption that all enzyme active 

sites are occupied with substrate at the !!"# this number is strictly theoretical, however, 

the value for !!"# facilitates the assessment of the other kinetic parameters. !!, for 

instance, is the substrate concentration at half the !!"#. !! is constant for an enzyme at 

stable pH and temperature and has units of molarity, !. Recall that !! is the 

combination of the rate constants:  

 

!! =   
!! + !!!

!!
 

 

Under the steady-state assumption that !! is much smaller than !! and !!!, !! is 

indicative of the binding affinity of enzyme to substrate.  

 

!!   ≪ !!  !"#  !!!, !ℎ!"  !! =   
!!!
!!

 

 



 148 

 In such a case, a large value of !! signifies that !! ≪   !!! and thus suggests weak 

binding of substrate to enzyme. The reverse of this where !! ≫   !!! would result in 

small value of !! and imply a tight binding event between the enzyme and substrate. On 

the other hand, if this steady-state assumption fails, then, a large !! value could result in 

the case of an exceedingly large !!. The next kinetic parameter, !!"#, also known as the 

turn-over number, has units of per second, !!!, and is the quotient of dividing !!"# by 

the total enzyme concentration !! : 

 

!!"# =   
!!"#
[!!]

 

 

Under saturating substrate conditions, a requirement of steady-state kinetics, !!"# is a 

measure of the maximum product formed per time and per enzyme. !!"# signifies the rate 

at which catalytic events occur, and thus the larger the !!"# the more enzyme catalyzed 

reactions occur per second. Finally, yet most important, is the unification of !! and !!"# 

in a ratio of:  

 
!!"#
!!

 

 

This equation results in the catalytic efficiency of the enzyme in units of !!!  !!! and is 

used to compare enzymes, or to compare the catalysis of different substrates with the 

same enzyme. In the case of the latter, this ratio is sometimes called the specificity 

constant. Catalytic efficiency values are referenced to the rate of diffusion, 10! ∼

  10!  !!!  !!!. (8) Enzyme with a catalytic efficiency near the rate of diffusion are 

considered ‘catalytically perfect.’ 
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This chapter features the enzyme kinetic analysis of Tautomerase I and II with 

two of the proposed substrates: the benzene metabolite, 2-hydroxymuconate, and the 

toluene metabolite, 5-methyl-2-hydroxymuconate. The enzyme activities were assessed 

by steady-state kinetic methods and the resulting kinetic parameters are discussed.  

 

The introduction to this chapter was adapted from references 1, 4, and 7. 

 

3.2 MATERIALS AND METHODS 

 

3.2.1 Materials 

Chemicals, biochemicals, buffers and solvents were obtained from Sigma-Aldrich 

Chemical Co. (St. Louis, MO), Fischer Scientific Inc. (Pittsburg, PA), Fluka Chemical 

Corp. (Milwaukee, WI), or EM Science (Cincinnati, OH). Centricon filter devices were 

purchased from Millipore Co. (Billerica, MA). E. coli BL21 (DE3) and BL21 (DE3) 

OverExpress were obtained from Stratagene (La Jolla, CA). Isopropyl-β-D-

thiogalactoside (IPTG) was obtained from Gold BioTechnologies, Inc. (St. Louis, MO).  

The Phenyl Sepharose CL-4B, DEAE-Sepharose, and SP-Sepharose Fast Flow resins 

were purchased from Sigma-Aldrich (St. Louis, MO) The pre-packed PD-10 Sephadex 

G-25 columns were obtained from GE Healthcare (Buckinghamshire, UK). The Econo-

Column chromatography columns were purchased from Bio-Rad Laboratories, Inc. 

(Hercules, CA). The substrate for kinetics: 2-hydroxymuconate and 5-(methyl)-2-

hydroxymuconate were graciously gifted from Dr. Chris Whitman’s research group in the 

Department of Medicinal Chemistry at the University of Texas in Austin.  
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3.2.2 General Methods 

An Agilent 8452A Diode Array spectrophotometer was used to collect kinetic 

data using UV absorbance at 24 °C. The kinetic data was fit using nonlinear regression 

data analysis of the GraFit program (Erithacus Software Ltd., Staines, U.K.) obtained 

from Sigma-Aldrich. Protein concentrations were determined using Beer’s Law and the 

method described by Waddell. (11) Glycine SDS-PAGE analysis of proteins was carried 

out using 15% gels, in denaturing conditions, in a Bio-Rad Mini-Protean II gel 

electrophoresis apparatus (Hercules, CA). 

 

3.2.3 Tautomerase I Methods 

The following details the methods developed for the steady-state kinetic 

characterization of Tautomerase I with the benzene and toluene metabolites. 

 

3.2.3.1 Enzyme Assays with 2-hydroxymuconate and 5-methyl-2-hydroxymuconate  

Tautomerase I was purified using the protocol outlined in Chapter 2, in Buffer B 

(20 mM potassium phosphate pH 7.3, 50 mM KCl), and was assayed with 2-

hydroxymuconate and 5-methyl-2-hydroxymuconate. These substrates were gifted from 

Chris Whitman’s lab. Stock solutions of 2-hydroxymuconate (20 mM) and 5-methyl-2-

hydroxymuconate (20 mM) were made in 100 % ethanol and were incubated on ice for ~ 

10 min. These stock solutions were then diluted in 100 % ethanol to a final concentration 

of 10 mM for both 2-hydroxymuconate and 5-methyl-2-hydroxymuconate, and kept on 

ice for the duration of all kinetic assays. Since the tautomerization of both 2-

hydroxymuconate and 5-methyl-2-hydroxymuconate yield products that absorb at 236 
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nm (2-oxo-3-hexenedioate, ε = 6580 M-1 cm-1 and 2-methyl-5-oxo-3-hezenediaoate, ε = 

11,980 M-1 cm-1, respectively), the linear UV absorbance range at 236 nm was determined 

for 2-hydroxymuconate (10 to 160 μM) and 5-methyl-2-hydroxymuconate (40 to 360 

μM). (10) The molar absorptivity of 2-methyl-5-oxo-3-hezenediaoate was adjusted due to 

the equilibrium composition as determined by 1H NMR spectroscopy, (43% 5-methyl-2-

hydroxymuconate, 24% 2-methyl-5-oxo-3-hezenediaoate, and 33% 5-methyl-2-oxo-4-

hexenedioate). (3) These and all subsequent kinetic trials were carried out in 10 mM 

potassium phosphate buffer (pH 7.3) and run at 24 °C. From here, an initial screening of 

enzyme concentrations identified the optimal enzyme concentration for the 2-

hydroxymuconate and 5-methyl-2-hydroxymuconate trials to be 1.62 nM and 16.1 nM, 

respectively. The initial rate of tautomerization from 2-hydroxymuconate to 2-oxo-3-

hexenedioate was measured by following the increase in UV absorbance at 236 nm using 

1.61 nM Tautomerase I. The non-enzymatic rate of tautomerization of 2-

hydroxymuconate to 2-oxo-3-hexenedioate was measured as described for the enzymatic 

initial rate data collection, however, the substrate was added to 10 mM potassium 

phosphate buffer (pH 7.3) without enzyme. Fresh dilutions of 16.1 nM Tautomerase I (50 

mL) were made from a stock (1.47 μM) equilibrated for 1 h in 10 mM potassium 

phosphate pH 7.3, and allowed to equilibrate for an additional 5 min prior to the 

experiment. In the subsequent trial, the tautomerization of 5-methyl-2-hydroxymuconate 

to 2-methyl-5-oxo-3-hezenediaoate was measured by following the increase in 

absorbance at 236 nm using 16.1 nM Tautomerase I. For this experiment, a 1.61 μM 

stock solution of Tautomerase I in 10 mM potassium phosphate, pH 7.3 was equilibrated 

for 30 min prior to making the final dilution to a 16.1 nM solution of Tautomerase I (30 

mL, 10 mM potassium phosphate, pH 7.3). The final dilution was allowed to equilibrate 

for 6 min prior to testing the initial rates of this reaction. For all kinetic runs measuring 
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initial rate, the substrate was added to aliquots (1 mL) drawn from the Tautomerase I 

enzyme solution. Assays were repeated at least three times. 

 

3.2.4 Tautomerase II Methods 

The methods established for kinetic assessment of Tautomerase II, with the 

benzene and toluene metabolites are detailed here. 

 

3.2.4.1 Enzyme Assays with 2-hydroxymuconate and 5-methyl-2-hydroxymuconate  

Tautomerase II, purified using the protocol detailed in Chapter 3, was exchanged 

into Buffer B (described above) prior to kinetic assessment with 2-hydroxymuconate and 

5-(methyl)-2-hydroxymuconate. The kinetic assays for Tautomerase II were executed as 

described for Tautomerase I, with some minor differences. For the initial screening, the 

optimum enzyme concentrations for the 2-hydroxymuconate and 5-methyl-2-

hydroxymuconate assays were determined to be 162 nM and 111 nM, respectively. Fresh 

dilutions of 162 nM Tautomerase II (10 mM potassium phosphate, pH 7.3, 50 mL), were 

made from a 5.99 μM stock and allowed to equilibrate for < 5 min prior to each assay 

with 2-hydroxymuconate. For the tautomerization of 5-methyl-2-hydroxymuconate to 2-

methyl-5-oxo-3-hezenediaoate, a 4.43 μM stock solution of Tautomerase II equilibrated 

for 30 min prior to the final 111 nM dilution in 10 mM potassium phosphate, pH 7.3 (30 

mL). The final dilution equilibrated for 5 min prior to testing the initial rates of this 

reaction. For all kinetic runs measuring initial rate, the substrate was added to aliquots (1 

mL) drawn from the final Tautomerase II enzyme stock. Assays were repeated at least 

three times. 
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3.2.5 Data Analysis with GraFit 

The initial rates, measured in AUs, were converted to μmol product/s and plotted 

as a function of substrate concentration. The non-enzymatic rates of 2-hydroxymuconate 

to 2-oxo-3-hexenedioate were subtracted from the enzymatic initial rate data for both 

Tautomerase I and II. The non-enzymatic rate for the tautomerization of 5-methyl-2-

hydroxymuconate to 2-methyl-5-oxo-3-hezenediaoate could not be measured consistently 

and was not taken into account for the final rate data for this reaction. Non-linear 

regression analysis was used to fit the data in the GraFit program (Erithacus Software 

Ltd., Staines, U.K.) obtained from Sigma-Aldrich. The kinetic parameters calculated 

from this data are listed in Table 3.6.  

 

3.3 RESULTS 

The benzene metabolite, 2-hydroxymuconate, and the toluene metabolite, 5-

methyl-2-hydroxymuconate were two proposed substrates for the putative 4-

oxalocrontonate tautomerase enzymes of Methylibium petroleiphilum based on operon 

context and prior single carbon source growth data. As such, the rates of tautomerization 

were assayed with Tautomerase I and Tautomerase II to determine the kinetic parameters. 

The results of these are compared to other kinetically characterized 4OT isozymes. 

 

3.3.1 Kinetic Results for Tautomerase I 

To begin, the kinetic parameters measured for Tautomerase I with 2-

hydroxymuconate are compared with the 4OT sub-family 1 members: the canonical 4OT 

from P. sp. CF600, hh-4OT from C. aurantiacus, and TomN from S. achromogenes. 

(Table 3.1) (2, 3, 10) These enzymes were chosen for comparison because, like 
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Tautomerase I, they all have the canonical catalytic residues (Pro1, Arg11, Arg39 and 

Trp/Phe50) and have been assayed with 2-hydroxymuconate. First, in comparison with 

4OT the catalytic efficiency of Tautomerase I is not only on the same order of magnitude, 

107 M-1sec-1, but also only 2-fold smaller than the canonical 4OT. Since the !!"# value for 

Tautomerase I is in good agreement with the !!"# reported for 4OT, 4580 sec-1 versus 

4000 sec-1, respectively, the differences in catalytic efficiency stems from the 2-fold 

increase in !! for Tautomerase I. (3) In general, the kinetic results of Tautomerase I are 

most similar to those reported for hh-4OT. The !!"# for Tautomerase I is 1.5-fold higher  

 

 

 

Table 3.1: Kinetic parameters of the 4OT sub-family 1 members with the benzene 
metabolite (2-hydroxymuconate). (2, 3, 10) The steady-state kinetic 
parameters were obtained in 10 mM potassium phosphate buffer (pH 7.3) at 
24 °C. Errors are standard deviations from a minimum of three assays.  

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase I! 4580 ± 170 ! 137 ± 9! 3.3 x 107 !

Tautomerase II! 18.5 ± 0.7 ! 60 ± 6! 3.1 x 105 !

4-OT 3,10! 4000 ± 182 ! 62 ± 8 ! 6.5 x 107 !

hh4-OT 2! 3000 ± 100 ! 70 ± 8 ! 4.3 x 107 !
TomN 3! 1850 ± 630 ! 512 ± 225 ! 3.6 x 106 !
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Table 3.2: Kinetic parameters of the 4OT sub-family 1 members with the toluene 
metabolite (5-methyl-2-hydroxymuconate). (3) The steady-state kinetic 
parameters for were obtained in 10 mM potassium phosphate buffer (pH 
7.3) at 24 °C. Errors are standard deviations from a minimum of three 
assays. 

 

 

 

 

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase I! 107 ± 3 ! 105 ± 8! 1.0 x 106!

Tautomerase II! 3.4 ± 0.1 ! 211 ± 15! 1.6 x 104 !

4-OT 3! 111 ± 6 ! 125 ± 17 ! 8.9 x 105 !

TomN 3! 8.8 ± 0.7 ! 306 ± 45 ! 2.9 x 104 !
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5-methyl-2-hydroxymuconate 2-methyl-5-oxohex-3-enedioate
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and the !! is 2-fold lower compared to hh-4OT, thus the catalytic efficiencies between 

these enzymes, 3.3 x 107 M-1sec-1 (Taut. I) and 4.3 x 107 M-1sec-1 (hh-4OT), are essentially 

the same. (2) The greatest differences are seen between Tautomerase I and TomN where 

a 9-fold increase in !!"#/!! for Tautomerase I results from a 2.5-fold higher !!"# and 3.7 

fold lower !!.  

The kinetic results from the 5-methyl-2-hydroxymuconate assay with 

Tautomerase I are compared with only two of the above 4OT sub-family 1 members, 

4OT and TomN, as hh-4OT was not tested with this substrate. (Table 3.2) First, in 

comparison with 4OT, the !!"# values for these enzymes, 107 ± 3 sec-1 (Taut. I) and 111 

± 6 sec-1 (4OT), are within the respective standard deviation and hence are essentially the 

same. (3) Similarly, the !! values of 105 ± 8 μM and 125 ± 17 μM, for Tautomerase I 

and 4OT, respectively, are also the same. (3) As such, the catalytic efficiency values for 

5-methyl-2-hydroxymuconate with Tautomerase I and 4OT are not statistically different, 

1.0 x 106 M-1sec-1 and 8.9 x 105 M-1sec-1, respectively. (3) These values, however, are 

significantly lower than those reported with 2-hydroxymuconate. In comparison with 

TomN, however, the results are more striking.  The catalytic efficiency for Tautomerase I 

is 34-fold higher than the TomN catalytic efficiency, which results from the 12-fold 

increase in !!"# and a 3-fold decrease in !! of Tautomerase I.  

A comparison of kinetic parameters between 2-hydroxymuconate and 5-methyl-2-

hydroxymuconate with Tautomerase I reveals substantial differences between the 

substrates. (Table 3.3) The catalytic efficiency, or specificity constant in this case, for 2-

hydroxymuconate is 33-fold higher than that for 5-methyl-2-hydroxymuconate. Even 

though the !! for 2-hydroxymuconate is only 1.3-fold greater, the greatest contribution 

to this striking difference comes from the 43-fold increase in !!"# for 2-hydroxymuconate 

with Tautomerase I.   
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Table 3.3: Kinetic parameters comparison of the benzene metabolite (2-
hydroxymuconate) and toluene metabolite (5-methyl-2-hydroxymuconate) 
with Tautomerase I. The steady-state kinetic parameters were obtained in 10 
mM potassium phosphate buffer (pH 7.3) at 24 °C. Errors are standard 
deviations from a minimum of three assays. 

 

 

 

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase I! 107 ± 3 ! 105 ± 8! 1.0 x 106!
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5-methyl-2-hydroxymuconate 2-methyl-5-oxohex-3-enedioate

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase I! 4580 ± 170 ! 137 ± 9! 3.3 x 107 !
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3.3.2 Kinetic Results for Tautomerase II 

The kinetic assay of the benzene metabolite, 2-hydroxymuconate, with 

Tautomerase II reveals further deviations when compared to 4OT, hh-4OT, and TomN. 

(Table 3.1) First, in comparison to 4OT, the catalytic efficiency for 2-hydroxymuconate 

is 210-fold lower in Tautomerase II. Interestingly, the !! values for Tautomerase II and 

4OT are essentially the same, with respective values of 60 ± 6 μM and 62 ± 8 μM. (3) 

Therefore the major contributing factor to the catalytic efficiency is the dramatic 216-fold 

decrease in !!"#. Comparisons with hh-4OT show similar results to the 4OT comparison. 

Here, a 138-fold depreciated catalytic efficiency, for Tautomerase II primarily results 

from the 162-fold decrease in !!"#, because the !! values are directly comparable: 60 ± 

6 μM (Taut. II) and 70 ± 8 μM (hh-4OT). (2) There is also a greater difference between 

the !!"# values of TomN and Tautomerase II, 1850 sec-1 and 18.5 sec-1, respectively. (3) 

The difference in catalytic efficiency between these two enzymes is only ~12-fold which 

is the result of a 8.5-fold lower !! for Tautomerase II, as compared with TomN.  

While the kinetic differences between Tautomerase II and other 4-OT subfamily-1 

members for 2-hydroxymuconate are dramatically different, they are not without 

precedent. The activity of Tautomerase II for 2-hydroxymuconate is most similar to that 

of Ywhb, the 4OT homologue from Bacillus subtilis, and a member of the 4OT sub-

family 2. A comparison of catalytic efficiencies of these enzymes reveals a 13-fold 

difference. While, Tautomerase II has a 16-fold lower !! compared to Ywhb; the 

discrepancy in their !!"# values is very small, 18.5 ± 0.1 sec-1(Taut. II) and 26.0 ± 1.4 sec-

1 (Ywhb). (Table 3.4) (9)  

Next, the results from the toluene metabolite, 5-methyl-2-hydroxyuconate, and 

Tautomerase II assay are compared with 4OT and TomN. (Table 3.2) The differences in 

kinetic parameters between 4OT and Tautomerase II are not as sizeable when comparing 
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the same parameters with the results from the 5-methyl-2-hydroxymuconate assays, than 

with those of the 2-hydroxymuconate assays. Here, the catalytic efficiency for 

Tautomerase II is only 56-fold lower than the catalytic efficiency for 4OT. This 

significant difference primarily stems from the 33-fold decrease in !!"# for Tautomerase 

II, since the !! values for Tautomerase II is only 1.7-fold higher than !! for 4OT. On 

the other hand, the kinetic parameters for TomN are strikingly similar to Tautomerase II. 

The respective values calculated for catalytic efficiency values of 1.6 x 104 M-1sec-1 for 

Tautomerase II and 2.9 x 104 M-1sec-1 for TomN, result from only a 2.7 fold decrease in 

!!"# and a 1.5 fold decrease in !! for Tautomerase II. (3) 

Comparing the kinetic parameters from the 2-hydroxymuconate to 5-methyl-2-

hydroxymuconate assays with Tautomerase II exposes small, but appreciable differences. 

(Table 3.5) The catalytic efficiency for 2-hydroxymconate is 19-fold greater than that of 

5-methyl-2-hydroxymuconate. The !!"# and !! values both contribute significantly to 

this disparity, where the !!"# and !! are 5-fold higher and 3.5 fold lower, respectively, 

with the 2-hydroxymuconate substrate. 
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Table 3.4: Kinetic parameters comparison of Tautomerase II and YwhB with the 
benzene metabolite (2-hydroxymuconate). (9) The steady-state kinetic 
parameters were obtained in 10 mM potassium phosphate buffer (pH 7.3) at 
24 °C. Errors are standard deviations from a minimum of three assays. 

 

 

 

 

 

 

 

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase II! 18.5 ± 0.7 ! 60 ± 6! 3.1 x 105 !

Ywhb 9! 26.0 ± 1.4 ! 940 ± 70 ! 2.8 x 104 !
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Table 3.5: Kinetic parameters comparison of the benzene metabolite (2-
hydroxymuconate) with the toluene metabolite (5-mehtyl-2-
hydroxymuconate) using the Tautomerase II enzyme. The steady-state 
kinetic parameters were obtained in 10 mM potassium phosphate buffer (pH 
7.3) at 24 °C. Errors are standard deviations from a minimum of three 
assays. 

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase II! 18.5 ± 0.7 ! 60 ± 6! 3.1 x 105 !
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Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase II! 3.4 ± 0.1 ! 211 ± 15! 1.6 x 104 !

!"#$%&'(")'

OH

O

O

O

O O

O

O

O

OCH3

CH3 CH3!%*#'+'
5-methyl-2-hydroxymuconate 2-methyl-5-oxohex-3-enedioate



 162 

3.3.3 Kinetic Parameter Comparison between Tautomerase I and Tautomerase II 

A comparison of the kinetic parameters of both substrates, 2-hydroymuconate and 

5-methyl-2-hydroxymuconate, identifies a significantly higher catalytic efficiency for 

Tautomerase I with both substrates. (Table 3.6) Even though Tautomerase II 

demonstrated a 2-fold lower !! for 2-hydroxymuconate, the turnover number for 

Tautomerase I was 248-fold greater with 2-hydroxymuconate. These data result in a 100-

fold increase in catalytic efficiency for Tautomerase I. Similar results were seen with 5-

methyl-2-hydroxymuconate, although less pronounced. With this substrate, a 63-fold 

higher catalytic efficiency for Tautomerase I resulted from the 31-fold increase in 

turnover number and a 2-fold decrease in the !!.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 163 

 

 

Table 3.6: Kinetic parameters comparison Tautomerase I and Tautomerase II with the 
benzene metabolite (2-hydroxymuconate) and the toluene metabolite (5-
mehtyl-2-hydroxymuconate). Both Tautomerase I and II “like” the benzene 
metabolite than the toluene metabolite. The steady-state kinetic parameters 
were obtained in 10 mM potassium phosphate buffer (pH 7.3) at 24 °C. 
Errors are standard deviations from a minimum of three assays. 
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Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase I! 4580 ± 170 ! 137 ± 9! 3.3 x 107 !

Tautomerase II! 18.5 ± 0.7 ! 60 ± 6! 3.1 x 105 !

Enzyme! kcat (s-1)! Km (µM)! kcat/Km (M-1 s-1)!

Tautomerase I! 107 ± 3 ! 105 ± 8! 1.0 x 106!

Tautomerase II! 3.4 ± 0.1 ! 211 ± 15! 1.6 x 104 !
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3.4 DISCUSSION 

Testing the kinetic activities of Tautomerase I and II towards toluene and benzene 

metabolites was absolutely essential to the central hypothesis of this work. The structural 

characterization of these enzymes confirmed their status as members of the 4OT 

subfamily-1, as they form the canonical trimer of dimers with the overall α-β barrel fold 

forming six active sites. In addition to the conserved fold, all the key catalytic and 

substrate binding elements, including Pro1, Arg11, Arg39 and Phe/Trp50, the results of 

the activity-based assays are particularly intriguing. All previously characterized 4OT 

sub-family 1 enzymes, 4OT from P. sp. CF600, TomN from S. achromogenes, and hh-

4OT from C. aurantiacus show impressive catalytic efficiencies towards the canonical 

substrate 2-hydroxymuconate, also referred to as the benzene metabolite. As Tautomerase 

I and II possess all the classical 4OT attributes, their capacity to catalyze the 

tautomerization of 2-hydroxymuconate was expected to be on the same order of catalytic 

efficiency as these enzymes. Tautomerase I does share the same exemplary catalytic 

efficiency on the order of 107 M-1sec-1, towards the benzene metabolite despite a 2-fold 

increase in the !! compared to 4OT and  hh-4OT. This suggests that Tautomerase I does 

not bind the transition state as tightly as these 4OT enzymes. The catalytic efficiency for 

Tautomerase II, however, is 2 orders of magnitude lower (105 M-1sec-1) than all 

characterized 4OT sub-family 1 enzymes to date. Interestingly, the !!  for Tautomerase 

II is within the standard deviation of hh-4OT and 4OT, both of which have the lowest 

recorded !! values. As such, the decreased catalytic efficiency of Tautomerase II stems 

from its !!"# value, which is 100-fold lower than the next closest !!"# recorded for 

TomN. Moreover, the !!"# for Tautomerase II is strikingly similar to that recorded for 

Ywhb a 4OT homologue from B. subtilis, which contains a valine at residue number 

thirty-nine rather than the canonical arginine in this position. The !! for Ywhb, however, 
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is 16-fold higher than that of Tautomerase II. These results are puzzling, considering 

mutational studies of 4OT identified Pro1, Arg11 and Arg39 as essential for catalysis and 

of these three, only Arg11 is implicated in substrate binding. Taken together, this 

suggests that while Tautomerase II binds 2-hydroxymuconate, either the tautomerization 

reaction is slow or the release of the product is slow. In either case, other residues most 

likely contribute to the binding and/or impede catalysis within the Tautomerase II active 

site. Recalling that 2-hydroxymuconate is not likely to be a primary substrate for YwhB 

renders the results from Tautomerase II even more noteworthy. Overall, among the 4OT 

enzymes discussed here, the order of catalytic efficiency from most efficient to least for 

the benzene metabolite is: 4OT, hh-4OT, Tautomerase I, TomN, Tautomerase II and then 

Ywhb; though hh-4OT and Tautomerase I are essentially identical. Furthermore, 

Tautomerase I clearly catalyzes the tautomerization of 2-hydroxymuconate more 

efficiently than Tautomerase II. 

While the results from the benzene metabolite assays are fascinating; the results 

from the toluene metabolite, 5-methyl-2-hyrodxymuconate kinetic assays yielded further 

insights. Of the afore mentioned 4OT enzymes, only 4OT and TomN were previously 

tested with this substrate. The results for Tautomerase I and 4OT are essentially same; as 

the !!"# and !! are very similar. These two enzymes also have the highest catalytic 

efficiencies recorded for this substrate, at ~106 M-1sec-1. The difference in !!"# values 

between 2-hydroxymuconate and 5-methyl-2-hydroxymuconate for Tautomerase I and 

4OT make the most significant contributions to the difference in catalytic efficiency 

between these two substrates. Here, the !!"# for 5-methyl-2-hydroxymuconate with 4OT 

and Tautomerase I are 36 and 42-fold lower than those recorded for 2-hydroxmuconate 

respectively. In addition, 4OT shows a 2-fold decrease in !!, but this parameter is 

relatively unchanged in Tautomerase I. These results suggest that Tautomerase I can bind 
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both 2-hydroxymuconate and 5-methyl-2-hydrozymuconate with the same ease but 

performing the tautomerization reaction may require more time with the toluene 

metabolite. The kinetic parameters for the toluene metabolite with Tautomerase II and 

TomN, on the other hand, are also strikingly similar. Although the !!"# for Tautomerase 

II is ~ 2.5 fold lower, the !! for this enzyme is 1.5-fold lower than TomN; thus the 

catalytic efficiencies for these two enzymes are on the order of 106 M-1sec-1. While the 

catalytic efficiency for Tautomerase II for 5-methyl-2-hydroxymuconate is the lowest of 

the four enzymes, it also shows the smallest difference in !!"# between the two 

substrates, with only a 5-fold decrease in this parameter for the toluene metabolite. The 

change in !!, however, is the largest, with a 3.5-fold increase towards 5-methyl-2-

hydroxymuconate. This suggests that Tautomerase II catalyzes the tautomerization of 2-

hydroxymuconate more efficiently than 5-methyl-2-hydroxymuconate, although this 

substrate preference is not as marked as that for 4OT, TomN, and Tautomerase I. These 

enzymes instead show a clear preference for the 2-hydroxymuconate substrate. In 

conclusion, amongst these four enzymes, Tautomerase I and 4OT catalyze the 

tautomerization of the toluene metabolite with essentially the same efficiency, followed 

by TomN and then Tautomerase II in order of efficiency. Interestingly, all four enzymes 

show a marked decrease in catalytic efficiency of at least 20-fold with the toluene 

metabolite compared to 2-hydroxymuconate. Tautomerase I, however, clearly binds to 

and catalyzes the tautomerization of 5-methyl-2-hydroxymucaonte more efficiently than 

Tautomerase II. 

All in all, the kinetic results for Tautomerase I with 2-hydroxymuconate and 5-

methyl-2-hydroxymuconate establish this enzyme as an efficient tautomerase. The 

catalytic efficiency for Tautomerase II toward the benzene and toluene metabolites, 

although significantly lower than Tautomerase I, also confirms that this enzyme acts as a 
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tautomerase, although a modestly active one. Moreover, Tautomerase I clearly catalyzes 

the tautomerization of both substrates more efficiently than Tautomerase II. 
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Chapter 4:  Conclusions and Future Perspectives  

The overall goal of this research was to investigate the uncommon, broad-range 

catabolism of aromatic hydrocarbons by the bacteria Methylibium petroleiphilum. The 

expanded catabolic capacity of a few bacteria has been linked to the addition of 

seemingly redundant second upper pathway operons. Surprisingly, the addition of this 

upper pathway enzyme can increase the aromatic hydrocarbon substrate range 

metabolized by the bacterium. Methylibium petroleiphilum, however, has four upper 

pathway monooxygenases and two lower pathway meta-cleavage pathways. The 

implication of the rare addition of two extra monooxygenases and a complete meta-

cleavage pathway is two-fold. First, the increased number of upper pathway operons 

suggests that a broader substrate range could be filtered to the lower pathways. As 

filtering new substrates into a pre-existing lower pathway can led to dead-end products 

by these potentially substrate specific enzymes, the acquisition of two lower pathway 

operons could overcome this problem if these enzymes had less specific substrate binding 

affinities. Hence, the ability of Methylibium petroleiphilum to degrade a variety of 

aromatic hydrocarbons is hypothesized to stem from the presence of the additional upper 

and lower pathway enzymes. Since the addition of upper pathway monooxygenases has 

been shown to increase the substrate range, this study focused on the potentially 

increased substrate range of the lower pathway enzymes. The research presented in this 

dissertation concentrated on the molecular-level characterization of the 4OT enzymes 

within each dmp operon, Tautomerase I and II. Within the meta-cleavage pathway, the 

putative 4OT enzymes were an excellent choice for probing the hypothesis. First, the 

4OT family is known to be promiscuous with respect to substrate preference and 

catalysis. Furthermore, the sequence identity between Tautomerase I and II is the lowest 
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of all the redundant dmpI and dmpII enzymes, suggesting these enzymes may show the 

most significant distinctions in substrate preference. These small, stable, soluble enzymes 

are also amendable to many in vitro characterization techniques. As such, each putative 

4OT enzyme, Tautomerase I and II, was structurally and kinetically characterized. 

   

4.1 CONCLUSIONS AND FUTURE PERSPECTIVES 

The results of the structural and kinetic characterization of Tautomerase I and II 

provide preliminary insights into the potential substrate preferences of dmp operons and 

further characterize the tautomerase superfamily. First, the monomeric structures of 

Tautomerase I and II contain the canonical β-α-β motif, beginning with Pro1, which 

supports the addition of these proteins of the tautomerase superfamily. This is further 

reinforced by the hexameric trimer of dimers quaternary structure of both proteins, a 

hallmark of the 4OT family. The sequence alignment and active site structural alignment 

with the 4OT subfamily 1 members 4OT from Pseudomonas sp. CF600, hh-4OT from 

Chloroflexus aurantiacus J-10-fl, and TomN from Streptomyces achromogenes revealed 

the conserved positions of Pro1, Arg11, Arg39 and Phe/Trp50 residues that validated 

Tautomerase I and II as members of the first 4OT subfamily. Furthermore, the structural 

comparison of Tautomerase I and II with the 4OT sub-family 1 members highlighted 

several potentially important active site distinctions. First, the hydrophobic residues at the 

amino acid positions two, seven, twenty-seven, thirty-one, thirty-three and thirty-eight 

may be important for the establishing the altered pKa of Pro1. Since these residues are 

only conserved with respect to hydrophobicity, the distinct side chains might confer small 

differences in the final pKa of Pro1, which would account for the observed catalytic 

nuances. Investigation of the pKa of Pro1 for Tautomerase I and II, in conjunction with 
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mutational studies of these residues, could support this proposal. Furthermore, the 

alignment of these structures exposed an additional, non-conserved arginine residue in 

each structure, with the exception of hh-4OT: Arg37 (4OT), Arg61 (TomN), Arg34 

(Taut. II), andArg62 (Taut. I); this residue could function in a substrate binding capacity, 

and/or catalysis. As such, further kinetic assays with mutants of these residues would test 

this claim.  

While the structures of Tautomerase I and II reveal subtle differences, the results 

of the kinetic assays suggest substrate preferences. The greater catalytic efficiency of 

Tautomerase I towards the 2-hydroxymuconate intermediate implies that the benzene 

metabolite is a likely substrate for this enzyme. The catalytic efficiency of Tautomerase I 

towards 5-methyl-2-hydroxymuconate also suggests that this would be a reasonable 

substrate for Tautomerase I. However, the kinetic results for Tautomerase II are strikingly 

different, and indicate that neither 2-hydroxymuconate nor 5-methyl-2-hydroxymuconate 

is a likely substrate for this enzyme.  

Several possible scenarios arise from these conclusions. In accordance with the 

hypothesis, the dmpI operon could primarily catabolize benzene and toluene. Then, the 

dmpII operon would metabolize ethylbenzene and o-xylene. In this case, Tautomerase II 

would efficiently tautomerize the ethylbenzene and o-xylene metabolites over 

Tautomerase I. Further kinetic assays with Tautomerase I and Tautomerase II and the 

ethylbenzene and o-xylene metabolites would test this idea. Alternatively, the 

transcription of dmpII could be initiated by the presence of a different type of cyclic 

aromatic compound, such as polycyclic hydrocarbons, like naphthalene, or those with 

halogenated substitutions. Both the dmpI and dmpII operons possess a LysR family 

regulator gene known for controlling metabolism of chlorinated catechols. (1) Further 

kinetic assays testing chlorinated and polycyclic metabolites with Tautomerase I and II 
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would test this hypothesis. Also, the insertion of transposase proteins into the dmpII 

operon could indicate two other fates for these enzymes. First, these transposases could 

prohibit the transcription of dmpII. This scenario would indicate that all aromatic 

hydrocarbons are filtered through dmp operon I. Alternatively; the dmpII operon could 

serve as a metabolic reservoir for Methylibium petroleiphilum in which the dmpII operon 

is only transcribed in response to an extreme environmental stressor. In this situation, the 

dmpI operon also operates as the primary set of enzymes for the catabolism of aromatic 

hydrocarbons. In any case, continued kinetic testing of Tautomerase I and II would help 

distinguish between these possibilities.  

Future studies stemming from this work would benefit from crystallizing 

Tautomerase I and II with either the proposed BTEX substrates or with the irreversible 

inhibitor used with the 4OT from P. putida mt-2 and TomN from S. achromogenes. 

Examination of the active site with these molecules could also help differentiate between 

the proposed situations.  

Taken together, these results not only provide a foundation toward characterizing 

the catabolism of cyclic aromatic compounds in Methylibium petroleiphilum, but also 

significantly contribute to the characterization of the broader tautomerase superfamily, 

specifically the 4OT family. Moreover, the results of this investigation suggest that the 

dmpI operon preferentially metabolizes benzene and toluene. The full significance of the 

second dmp operon, however, remains unanswered but many exciting outcomes are 

possible. 
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Glossary 

 

!!"# !!   Catalytic efficiency 

!!"#   Turnover number 

!!   Michaelis-Menten constant, [S] at ½ !!"# 

!!"#   Maximal enzyme velocity 

2HM  2-Hydroxymuconate 

4OD  4-Oxalocrotonase decarboxylase 

4OT  4-Oxalocrotonate tautomerase 

A  Absorbance 

A.U.  Absorbance Units 

AD  Acetaldehyde dehydrogenase 

BLAST Basic Local Alignment Search Tool 

BTEX  Benzene, toluene, ethylbenzene, xylenes (all three isomers) 

C 1,2 O Catechol 1,2 dioxygenase 

C 2,3 O Catechol 2,3 dioxygenase 

C. aurant. Chloroflexus aurantiacus 

CaaD  trans-Chloroacrylic acid dehalogenase 

CHMI  5-Carboxymethy-2-hydroxymuconate isomerase 

cis-CaaD cis-3-Chloroacrylic acid dehalogenase 

D2O   Deuterium _2H20 

dmp  Dimethylphenol 

DNA  Deoxyribonucleic acid 

E  Enzyme 
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ES  Enzyme-Substrate Complex 

ESI-MS Electrospray ionization mass spectrometry 

h, s  hour, sec 

HEPES  N-(2-hydroxyethyl)piperazine-N’-2-ethanesulfonic acid 

hh-4OT Heterohexamer 4-oxalocrotonate tautomerase 

HMSD  2-Hydroxymuconate semialdehyde dehydrogenase 

HMSH  2-Hydroxymuconate semialdehyde hydrolase 

HOA  4-Hydroxy-2-isovalervalerate aldolase 

ICMB  Institute of Cellular and Molecular Biology 

IPTG   Isopropyl β-D-thiogalactoside 

K  Kelvin 

KCl  Potassium Chloride 

kDa   kilodalton 

Kn  Kanamycin 

LB  Luria Broth 

M  mol/Liter 

M. petrol. Methylibium petroleiphilum 

MAD  Multi-wavelength Anomalous Dispersion 

MCI  Muconate cycloisomerase 

MHz  Megahertz 

MIF  Macrophage inhibitory factor 

MIR  Multiple Isomorphous Replacement 

MLI  Muconolactone isomerase  

mm, nm millimeter, nanometer 

MR  Molecular Replacement 
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MSAD  Malonate semialdehyde decarboxylase 

MTBE  Methyl-tert-butyl ether 

MWT  Molecular Weight 

Na(COOH) Sodium Formate 

NADH  Nicotinamide adenine deoxyribonucleic acid 

NH4SO4 (AS) Ammonium Sulfate 

NMR   Nuclear magnetic resonance 

OD   Optical density 

OE  OverExpress cells  

OEH  4-Hydroxypent-2,4-dienoate hydratase 

P  Product 

P. putida Pseudomonas putida 

PAGE   Polyacrylamide gel electrophoresis 

PDB  Protein Data Bank 

PEG  Polyethylene glycol 

PEI  Polyethyleneimine 

PH  Phenol hydroxylase 

pI   Isoelectric point 

ppm   Parts per million 

r.m.s.d  Root mean square deviation 

RNA  Ribonucleic acid 

S  Substrate 

S. archrom. Streptomyces achromogenes 

SDS  Sodium dodecyl sulfate 

SSM  Secondary Structure Matching 
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Taut. I  Tautomerase I 

Taut. II  Tautomerase II 

TMO  Toluene monooxygenase 

TpMO  Toluene para-monooxygenase 

UV   ultraviolet 

β-K(CoA)Thiol. β-ketoadipate CoA thioloase 

β-K(CoA)Trans. β-ketoadipate CoA transferase 

β-KELH β-ketoadipate enol lactone hydrolase 

ε  Extinction coefficient 

Buffer A 20 mM HEPES pH 7.6, 50 mM KCl 

Buffer B 20 mM Potassium Phosphate pH 7.3, 50 mM KCl 

Buffer C 800 mM NH4SO4, 20 mM HEPES pH 7.6 

Buffer D 500 mM NH4SO4, 20 mM HEPES pH 7.6 

g  revolutions per minute 

c.v.  column volumes 
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